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L
Hirano S, Takeichi M. Cadherins in Brain Morphogenesis and Wiring. Physiol Rev 92:
597–634, 2012; doi:10.1152/physrev.00014.2011.—Cadherins are Ca2!-depen-
dent cell-cell adhesion molecules that play critical roles in animal morphogenesis.
Various cadherin-related molecules have also been identified, which show diverse
functions, not only for the regulation of cell adhesion but also for that of cell proliferation

and planar cell polarity. During the past decade, understanding of the roles of these molecules in
the nervous system has significantly progressed. They are important not only for the development
of the nervous system but also for its functions and, in turn, for neural disorders. In this review, we
discuss the roles of cadherins and related molecules in neural development and function in the
vertebrate brain.
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I. INTRODUCTION

Cell-cell contact and adhesion are a crucial process in the
development of multicellular organisms. Fertilized eggs give
rise to numerous cells that form tissues and organs, and
these cells must keep in physical contact with others for
their structural and functional communications. The ner-
vous system is one of the most complex and sophisticated
parts of the animal body, requiring various forms of cell-cell
contacts for its development and functions.

Complex neural networks in the nervous system were first
described in the late 19th century. Santiago Ramon y Cajal
described precise structures and organization of the nervous
system by using Golgi staining (254). Cajal and others claimed
the “neuron theory,” in which nerve cells are connected not by
protoplasmic bridges but by close contacts (150). Harrison
speculated that cell surface events might be involved in neural
connections (116). To explain the mechanisms of how such
complex neural wiring develops has been one of the major
issues in neuroscience for over a century.

The formation of neural networks is achieved by a series of
developmental processes, including cell fate determination,
proliferation, migration, differentiation, axon elongation,
pathfinding, target recognition, synaptogenesis, synapse elim-
ination, synaptic plasticity, and so on. Many of these steps
require cell-cell interactions, and cell-cell contacts provide a
platform for these cell-cell interacting processes. The cell-
adhesion molecules themselves often play active roles in cell-

cell interactions, such as in cell recognition and signal trans-
duction via their cytoplasmic domains. There are several ma-
jor families of cell-adhesion molecules, including the
immunoglobulin superfamily and cadherin superfamily.

Cadherins are a group of transmembrane proteins that were
originally identified as the cell-surface molecules responsi-
ble for Ca2!-dependent cell-cell adhesion (338, 339, 397).
Subsequently, various molecules sharing amino acid se-
quences with the cadherins were identified, and this group
of proteins is defined as the cadherin superfamily. The roles
of these molecules in the development of the nervous system
as well as in mature neurons have extensively been studied.
In this review article we overview the progress of these
studies, focusing on the vertebrate nervous system.

II. DEFINITION AND CLASSIFICATION OF
THE CADHERIN SUPERFAMILY

Cadherins are defined as transmembrane proteins whose ex-
tracellular domain has a repeated primary sequence termed
the “cadherin motif” or “cadherin repeat” (338), which has
more recently been referred to as the “cadherin EC domain.”
These molecules, which were initially identified as cadherins,
have five cadherin motifs/EC domains, and these cadherins are
now called the “classical cadherins.” The majority of the other
members of the cadherin superfamily have even more EC do-
mains (FIGURE 1). Cadherins require Ca2! for their functions,
and the cadherin motif contains conserved Ca2!-binding se-
quences such as AXDXD, LDRE, and DXNDN. Cadherin
molecules thus defined are detected throughout multicellular
animal species and even in unicellular choanoflagellates (243).
Whatever the origin of the cadherin superfamily is, cadherin
molecules have successfully evolved in the animal kingdom. In
humans, there are more than 110 cadherin superfamily mem-
bers.
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Ca2!(257), and the formation of such cis-dimers can actu-
ally be observed when cadherin-mediated adhesion takes
place (42, 343). Even a chimeric cis-heterodimer of N-cad-
herin and R-cadherin can be formed in L cells, and possibly
also in synapses overexpressing these molecules (304), al-
though its presence in native synapses remains unknown.
On the other hand, a recent study showed that cis-dimeriza-
tion is not mandatory for the trans-interactions between
classical cadherins (400). Whatever the case is, a pair of
monomers or cis-dimers derived from the apposed cells
should interact in trans configuration for adhesion.

For the trans-interaction, it is proposed that the extracellu-
lar domains first form a X-shaped trans-dimer near EC1-
EC2 (115) and then the tryptophan 2 (Trp2) residue in the
EC1 of one molecule adapts to the hydrophobic pocket of
the other molecule (115, 247, 251, 257, 305). This interac-
tion occurs reciprocally between the two interacting mole-
cules, and therefore is called “strand swap” or “strand ex-
change.” Although the trans-interaction at EC1s seems to
be a major occurrence (400), other EC domains may also
contribute to the trans-interactions between the cadherins
(52, 317, 360). The binding mechanisms between type II
cadherins are similar to those of type I cadherins, but two
tryptophan residues (Trp2 and Trp4) are inserted into the
hydrophobic pocket at the trans-interactions of type II cad-
herin EC1 domains (255).

Lateral clustering of cadherin molecules on the plasma mem-
brane is expected to strengthen cell adhesion and leads to the
development of junctional complexes (38, 137, 142, 392,
393). A study on desmosomal cadherins by electron tomogra-
phy suggested alternate cis- and trans-configurations, which
could make these molecules form clusters in a quasi-periodical
arrangement (10). However, this desmosomal model appears
not to be identical to the early observations on classical cad-
herins by electron microscopy, in which only sparsely posi-
tioned rodlike bridges rather than densely packed molecules
are seen in the extracellular space at the adherens junction
(FIGURE 2C) (131). Apparent differences in the images of ad-
herens junctions and desmosomes suggest that the model
based on the desmosome needs to be modified to explain the
structure of the adherens junction.

3. Cytoplasmic domain and cadherin-associated
molecules

The cytoplasmic domain of classical cadherins is important
for them to produce strong cell-cell adhesion (FIGURE 3).
Various molecules interacting with the cytoplasmic domain
have been identified, which include “catenins” as major
ones (see reviews in Refs. 176, 209, 233, 263) (TABLE 2).
There are three groups of catenins: !, ", and p120. The
"-catenin and p120-catenin groups directly bind the cad-

FIGURE 2. Cell-cell adhesion by classical cadherins. A: a simplified model of the cadherin-catenin complex. In
the cytoplasmic region, a cadherin binds p120-catenin and "-catenin. "-Catenin, in turn, binds !-catenin. This
cadherin-catenin complex interacts with the actin cytoskeleton via various mechanisms, and it also interacts
with many other molecules for regulating itself or for functioning as a signaling center for cell-cell communi-
cation. B: crystal structure of the ectodomain of C-cadherin. First, EC1s form an adhesion interface where
tryptophan residues are swapped with one another. [From Shapiro et al. (306), with permission from Annual
Review of Neuroscience.] C: deep-etch electron microscopic image of an intestinal adherens junction. Note
that rodlike bridges can be seen in the intercellular space (arrowheads). [Modified from Hirokawa and Heuser
(131).]
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1. Extracellular homophobic ligation

Hirokawa N. and Heuser J.E.  J. Cell Biol (1981) 91:399
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Molecular Model of Cadherin-based Adhesion: Summary 

Conclusions

• Cell-cell adhesion energy cannot be straightforwardly extrapolated 
from single molecule Cadherin interaction energy.

• Other features than extracellular Cadherin/Cadherin interaction 
kinetics and binding energy are required to account for cell 
sorting behaviour.

• Low affinity of single molecule Cadherin homodimerisation: role 
of molecule organisation in clusters? 

• Interaction with F-actin affects diffusivity of Cadherins: impact on 
clustering?

• Interaction with F-actin accounts for cell-cell force separation 
and cell sorting: integration of intra-/extra-cellular coupling. 
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Evolution of Cadherin based Adhesion: Summary

• Cadherin based Adhesion most likely evolved in 3 parallel steps:

1. Emergence of Cadherins involved in sensing external 
environment and signalling in organisms with facultative 
multicellularity (LCA to Metazoa and Choanoflafelates ?).

2. Emergence of Catenins and actin coupling involved in cell-
cell interactions and epithelial organisation (possibly in LCA to 
slime molds, Metazoa, choanos etc ?)

3. Functional coupling of Catenins and Cadherins (LCA to 
Sponges and Bilateria ?)

Review
315

Figure 2. Diverse Origins of Multicellularity

Multicellular and colonial species are found throughout the diversity of eukaryotic phyla (Bonner, 1998; Buss, 1987). Although some phyla are
strictly multicellular (e.g., land plants and animals), many more contain a mix of unicellular and multicellular forms. The apparent clustering
of multicellularity among related branches of the tree suggests the existence of heritable genomic features that facilitate the evolution of
higher order cellular interactions. With regard to animal origins, it is worth noting that the closest relatives, the choanoflagellates, are thought
to be primitively unicellular and have evolved the ability to form colonies in some species. Modified from Baldauf, 2003.

profoundly impacted early events in animal evolution algae), multicellularity appears in at least 16 indepen-
dent eukaryotic lineages. In some of these lineages (e.g.,and development.
Fungi) the relationships among diverse multicellular
and unicellular members suggest that multicellularityThe Ties that Bind evolved repeatedly after the initial radiation of the lin-

Although studies of the transition to multicellularity were eage and was subsequently lost in select taxa (Medina
once hindered by uncertainty regarding the evolutionary et al., 2001). In contrast, land plants and animals are
relationships among extant taxa, progress on three phy- entirely multicellular, suggesting that the transition from
logenetic issues has rekindled interest and opened up unicellularity occurred early in their evolutionary his-
new avenues of research. Here I briefly discuss recent tories.
findings regarding the phylogenetics of multicellular or- Three groups, the plants, amoebozoa, and opistho-
ganisms, the common ancestry of all Metazoa, and the konts, are particularly enriched for multicellularity,
close relationship between Metazoa and a special group whereas others (e.g., the excavates, rhizaria, and alveo-
of protozoa, the choanoflagellates. lates) are notably deficient. The clustering of multicellu-
Multiple Transitions to Multicellularity lar origins within closely related groups may indicate
To place the origin of animals from protozoa in context, that some genomes and some cell biologies have been
it is valuable to consider the relationships among multi- better building blocks for multicellularity than others.
cellular eukaryotes. Despite the challenges of inferring Additionally, the natural histories of some groups (e.g.,
the evolutionary relationships from among long-diverged their susceptibility to predation) may have generated
taxa, a consensus picture of eukaryotic phylogeny has greater or lesser selective advantages for colonial forms
emerged (Figure 2; Baldauf, 2003). Armed with a new over solitary cells. The key to understanding the founda-
understanding of the eukaryotic tree, we are now equipped tions of multicellularity and development in each multi-
to ask if all multicellular eukaryotes are related, reflecting cellular lineage is to have a clearer picture of its unicellu-
a single transition to multicellularity, or if their evolution- lar prehistory.
ary histories imply multiple independent origins of multi- Monophyly of Animals
cellularity. Mapping all known examples of multicellu- A central question regarding animal origins, then, is
larity onto this phylogenetic framework reveals its roots whether animals are monophyletic and owe their history
throughout eukaryotic diversity (Bonner, 1998; Buss, to a single transition to multicellularity, or polyphyletic,
1987). Including the better-known multicellular groups meaning Porifera (i.e., sponges) and the remaining ani-

mal phyla derive from two or more separate protozoan(animals, land plants, fungi, and green, brown, and red
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1. Affinity and Adhesion: a specificity problem

2. Adhesion: a thermodynamic model

3. The molecular framework of adhesion  

6. Adhesion and dissipation 

Adhesion in multicellular organisms

4. Evolutionary origin of adhesion mechanisms

5. Adhesion as an active mechanism
4.1. Clustering
4.2. Mechanosensation - Mechano-transduction
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1. Active partitioning of Cadherin in finite sized clusters 

We suggest that it is useful to think of clustering occurring on two
length scales: ‘‘nanoclusters’’ (!50 nm diameter), as identified
by superresolution techniques, and larger ‘‘microclusters’’ (!1–
2 mm) that often may represent aggregates of nanoclusters
(Figure 1B). Of note, whereas cadherin ligation appears to be
necessary for microclusters to form (Coon et al., 2015; Yap
et al., 1997), this is not the case for nanoclusters, which were
observed under conditions (e.g., the free surfaces of cells) that
do not permit ligation (Wu et al., 2015) (Figure 1A). Even cadherin
mutants that were incapable of productive adhesion or lacked
their complete ectodomains could form nanoclusters with diam-
eters similar to those displayed by clusters that were engaged in
adhesion (Wu et al., 2015). This suggests that the formation of
nanoclusters may reflect general mechanisms to organize pro-
teins in the plasma membrane, whereas cadherin ligation elicits
additional mechanisms that cause nanoclusters to aggregate
into microclusters.

Molecular Mechanisms Regulating Cadherin Clustering
Classical cadherins function as membrane-spanning macromo-
lecular complexes. Their extracellular domains (ectodomains)

interact with cognate cadherin ectodomains presented on the
surfaces of neighboring cells while the cytoplasmic tails form
complexes with a host of intracellular proteins: the components
of the so-called ‘‘core cadherin-catenin complex’’ (b-, a-, and
p120-catenin; Meng and Takeichi, 2009; Shapiro and Weis,
2009) and potentially many others (Guo et al., 2014; Van Itallie
et al., 2014). Here we focus on four mechanisms that can influ-
ence cadherin clustering: interactions between the adhesive
binding ectodomains; association with the actin cytoskeleton;
interaction with membrane lipids through the transmembrane
domain; and cadherin endocytosis. Some of these are general
mechanisms to organize the plasma membrane, whereas others
arise from adhesive ligation of the cadherin.
1. Clustering Driven by Interactions among Cadherin
Ectodomains
One important model for cadherin clustering was developed by
the Honig and Shapiro groups, based on binding interactions
mediated by the cadherin ectodomains alone (Brasch et al.,
2012; Harrison et al., 2011). Crystal structures for several clas-
sical cadherin ectodomains reveal an apparently conserved
pattern of adhesive (trans) interactions between ectodomains

Figure 1. The Varieties of Cadherin Clustering
(A and B) Cadherin nanoclusters delimited by cortical F-actin are found at both non-adherent (A) and adherent (B) cell surfaces. In the latter case, ligated cadherin
can organize at crystal-packing density within nanoclusters.
(C) The varieties of cadherin clustering at different spatial scales. Left: Distribution of cadherin microclusters at an epithelial cell-cell interface and its relationship
to actomyosin. Right: Zoom-in showing how, upon adhesive ligation, nanoclusters accumulate and form cadherin microclusters.

Developmental Cell 35, October 12, 2015 ª2015 Elsevier Inc. 13

Developmental Cell

Perspective

Yap A. et al  Dev. Cell, 35: 12-.20 2015.

Observed for all Cadherins

Adhesion as an active, regulated system
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Adhesion as an active, regulated system

1. Cadherin clusters are out-of-equilibrium 
dynamic structures

-Thermodynamics predict complete phase separation of Cadherin

-Active processes must constantly seed, break and limit the growth of
 E-cadherin clusters

2D « molecular sorting »

time

E = k. l
k : line tension Energy and perimeter

 minimisation
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Adhesion as an active, regulated system

1. Cadherin forms « puncta » 

Adams et al. Dynamics of EcadGFP 1111

ple smaller peaks between the plaques that represented
residual puncta within the cell–cell contact.

To gain information about the genesis, lifetime, and po-
sition of EcadGFP during initiation of contact formation, a
single field of EcadGFP-expressing cells was imaged rap-
idly at high resolution. Fig. 4 A shows representative im-
ages from one of these time-lapse recordings. An arrow
follows the position of a bright EcadGFP fluorescent
punctum at the cell–cell interface. To provide an objective
nonbiased format for the quantitative representation of
dynamic data like that illustrated in Fig. 4 A, we developed
the type of representation shown in Fig. 4 B. The fluores-
cence intensity profiles along the length of the contact
(e.g., Fig. 3 D) were color-coded and combined for each
time-lapse frame to provide a color map of EcadGFP in-
tensity distribution along the length of the contact as
the contact lengthened. We term such graphs TIP scans.
By providing a clear representation of time-dependent
changes in EcadGFP fluorescence along the cell–cell con-
tact interface, TIP scans make it relatively easy to discern
the organization of EcadGFP during contact formation.
Background fluorescence in the TIP scan is contributed by
overlapping regions of plasma membrane. Areas of the
contact that are brighter than the background cell fluores-
cence correspond to brighter clusters of EcadGFP. The

TIP scan in Fig. 4 B shows that the contact in Fig. 4 A grew
to a length of z12 mm in z20 min. The contact then grew
more slowly to reach a length of z35 mm after 90 min.

EcadGFP puncta could be identified in the TIP scan as
areas that displayed twice the fluorescence intensity of
background. EcadGFP puncta at first appeared close to
the initial site of the cell–cell contact, while later they ap-
peared at the margins of the contact (Fig. 4 B). We never
observed any hint of the insertion of preassembled E-cad-
herin puncta from the cytoplasm into the membrane at
cell–cell contacts, suggesting that E-cadherin puncta origi-
nate by de novo aggregation at sites of cell–cell contact,
and not from translocation of preassembled aggregates
from some other cellular site(s). An arrow in the TIP scan
in Fig. 4 B also marks the punctum tracked by an arrow in
Fig. 4 A. The punctum appeared de novo at the contact
site and gradually gained intensity over 10 min. By 10–15
min after formation, the intensity level of the punctum re-
mained constant. Such gradual punctum formation was
observed in essentially all cases analyzed (see other exam-
ples in Fig. 4 B), which supports the idea that puncta form
in situ from aggregation of molecular subunits.

As the contact lengthened, new EcadGFP puncta ap-
peared sequentially such that the number of puncta re-
mained constant with respect to the length of the contact

Figure 4. EcadGFP puncta are formed and
stabilized along newly formed cell–cell con-
tacts. (A) 16 time-lapse images of EcadGFP
cells taken from a sequence recorded every 1
min for 100 min at 0.11 mm/pixel; time in min
after formation of the contact is shown. Ar-
rows follow a single punctum. (B) TIP scan of
all of the time-lapse images from the experi-
ment represented in A. The contact was di-
vided into 129 0.22-mm sections, and the max-
imum fluorescence intensity at 100 time
points was collected for a total of 12,900 data
points. The contact originates at 0 min and 0
mm. Small fluctuations in the apparent inten-
sity of stable puncta are near the limits of in-
strumental noise sources such as laser output
fluctuations and noise processes in the photo-
multiplier tube detector. (C) Double immu-
nofluorescence of the same contact extracted
with Triton X-100, fixed with formaldehyde,
and stained with rhodamine phalloidin and
E-cadherin mAb 3G8/CY5. The arrows in all
panels point to the same punctum. Bars: (A)
10 mm; (C) 5 mm. (B) 0–210 gray scale fluo-
rescence intensity units divided into 15 colors.
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As cell contacts form, E-cadherin::GFP forms small sized clusters
(few 10s of minutes in vertebrate MDCK cells)
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(z1 punctum per 1.5 mm contact length; see also Adams
et al., 1996). These new puncta also appeared de novo and
gradually increased in intensity with time (Fig. 4 B). Many
of these puncta were spatially stable in the contact inter-
face over time, while some gradually changed position to-
wards the edges of the contact. In general, the fluores-
cence intensity of puncta was brightest in the oldest part of
the contact near the site of initial cell–cell contact (marked
as 0 mm), and dimmest at the perimeter of the lengthening.

The EcadGFP puncta evident in these time-lapse se-
quences were Triton X-100–insoluble. Each EcadGFP
punctum observed in the final frames of the time-lapse se-
quences colocalized with the brightest Triton X-100–insol-
uble E-cadherin puncta (compare similarly oriented im-
ages in Fig. 4 A, 909; and Fig. 4 C). EcadGFP puncta were
associated with thin cables of actin filaments that emerged
from circumferential actin cables oriented parallel to the
contact (Fig. 4 C). In summary, while we have confirmed
our early observation that cell adhesion initiates the for-
mation of E-cadherin puncta, the data presented here
demonstrate that a diffuse pool of E-cadherin clusters into
puncta in response to cell–cell contact, and that those

puncta organize and become stabilized around actin fila-
ments located close to the contacting membranes.

Formation of EcadGFP Plaques at the Contact Margins 
and Reorganization of the Actin Cytoskeleton

Next, we asked how early E-cadherin puncta are reorga-
nized with actin to further strengthen cell–cell adhesion,
and then to cause condensation of cells into multicell colo-
nies. Over longer times (.2 h), EcadGFP and endogenous
E-cadherin became organized into large plaques at the
margins of the contact (Fig. 2 and Fig. 3, column 2). Fig. 5
A shows representative images from a longer time-lapse
experiment. After z1.5 h, two regions of increasing Ecad-
GFP fluorescence appeared and migrated out with the
edges of the contact at velocities of up to 0.5 mm/min (Fig.
5). These regions gradually gained up to 103 the average
punctum fluorescence intensity over the course of 1 h, in
contrast to a punctum that reached maximum fluorescence
intensity within 30 min of formation. Approximately 2.5 h
after contact nucleation, EcadGFP was heavily concen-
trated in discrete fluorescent plaques at the margins of the

Figure 5. Two large plaques of EcadGFP
form and move to the edges of the cell–cell
contact. (A) 16 time-lapse images of Ecad-
GFP cells taken from a sequence recorded ev-
ery 2 min for 2.7 h at 0.23 mm/pixel. Arrows
follow a single plaque. (B) TIP scan of all of
the time-lapse images from the experiment
represented in A. The contact was divided
into 101, 0.46-mm sections, and the fluores-
cence intensity at 85 time points was collected
for a total of 8,585 data points. The contact
originates at 0 min and 0 mm. Note that the
TIP scan at this reduced resolution shows a
relatively homogeneous distribution of Ecad-
GFP within the contact during the first hour,
whereas the TIP scan at a higher resolution
revealed individual punctum (see Fig. 4). (C)
Double immunofluorescence of the same
contact stained with rhodamine phalloidin
and E-cadherin mAb 3G8/CY5. The arrows
in all panels point to the same plaque. (B) 0–
151 gray scale fluorescence intensity units di-
vided into 15 colors. Bars: (A) 10 mm and (C)
5 mm.
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puncta and associates with the cytoskeleton, a smaller
fraction is mobile (,50% within a 26-mm area). The
puncta formed by EcadGFP are very similar in organiza-
tion and distribution to structures formed by endogenous
E-cadherin and catenins that were previously character-
ized by retrospective immunocytochemistry (Adams et al.,
1996; see also Fig. 3).

Weak interactions between extracellular and juxtamem-
brane domains of cadherins may be sufficient to initiate
clustering of the protein in the membrane (Yap et al.,
1998). However, interactions between E-cadherin and the
actin cytoskeleton are initiated quickly upon cell–cell con-
tact, and these interactions affect the organization of the
adhesion complex. We showed that as E-cadherin puncta
begin to form during this first stage, they always appear to
be associated with the ends of thin actin cables that are
oriented toward the contact (Fig. 4). These actin filaments
branch from circumferential actin cables that are orga-
nized parallel to the forming contact and circumscribe the
perimeter of single cells. We speculate that binding actin
filaments to E-cadherin/catenin complexes may cause fur-
ther clustering and stabilization of puncta. This type of
cadherin/actin organization has been shown to provide a
mechanical linkage between fibroblasts (Ragsdale et al.,
1997). Quantitative measurements showed that this initial
stage of adhesion coincides with an exponential increase in
the strength of adhesion (Angres et al., 1996). Signifi-
cantly, this strengthening stage was completely inhibited
by treatment of cells with CD (Angres et al., 1996; Fig. 7).
In the present study we showed that during this initial
stage, CD selectively disassembled contacts and caused
formation of aggregates that include cell-surface Ecad-
GFP (this study) and probably the barbed ends of actin fil-
aments (Verkhovsky et al., 1997). It is also interesting to
note that myosin is involved in the CD-induced aggrega-
tion of the barbed ends of actin filaments (Verkhovsky et
al., 1997), and that actin treadmilling ceases in areas of de-
veloping cell–cell contacts (Gloushankova et al., 1997).
We speculate that E-cadherin puncta gradually sequester
the barbed ends of actin filaments, and directly or indi-
rectly anchor them to the membrane at cell–cell contacts,
resulting in the gradual strengthening of cell–cell adhe-
sion. These changes in actin organization may also set up
cytoarchitectural cues for stage II of adhesion.

Stage II

The second stage of contact formation is distinguished by
the gradual emergence of much larger E-cadherin clusters
that we designate as plaques (Figs. 2, 5, and 6). Generally,
one plaque is observed to form at either end of the devel-
oping contact where the reorganized circumferential actin
cables terminate. Identical plaques were formed by endoge-
nous E-cadherin in compacted MDCK cell–cell contacts
(Fig. 3). Using EcadGFP, we showed that these plaques
arose by lateral clustering of a subset of puncta that were
formed during the first stage of adhesion and the continual
immobilization of a mobile pool of EcadGFP (Fig. 9).
Plaque formation resulted in a further decrease in the mo-
bile fraction of E-cadherin to ,10%. Using TIP scans, we
found that during plaque formation, EcadGFP puncta
traveled within the cell–cell contact interface to the mar-

gins of the contacts at velocities of up to 0.5 mm/min (Fig.
5), which is similar to the velocity of translocation of
ConA beads along cell–cell contacts (Gloushankova et al.,
1997).

During the second stage of contact formation, circum-
ferential actin cables rearrange from a parallel to a per-
pendicular orientation with respect to the cell–cell contact
(Fig. 5). The reorganization of actin appears to be differ-
ent in MDCK cells and fibroblasts (Yonemura et al.,
1995), which raises the possibility that the strength of the
interactions between E-cadherin and actin might be re-
sponsible for specific differences in actin dynamics be-
tween these two cell types. A consequence of the reorgani-
zation of E-cadherin and the actin cytoskeleton is the
compaction of contacting cells, which is a clear sign of the
establishment of strong cell–cell adhesion and cells maxi-
mizing the contacting surfaces between them (Fig. 2). We
showed that these compacted cell–cell contacts are resis-
tant to disassembly by CD, indicating either that these
contacts have become mechanically resistant to depoly-
merization of actin, or the barbed ends of the circumferen-
tial actin cables are firmly embedded within E-cadherin
plaques and are no longer accessible to CD.

Figure 10. A three-stage model for cell–cell adhesion and colony
formation. Stage I: multiple E-cadherin puncta form along the
developing contact and loosly hold contacting cells together. A
circumferential actin cable (thick red line) surrounds isolated
cells. As cells adhere, E-cadherin clusters into puncta within the
cell–cell contact interface (blue circle) and rapidly associates with
thin actin bundles and filaments (thin red lines). As the contact
lengthens, puncta continue to develop along the length of the
contact at a constant average density during the first 2 h. Stage II:
E-cadherin plaques develop at the edges of the contact which
compact and strengthen cell–cell interactions. Stabilization of ac-
tin filaments by E-cadherin puncta within the cell–cell contact re-
sults in gradual dissolution of the circumferential actin cable be-
hind the developing contact and insertion of the circumferential
actin cables into the cell–cell contact accompanied by additional
clustering of E-cadherin puncta into E-cadherin plaques (green
ovals). Between cell plaques, E-cadherin is more diffusely distrib-
uted (green line) and associates with actin filaments oriented
along the axis of the cell–cell contact (red line). Stage III: E-cad-
herin plaques cinch together to form multicellular vertices, fur-
ther condensing cell colonies. In multicellular colonies, contractil-
ity within the circumferential actin cable brings E-cadherin
plaques from adjacent cells together. Dynamics within the cy-
toskeleton result in continual rearrangement.
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However, removal of the C-terminal VH3 domain of α-catenin abro-
gated its ability to sustain cadherin flow (Fig. 2f and see Supplementary 
Information, Movie 5). The VH3-deficient fusion proteins (VE–α-
cateninΔVH3) still exhibited the behaviour to emerge from the front of 
protrusions, and to fuse to apical microspikes when they had reached 
the apical zone as a result of random movement, suggesting that only the 
directionality of the movement was impaired in this construct.

One of the molecules interacting with the VH3 domain of α-catenin is 
F-actin14. We therefore investigated the potential roles of actin in cadherin 
flow. Cytochalasin D, a reagent that disrupts actin filaments, inhibited 
cadherin flow (Fig. 3a and see Supplementary Information, Movie 6), 
whereas microtubule inhibitors had no effect (data not shown), support-
ing the notion that the actin cytoskeleton is involved in the generation 
of cadherin flow. In fact, double-immunostaining for VE-cadherin and 
F-actin showed that, although the junctional actin networks are complex, 
a fraction of thin actin fibres ran along the basal-to-apical axis of cell 
junctions and that VE-cadherin clusters were associated with these actin 
fibres (Fig. 3b). To further inter-relate the cadherin flow and actin fila-
ments, VE-cadherin–EGFP transfectants were injected with AlexaFluor 
568–phalloidin and the two molecules were observed simultaneously 
by time-lapse microscopy (Fig. 3c and see Supplementary Information, 
Movie 7). VE-cadherin clusters moved on actin bundles; however, some 

of the clusters occasionally detached themselves from the actin fibre, 
and subsequently recaptured another actin fibre (Fig. 3c). Splitting of 
the clusters sometimes occurred during this jumping process. These 
observations suggest that the interaction of the VE-cadherin–catenin 
complexes with F-actin is involved in the cadherin flow and also that 
their interaction is not stable.

In the imaging described above, the dynamics of actin itself were not 
clearly resolved. Therefore, we further analysed actin behaviour at cell 
junctions by injecting cells with green-fluorescent Alexa Fluor 488–phal-
loidin, which could give higher resolution than the red-fluorescent Alexa 
Fluor 568–phalloidin used above. Deconvolution microscopy revealed 
that actin molecules were dynamically reorganizing themselves at the cell 
junctions, exhibiting a retrograde flow-like movement with an average 
velocity of 300 ± 78 nm min–1  (n = 50; see Supplementary Information, 
Movie 8). These observations suggest that the actin fibres interacting 
with VE-cadherin clusters, observed in Fig. 3c, were also moving.

Actin flow is known to depend on myosin II activities15. We there-
fore examined the effects of ML-7, an inhibitor of myosin light chain 
(MLC) kinase16, and Y-27632, a ROCK inhibitor17, on cadherin flow, 
as these two reagents could inhibit myosin II activities through 
distinct pathways18. Addition of ML-7 to cultures quickly blocked 
cadherin flow without affecting the junctional structures (Fig. 3d 

a b

c d

e f

Flag
FlagFlag

Flag

GFP

GFP
VE-cad−EGFP

VE-cad−EGFP VE-cad−EGFP / α-catα-cat

VE-cad−EGFP VE-cad−Flag
VE-cad−Flag

VE-cad−EGFP
VE-cad−Flag

VE-cadherin

α-catenin

VE

VE−α-cat
VE−α-cat∆VH2

VE−α-cat∆VH3

VE∆CH

TM JM CH
593−620 644−656 744−785

22−224 355−595 699−849
VH1 VH2 VH3

VE∆CH

VE−α-cat∆VH2 VE−α-cat∆VH3

0 3000

0 3000 0 3000

Time (s)

Time (s)

Time (s)

Figure 2 Analysis of cadherin and catenin domains required for cadherin 
flow. (a) Colocalization of VE-cadherin clusters expressed by one cell, 
with those expressed by the contacting counter cell. Cells expressing VE-
cadherin–EGFP and VE-cadherin–Flag were mixed. An interface between 
the two cells, outlined by the white box, is enlarged in the other panels. 
(b) Colocalization of αE-catenin (α-cat) and VE-cadherin (VE-cad). 
z-sections were projected into a single image. Similar VE-cadherin 
distribution was observed when non-tagged VE-cadherin had been 
introduced. (c) Schematic representation of VE-cadherin mutant 

constructs. (d–f) Left, mutant cadherin distribution at cell junctions 
of living A431D cells. Center, trajectories of mutant cadherin clusters 
observed in the image on the left. Arrows indicate the direction of cadherin 
movement. Right, kymography with sampling at the magenta lines shown 
on the left. The blue and green lines indicate the basal- and apical-most 
portion of the junctions, respectively. The arrowheads indicate the apical-
most region of the junction. VE–α-catΔVH2 exhibits flow, whereas VEΔC and 
VE–α-catΔVH3 do not. See also, Supplementary Information, Movies 3–5. 
The scale bars represent 20 µm in a, 30 µm in b and 15  µm in d–f.
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Kametani & Takeichi, Nature Cell Biology, 9:92. 2007.

likely because of the fact that E-cadherin was labeled by Den-
dra2 and not with primary and secondary antibodies that add
their own dimensions to the apparent cluster area. The apical
junction in A431D cells is substantially further away from the

coverslip (!4.0 mm) compared to the apical junction in Eph4
cells, resulting in poorer resolution. This may account for the
larger E-cadherin clusters obtained from the segmentation of
the single-molecule events by the mean shift algorithm into

Figure 1. E-Cadherin in Both Apical and Lateral Adherens Junctions of Eph4 Cells Is Organized in Discrete Nanoscale Clusters
(A and A’) In (A), conventional light microscopy views are shown of apical (red box) and lateral (yellow box) adherens junctions in Eph4 cells. (A’) A schematic

drawing of an entire cell-cell junction between Eph4 cells, illustrating with the red and yellow boxes at what position the images in (A) were taken. E-cad,

E-cadherin.

(B and B’) In (B), a 3D stochastic optical reconstruction microscopy (3D-STORM) image is shown of E-cadherin staining in an apical cell-cell junction (zonula

adherens) between Eph4 cells (insert shows the diffraction limited image of the same cells). (B’) An enlargement of the region marked in (B). In all 3D-STORM

images, the Z position is color coded, and intensity indicates position accuracy according to the color bar in each panel.

(CandC’) In (C), lateral junctions (punctaadherens) inEph4cellsare stained forE-cadherinand imagedby3D-STORM. (C’)Anenlargementof the regionmarked in (C).

(D) Quantification of the X-Y and Z position accuracies of the data points in all 3D-STORM images. Freq., frequency; FWHM, full width at half maximum.

Developmental Cell 32, 139–154, January 26, 2015 ª2015 Elsevier Inc. 141

Wu Y. et al Dev. Cell, 32: 139-154. 2015.
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stability of SAJs over longer time courses, we made a fusion between
E-cad and the photoconvertible protein EosFP18. E-cad–EosFP was
distributed in spots (Fig. 1j) similar to endogenous E-cad that form
within a fewminutes from a pre-existing pool (Supplementary Fig. 1).
We chased the stability of homo-E-cad and found that once formed,
photo-converted homo-E-cad persisted in SAJs for about 1 h (Fig. 1j).
Quantification showed no detectable exchanges between photocon-
verted SAJs and their surroundings (Supplementary Fig. 2). Thus,
E-cad is indeed highly dynamic within the zonula adherens (diffusing
monomer), but clusters of homo-E-cad in SAJs form very stable com-
plexes, consistent with the idea that SAJs are bona fide sites of adhe-
sion. This realization prompted a focus on SAJ stability and mobility.

Two dynamically distinct actin populations

Amosaic distribution of homo-E-cad is not predicted at thermodyn-
amic equilibrium as the line tension at the perimeter of SAJs with
the surrounding membrane should favour larger domains. Active
mechanisms must thus be at work to maintain SAJs. This led us to
investigate the function of actin in adhesion. As actin limits diffusion
of single E-cad molecules due to its ability to interact with E-cad–
b-Cat complexes through a-Cat (a fact supported by, for example,

single-particle tracking in non-epithelial cells), the traditional view
states that actin thereby stabilizes E-cad homophilic complexes.
High-resolution confocal imaging of F-actin using phalloidin
shows a dense F-actin network at the zonula adherens (Fig. 2a, b).
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Figure 1 | Homophilic E-cad clusters in highly stable microdomains.
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examples shown in the right panel). j, Photoconverted spots of E-cad–EosFP
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for.50min (see Supplementary Fig. 2.
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mobility of SAJs in a-Cat RNAi or Lat-A-treated embryos led to a
collapse of the epithelium, a consequence often attributed to the
destabilization of homo-E-cad complexes. These findings suggest
the existence of other molecules mediating the stable association of
homo-E-cad to actin patches, independent of a-Cat. Moreover, our
data demonstrate that the junctional actin network pulls on SAJs via
a-Cat, suggesting that a-Cat either interacts transiently with both
b-Cat and actin, or that it links actin via other proteins31. Such
individual low-affinity interactions may be impossible to detect,
but their collective effects in SAJs where hundreds of E-cadmolecules
are clustered may be very effective.

This model has a number of important implications for the regu-
lation of adhesion. First, stability andmobility of homo-E-cad can be
mechanistically uncoupled, although both are supported by actin. It
will be important to decipher how actin dynamics is differentially
controlled at SAJs and at the junctional cortex. Stabilization of fila-
ments may be differently controlled, for example, by capping pro-
teins, and actin patches may represent a locally stabilized pool of
filaments embedded in the dynamic cortical network. Second, in light
of the greater stability of SAJs (.1 h) compared to that of remod-
elling junctions (10–15min)32,33, contact remodelling may simply
involve the regulated movement of stable SAJs towards vertices.
Vertices form a topological barrier to the lateral diffusion of
homo-E-cad clusters in SAJs, such that SAJs may accumulate at

vertices where they could be remodelled: this would prevent cell
delamination and enable junction remodelling. Endocytosis of
homo-E-cad could be another mechanism to remodel adhesion
efficiently33, although there is no consensus yet as to whether endo-
cytosis principally targets homo-E-cad or diffusing E-cad34–36. The
two-tiered regulation of homo-E-cad stability and mobility thus
provides a simple and coherent framework to reconcile adhesion
remodelling and stability during morphogenesis.

METHODS SUMMARY
Embryo fixation, staining and injection of drugs and RNAi probes were
performed as described previously22. The btsz probe targets nucleotides 3,065–
3,556 of btsz2 transcripts; the a-Cat probe targets nucleotides 101–828 of a-Cat
transcripts.
Imaging. A Zeiss LSM 510 confocal microscope was used for fixed and live
imaging as described37 with the exception of nano-ablation, where classical epi-
fluorescence with a cooled CCD camera was used.
Homophilic E-cad clusters dynamics. FRAPs of E-cad–GFP were performed
with an Argon 488-nm laser over a 0.554mm2 area and signal recovery was
tracked for 1min. The mobile fraction was calculated by fitting signal recovery
curves to the formula described previously38. E-cad–EosFP photoconversion was
performedwith an ultraviolet (405 nm) laser at low power over regions spanning
half a cell. Turnover of homo-E-cad in SAJs was then inferred by measuring the
variations of non-photoconverted and photoconverted signal intensities in a
cluster over a period of approximately 1 h.
Homophilic E-cad cluster mobility. The mean square displacement (MSD) of
E-cad–GFP clusters was extracted from trajectories along cell contacts (during 1
to 1.5min) using the formula described previously39. We verified that their
motion was diffusive using the relative deviation parameter as described23.
The diffusion coefficient, D, was then calculated assuming one-dimensional
movement with the equation MSD5 2DDt (where Dt is the time lag over which
MSD is measured). Kolmogorov–Smirnoff tests were performed to determine
whether the distribution of D from one sample (for example, wild type) was
different from another sample (for example, Lat-A treatment).
Nano-ablation of cortical actin network. A femtosecond laser at 1,030 nm
(t-pulse, Amplitude Systems) was used to ablate the cortical actin network
locally. Before ablation, caged fluorescein (0.9 kDa) was injected into embryos.
After ablation, uncaging of the fluorescein in one of the two cells contacting at
the site of ablation ensured that the plasmamembrane had not been destroyed in
the process.

Full Methods and any associated references are available in the online version of
the paper at www.nature.com/nature.
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stability of SAJs over longer time courses, we made a fusion between
E-cad and the photoconvertible protein EosFP18. E-cad–EosFP was
distributed in spots (Fig. 1j) similar to endogenous E-cad that form
within a fewminutes from a pre-existing pool (Supplementary Fig. 1).
We chased the stability of homo-E-cad and found that once formed,
photo-converted homo-E-cad persisted in SAJs for about 1 h (Fig. 1j).
Quantification showed no detectable exchanges between photocon-
verted SAJs and their surroundings (Supplementary Fig. 2). Thus,
E-cad is indeed highly dynamic within the zonula adherens (diffusing
monomer), but clusters of homo-E-cad in SAJs form very stable com-
plexes, consistent with the idea that SAJs are bona fide sites of adhe-
sion. This realization prompted a focus on SAJ stability and mobility.

Two dynamically distinct actin populations

Amosaic distribution of homo-E-cad is not predicted at thermodyn-
amic equilibrium as the line tension at the perimeter of SAJs with
the surrounding membrane should favour larger domains. Active
mechanisms must thus be at work to maintain SAJs. This led us to
investigate the function of actin in adhesion. As actin limits diffusion
of single E-cad molecules due to its ability to interact with E-cad–
b-Cat complexes through a-Cat (a fact supported by, for example,

single-particle tracking in non-epithelial cells), the traditional view
states that actin thereby stabilizes E-cad homophilic complexes.
High-resolution confocal imaging of F-actin using phalloidin
shows a dense F-actin network at the zonula adherens (Fig. 2a, b).
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Adhesion as an active, regulated system

1. Cadherin clusters are out-of-equilibrium 
dynamic structures

with optical-diffraction limited image shows that high intensity
aggregates, which were not possible to resolve with conven-
tional optics, could be resolved into nanometric clusters in
the PALM images (compare Figures 2B with 2A, sum of all
images used for PALM analysis).

To quantify these further, we applied an automatic detection
algorithm to identify clusters and classified them according to
cluster size, i.e., the number of E-cad they contain (Figures 2C
and S2).

The density of E-cad::EosFP in clusters was found to be
rall = 7,400 6 3,200 per mm2 (mean 6 SD, 128 clusters, one
embryo, size >50 molecules, Figures 2D and S2B). This was
significantly different from the density of E-cad::EosFP in cis-
clusters, that we could unambiguously detect in occasional
cases where membranes were separated (rcis = 4,800 6
1,900 molecules per mm2, mean 6 SD, 36 clusters, p < 1023

Wilcoxon test, Figure 2D). Comparison between the densities
rall and rcis suggests that in average about 25% molecules in
clusters are in cis.

Given the density of E-cad::EosFP in cis-clusters and the
fact that E-cad::EosFP molecules detected in PALM repre-
sents about 30% 6 15% of total E-cad (endogeneous E-cad
and E-cad::EosFP, Figure 1D), we therefore estimated the den-
sity of adjacent E-cad in a membrane to be 16 (+16/210)3 103

per mm2. This would translate into an average distance
between adjacent E-cad of 7.9 nm (+2.4/21.8). This value is
consistent with structural studies of mammalian cadherins
showing that adjacent cadherins in a membrane are spaced
by 7 nm [3, 40, 41] and confirms that we detect bona fide clus-
ters of packed E-cad.

Figure 2. Superresolution Images of E-Cad in
Epithelia

(A) Sum of all images used for PALM analysis.
(B) PALM image showing the supramolecular
organization of E-cad::EosFP. Higher magnifica-
tion (bottom) shows uneven dense regions along
a cell junction. Scale bars represent 5 mm (top)
and 500 nm (bottom).
(C) Single molecule map and cluster organization
along junctions represented in projections (top
and middle) in an oblique view (bottom). x, y
coordinates are in the plane of the junctions,
z is along the apicobasal axis. Molecules are
color coded according to the cluster size (num-
ber of molecules). Localization precision: x-y,
30 nm; z, 50–100 nm.
(D) Density of E-cad::EosFP in clusters of size
larger than 50 molecules. The density of
E-cad::EosFP in cis-clusters (magenta curve)
was determined from a selection of clusters (36
clusters), detected on PALM image as paired-
clusters in separated membranes (inset). ‘‘All-
clusters’’ data correspond to all clusters found
in one epithelium (black curve, 128 clusters).
The scale bar represents 200 nm.
See also Figure S2.

E-Cad Is Organized into
Polydispersed Clusters
Thus, E-cad forms dense nanometric
clusters in vivo and their size can be
studied quantitatively. This led us to
investigate the mechanisms deter-
mining cluster distributions at cell junc-
tions. We first quantified the distribution

of cluster size, i.e., the number of multimers of size n, cn, over a
large number of junctions in different embryos of the same
stage (492 junctions, 13 embryos, stage 7b, ‘‘early,’’ Figure 3A).
Remarkably, clusters were very polydispersed in size, ranging
over three orders of magnitude. We ensured that PALM
acquisition and our data analysis techniques preserve the
information of molecular organizations (Figure S3; Supple-
mental Experimental Procedures). The cluster-size distribu-
tion is well approximated by a power law with an exponential
cutoff: cn = A naexp(2n/n*) with an exponent a = 21.94 6
0.03, a cutoff n* = 100 6 20 molecules and an amplitude
A = 33 6 2 (Figure 3A).
The existence of a power-law distribution indicates that the

dynamics that shape the distribution do not single out any
one size, and as a consequence the system does not exhibit
a characteristic size. This ‘‘democracy’’ of cluster sizes
breaks down in the exponential cutoff regime of the distribu-
tion for larger clusters. Furthermore, because a straightfor-
ward clustering process ought to lead to ‘‘coarsening’’—the
absence of any intermediate scales—our observations indi-
cate the presence of a removal mechanism. In the absence
of deposition, a removal mechanism would lead to a loss
of cadherins at junctions. The observation of steady-state
distribution suggests the presence of both removal and
deposition, that is, recycling. Remarkably E-cad organization
is very different from that of other membrane components,
such as GPI-anchored proteins, which form very small
oligomeric structures [42], integrin or syntaxin, which orga-
nizes in clusters with characteristic size of a few tens of
molecules [43, 44].

E-Cadherin Supramolecular Organization In Vivo
3
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Are these features of the cluster-size distribution particular
to junctions at an early stage of maturation or are they pre-
served over a large range of surface densities and ‘‘age’’ of
junctions? This question is particularly relevant as E-cad
surface densities change during development and impact
profoundly on sorting behaviors between different cell popula-
tions and tissues [45]. To address this question, we first inves-
tigated how clustering amplitude and distribution changed as
a function of E-cad surface density that varies over a broad
range at a given stage (Figure 3B). The functional form of the
distribution is preserved at all observed E-cad junctional
surface densities (Figure 3C, cumulative distributions for two
surface densities s1 = 175 and s2 = 275 molecules/mm2), with
a power-law exponent a and cutoff size n*, which increases
with E-cad junctional surface density (Figures 3D and 3E,
492 junctions in total). In contrast, the amplitude A remains
relatively constant over a large range of E-cad junctional

surface densities (Figure 3F). As elaborated upon in the Sup-
plemental Experimental Procedures, the constancy in mono-
mer concentration could be a consequence of two possible
limiting considerations: strong monomer-monomer binding
into a trans-E-cad bond or alternatively rapid clustering of
trans-E-cad bonds relative to their dissociation into mono-
mers. Regardless, at a phenomenological level, at a given
E-cad junctional surface density, the two parameters a and
n*, characterize the cluster-size distributions andwill be exten-
sively used hereafter to investigate the mechanisms that regu-
late E-cad clustering.
Strikingly, the clustering depends strongly on the local

junctional surface density but not on the age of junctions
(Figure 3C). Even if on average the E-cad junctional surface
density increased by 70% between early and late stages (Fig-
ure 3B), we found that junctions at the two stages having the
same E-cad junctional surface density exhibited the same

Figure 3. E-Cad Cluster-Size Distribution and the Effects of E-Cad Junctional Surface Density and Junction Maturation

(A) Cluster-size distribution at early stage (n = 492 junctions analyzed). Green dots are experimental data. Blue squares show the same distribution using a
logarithmic binning. Solid red line is a fit of the experimental data by a power law with a power exponent 21.94 6 0.03 and an exponential cutoff (100 6 20
molecules). Error bars represent SD.
(B) E-cad junctional surface density at early and late stages.
(C) Cumulative distribution functions at two junctional surface densities (s1 = 175 6 25 molecules/mm2 and s2 = 275 6 25 molecules/mm2). Comparison
between early and late stages (KS test).
(D–F) Power-law exponent (D), cutoff size n* (E) and amplitude (F) of the cluster-size distribution as a function of junctional surface density.
(G) PALM images of AJs at early and late stages. The scale bar represents 5 mm.
See also Figure S3.
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• Analysis of E-cadherin clustering using PALM: Photoactivation localisation microcopy
• E-cadherin forms nano-clusters: defined according to proximity (below resolution ~30nm)
• Power-law distribution of E-cadherin clusters

Truong-Quang BA. et al Current Biol, 23: 2197-2207. 2013.
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• The distribution of E-cadherin nano-clusters is set by density of molecules at cell junctions
     (but not by the age of the junction). 

Truong-Quang BA. et al Current Biol, 23: 2197-2207. 2013.
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rate at which clusters of size n and m fuse into a cluster of size
(n + m) and the reverse fission process, respectively. These
effects are illustrated in Figure 5A (details in Supplemental
Information). We allow the rates to depend on the size of inter-
acting clusters. Although fusion and fission rates would be
related by detailed balance in a passive process, here we do
not posit such a constraint. We have neglected several, poten-
tially important, effects: transport of clusters along the junction
as well as distinctions between cis and trans clusters. Neglect
of these details reflects the inaccessibility to these features
experimentally. As alluded to previously, rates that do not
single out any particular size, for example, k+n,m w (nb + mb)
or k+n,m w (nm)b, result in power-law distributions. As
an example, were a particular scale singled out, N in the
case k+n,m w exp[(n + m)/N], polydispersed distributions
would not be observed.

The process of fusion alone ensures that at sufficiently long
times all available cadherins will reside within large clusters, a
process referred to as coarsening. This is avoided through the
process of endocytosis that depletes the junction of cadherins
and recycles them back onto interfaces: here represented
through a recycling term in Equation 1, to be discussed later.

Observations suggest an investigation of the steady-state
solutions to these equations and, in particular, an exploration
of which cellular processes and molecular players influence
fusion, fission, and recycling as described within this frame-
work. We begin by perturbing endocytosis.

Regulation of Cluster-Size Distribution by Endocytosis
Endocytosis has been shown to modulate the level of E-cad at
cell junctions in mammalian cell cultures [54] and in vivo [27,

29]. Although endocytosis has an effect on E-cad junctional
surface density, E-cad clusters could be directly targeted for
endocytosis [55] and thereby have a significant impact on
clusters organization. We investigated the role of endocytosis
on the supramolecular organization of E-cad by blocking the
endocytic pathway mediated by Shibire (Shi), the Drosophila
ortholog of Dynamin, a GTPase involved in vesicle scission,
which is concentrated at AJs in remodeling epithelia
Drosophila [27]. As expected, in shimutants (using a tempera-
ture-sensitive [ts] allele, shi-ts and placing embryos at the
restrictive temperature 32!C for 20 min), the junctional sur-
face density of E-cad increased by 80% (12 embryos, p value <
10210, Figures 5B and 5C). We then compared the cluster-size
distribution between shi-ts mutants and control (at the restric-
tive temperature 32!C) at the same junctional E-cad surface
density s* (Figures 5C and 5D, s* = 200 molecules per mm2).
Remarkably, cumulative distribution plots show that the larger
clusters (size > 100 of E-cad::EosFP, i.e., size > 300 for E-cad)
were more abundant when endocytosis was blocked. Consis-
tent with this, the observed cluster distribution (exponential)
cutoff scale n* was systematically larger in shi-ts mutants
compared to control (Figure 5F). However, the exponent of
the power-law a was unchanged (Figure 5E). We therefore
can rule out that endocytosis tunes clustering by simply
removing E-cad monomers and thereby tuning overall E-cad
surface density. Instead, our observation indicates that
endocytosis targets large E-cad clusters, while not perturb-
ing the mechanisms of clustering at scales smaller than n* <
100. This is consistent with electron micrographs showing
numerous clathrin-coated pits in the vicinity or within spot
AJs (Figures 5G and 5G0). This also supports the recent

Figure 5. Regulation of Cluster-Size Distribution by Endocytosis

(A) Schematics of the kinetic model for clustering: Number and size of clusters result from the balance of fusion and fission events at the cell surface and
recycling. Recycling consists in delivery of E-cad monomers and endocytosis/removal of clusters.
(B) PALM images of E-cad::EosFP in shi-ts mutant and control at 32!C. Higher magnifications show a cell junction in shi-ts mutant and in control.
(C) Junctional surface density in shi-ts mutant and in control (32!C).
(D) Cumulative distribution of the cluster size at the surface density of E-cad::EosFP = 200 molecules/mm2 (p value shown, KS test).
(E and F) Power-law exponent (E) and cutoff size (F) as a function of junctional surface density in shi-ts mutant and control.
(G and G0) Transmission electron micrograph of AJs in wild-type embryos. The plasma membranes of contacting cells are shown, together with spot
adherens junctions (SAJs) (white arrowheads), and clathrin-coated pits (black arrow). Higher magnification (G0) corresponds to the square box in (F).
Scale bars represent 5 mm in (B) and 250 nm in (G). See also Figure S5.
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rate at which clusters of size n and m fuse into a cluster of size
(n + m) and the reverse fission process, respectively. These
effects are illustrated in Figure 5A (details in Supplemental
Information). We allow the rates to depend on the size of inter-
acting clusters. Although fusion and fission rates would be
related by detailed balance in a passive process, here we do
not posit such a constraint. We have neglected several, poten-
tially important, effects: transport of clusters along the junction
as well as distinctions between cis and trans clusters. Neglect
of these details reflects the inaccessibility to these features
experimentally. As alluded to previously, rates that do not
single out any particular size, for example, k+n,m w (nb + mb)
or k+n,m w (nm)b, result in power-law distributions. As
an example, were a particular scale singled out, N in the
case k+n,m w exp[(n + m)/N], polydispersed distributions
would not be observed.

The process of fusion alone ensures that at sufficiently long
times all available cadherins will reside within large clusters, a
process referred to as coarsening. This is avoided through the
process of endocytosis that depletes the junction of cadherins
and recycles them back onto interfaces: here represented
through a recycling term in Equation 1, to be discussed later.

Observations suggest an investigation of the steady-state
solutions to these equations and, in particular, an exploration
of which cellular processes and molecular players influence
fusion, fission, and recycling as described within this frame-
work. We begin by perturbing endocytosis.

Regulation of Cluster-Size Distribution by Endocytosis
Endocytosis has been shown to modulate the level of E-cad at
cell junctions in mammalian cell cultures [54] and in vivo [27,

29]. Although endocytosis has an effect on E-cad junctional
surface density, E-cad clusters could be directly targeted for
endocytosis [55] and thereby have a significant impact on
clusters organization. We investigated the role of endocytosis
on the supramolecular organization of E-cad by blocking the
endocytic pathway mediated by Shibire (Shi), the Drosophila
ortholog of Dynamin, a GTPase involved in vesicle scission,
which is concentrated at AJs in remodeling epithelia
Drosophila [27]. As expected, in shimutants (using a tempera-
ture-sensitive [ts] allele, shi-ts and placing embryos at the
restrictive temperature 32!C for 20 min), the junctional sur-
face density of E-cad increased by 80% (12 embryos, p value <
10210, Figures 5B and 5C). We then compared the cluster-size
distribution between shi-ts mutants and control (at the restric-
tive temperature 32!C) at the same junctional E-cad surface
density s* (Figures 5C and 5D, s* = 200 molecules per mm2).
Remarkably, cumulative distribution plots show that the larger
clusters (size > 100 of E-cad::EosFP, i.e., size > 300 for E-cad)
were more abundant when endocytosis was blocked. Consis-
tent with this, the observed cluster distribution (exponential)
cutoff scale n* was systematically larger in shi-ts mutants
compared to control (Figure 5F). However, the exponent of
the power-law a was unchanged (Figure 5E). We therefore
can rule out that endocytosis tunes clustering by simply
removing E-cad monomers and thereby tuning overall E-cad
surface density. Instead, our observation indicates that
endocytosis targets large E-cad clusters, while not perturb-
ing the mechanisms of clustering at scales smaller than n* <
100. This is consistent with electron micrographs showing
numerous clathrin-coated pits in the vicinity or within spot
AJs (Figures 5G and 5G0). This also supports the recent
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recycling. Recycling consists in delivery of E-cad monomers and endocytosis/removal of clusters.
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(D) Cumulative distribution of the cluster size at the surface density of E-cad::EosFP = 200 molecules/mm2 (p value shown, KS test).
(E and F) Power-law exponent (E) and cutoff size (F) as a function of junctional surface density in shi-ts mutant and control.
(G and G0) Transmission electron micrograph of AJs in wild-type embryos. The plasma membranes of contacting cells are shown, together with spot
adherens junctions (SAJs) (white arrowheads), and clathrin-coated pits (black arrow). Higher magnification (G0) corresponds to the square box in (F).
Scale bars represent 5 mm in (B) and 250 nm in (G). See also Figure S5.
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rate at which clusters of size n and m fuse into a cluster of size
(n + m) and the reverse fission process, respectively. These
effects are illustrated in Figure 5A (details in Supplemental
Information). We allow the rates to depend on the size of inter-
acting clusters. Although fusion and fission rates would be
related by detailed balance in a passive process, here we do
not posit such a constraint. We have neglected several, poten-
tially important, effects: transport of clusters along the junction
as well as distinctions between cis and trans clusters. Neglect
of these details reflects the inaccessibility to these features
experimentally. As alluded to previously, rates that do not
single out any particular size, for example, k+n,m w (nb + mb)
or k+n,m w (nm)b, result in power-law distributions. As
an example, were a particular scale singled out, N in the
case k+n,m w exp[(n + m)/N], polydispersed distributions
would not be observed.

The process of fusion alone ensures that at sufficiently long
times all available cadherins will reside within large clusters, a
process referred to as coarsening. This is avoided through the
process of endocytosis that depletes the junction of cadherins
and recycles them back onto interfaces: here represented
through a recycling term in Equation 1, to be discussed later.

Observations suggest an investigation of the steady-state
solutions to these equations and, in particular, an exploration
of which cellular processes and molecular players influence
fusion, fission, and recycling as described within this frame-
work. We begin by perturbing endocytosis.

Regulation of Cluster-Size Distribution by Endocytosis
Endocytosis has been shown to modulate the level of E-cad at
cell junctions in mammalian cell cultures [54] and in vivo [27,

29]. Although endocytosis has an effect on E-cad junctional
surface density, E-cad clusters could be directly targeted for
endocytosis [55] and thereby have a significant impact on
clusters organization. We investigated the role of endocytosis
on the supramolecular organization of E-cad by blocking the
endocytic pathway mediated by Shibire (Shi), the Drosophila
ortholog of Dynamin, a GTPase involved in vesicle scission,
which is concentrated at AJs in remodeling epithelia
Drosophila [27]. As expected, in shimutants (using a tempera-
ture-sensitive [ts] allele, shi-ts and placing embryos at the
restrictive temperature 32!C for 20 min), the junctional sur-
face density of E-cad increased by 80% (12 embryos, p value <
10210, Figures 5B and 5C). We then compared the cluster-size
distribution between shi-ts mutants and control (at the restric-
tive temperature 32!C) at the same junctional E-cad surface
density s* (Figures 5C and 5D, s* = 200 molecules per mm2).
Remarkably, cumulative distribution plots show that the larger
clusters (size > 100 of E-cad::EosFP, i.e., size > 300 for E-cad)
were more abundant when endocytosis was blocked. Consis-
tent with this, the observed cluster distribution (exponential)
cutoff scale n* was systematically larger in shi-ts mutants
compared to control (Figure 5F). However, the exponent of
the power-law a was unchanged (Figure 5E). We therefore
can rule out that endocytosis tunes clustering by simply
removing E-cad monomers and thereby tuning overall E-cad
surface density. Instead, our observation indicates that
endocytosis targets large E-cad clusters, while not perturb-
ing the mechanisms of clustering at scales smaller than n* <
100. This is consistent with electron micrographs showing
numerous clathrin-coated pits in the vicinity or within spot
AJs (Figures 5G and 5G0). This also supports the recent
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 1. Endocytosis influences cluster size
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Adhesion as an active, regulated system

Are these features of the cluster-size distribution particular
to junctions at an early stage of maturation or are they pre-
served over a large range of surface densities and ‘‘age’’ of
junctions? This question is particularly relevant as E-cad
surface densities change during development and impact
profoundly on sorting behaviors between different cell popula-
tions and tissues [45]. To address this question, we first inves-
tigated how clustering amplitude and distribution changed as
a function of E-cad surface density that varies over a broad
range at a given stage (Figure 3B). The functional form of the
distribution is preserved at all observed E-cad junctional
surface densities (Figure 3C, cumulative distributions for two
surface densities s1 = 175 and s2 = 275 molecules/mm2), with
a power-law exponent a and cutoff size n*, which increases
with E-cad junctional surface density (Figures 3D and 3E,
492 junctions in total). In contrast, the amplitude A remains
relatively constant over a large range of E-cad junctional

surface densities (Figure 3F). As elaborated upon in the Sup-
plemental Experimental Procedures, the constancy in mono-
mer concentration could be a consequence of two possible
limiting considerations: strong monomer-monomer binding
into a trans-E-cad bond or alternatively rapid clustering of
trans-E-cad bonds relative to their dissociation into mono-
mers. Regardless, at a phenomenological level, at a given
E-cad junctional surface density, the two parameters a and
n*, characterize the cluster-size distributions andwill be exten-
sively used hereafter to investigate the mechanisms that regu-
late E-cad clustering.
Strikingly, the clustering depends strongly on the local

junctional surface density but not on the age of junctions
(Figure 3C). Even if on average the E-cad junctional surface
density increased by 70% between early and late stages (Fig-
ure 3B), we found that junctions at the two stages having the
same E-cad junctional surface density exhibited the same

Figure 3. E-Cad Cluster-Size Distribution and the Effects of E-Cad Junctional Surface Density and Junction Maturation

(A) Cluster-size distribution at early stage (n = 492 junctions analyzed). Green dots are experimental data. Blue squares show the same distribution using a
logarithmic binning. Solid red line is a fit of the experimental data by a power law with a power exponent 21.94 6 0.03 and an exponential cutoff (100 6 20
molecules). Error bars represent SD.
(B) E-cad junctional surface density at early and late stages.
(C) Cumulative distribution functions at two junctional surface densities (s1 = 175 6 25 molecules/mm2 and s2 = 275 6 25 molecules/mm2). Comparison
between early and late stages (KS test).
(D–F) Power-law exponent (D), cutoff size n* (E) and amplitude (F) of the cluster-size distribution as a function of junctional surface density.
(G) PALM images of AJs at early and late stages. The scale bar represents 5 mm.
See also Figure S3.
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1. Actin coupling influences cluster size

Endocytosis Controls E-Cadherin Surface Density by
Targeting Large Clusters
Our data show that endocytosis controls E-cad at AJs in quan-
titative and qualitative ways. It limits the growth of large
clusters by their targeted removal (Figure 7A) and as a
consequence reduces E-cad surface density. We showed
that E-cad removal by dynamin-dependent endocytosis is
only significant above a cluster-size threshold of about
300 E-cad molecules, which corresponds to clusters larger
than 60 nm in diameter. One possible mechanism is that
large clusters could favor the assembly of the endocytic
machinery and then be endocytosed with a higher frequency
compared to smaller ones. This conclusion is in agreement

with the recent proposal that E-cad clustering leads to the
recruitment of the adaptator protein AP2 and clathrin [27]. In
addition to clathrin vesicles, caveolae or pinocytic vesicles
that could accommodate more E-cad than clathrin vesicles
might be also involved in E-cad endocytosis. Importantly,
endocytosis prevents the formation of macroscopic clusters,
which could freeze tissue dynamics by affecting the actomy-
osin networks.

Actin Regulation of E-Cad Clustering
It is largely accepted that E-cad-mediated adhesion relies
on the trans-homodimerization and cis-interactions, which
produce lateral clustering. Previous reports relying on key

Figure 6. Actin/E-Cadherin Interactions Control Fission Mechanisms

(A andB) Predicted cluster-size distributions in the size-dependent fusion (A) and size-dependent fission (B)models. In the size-dependent fusionmodel (A),
the rates of fusion are power laws with exponent b: k+n,m = k+0(n

b + mb). In the size-dependent fission model (B), the rates of fission are power laws with
exponent u: k-n,m = k-0(n

u + mu). Deviations from the slope a = 21.5 allow discrimination between models.
(C–E) a-Cat and Par3 control of cluster-size distribution. PALM images in a-Cat RNAi-injected embryo and control (C), junctional surface density (D), and
cumulative distribution at the surface density of 75 molecules/mm2 (E).
(F) Power-law exponents as a function of E-cad junctional surface density in a-Cat RNAi (red squares), Par3-RNAi (blue hexagons), Latrunculin-A-treated
(magenta triangles), jasplakinolide-treated (green triangles), and control (black circles) embryos. The scale bar represents 5 mm.
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Targeting Large Clusters
Our data show that endocytosis controls E-cad at AJs in quan-
titative and qualitative ways. It limits the growth of large
clusters by their targeted removal (Figure 7A) and as a
consequence reduces E-cad surface density. We showed
that E-cad removal by dynamin-dependent endocytosis is
only significant above a cluster-size threshold of about
300 E-cad molecules, which corresponds to clusters larger
than 60 nm in diameter. One possible mechanism is that
large clusters could favor the assembly of the endocytic
machinery and then be endocytosed with a higher frequency
compared to smaller ones. This conclusion is in agreement

with the recent proposal that E-cad clustering leads to the
recruitment of the adaptator protein AP2 and clathrin [27]. In
addition to clathrin vesicles, caveolae or pinocytic vesicles
that could accommodate more E-cad than clathrin vesicles
might be also involved in E-cad endocytosis. Importantly,
endocytosis prevents the formation of macroscopic clusters,
which could freeze tissue dynamics by affecting the actomy-
osin networks.

Actin Regulation of E-Cad Clustering
It is largely accepted that E-cad-mediated adhesion relies
on the trans-homodimerization and cis-interactions, which
produce lateral clustering. Previous reports relying on key
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(A andB) Predicted cluster-size distributions in the size-dependent fusion (A) and size-dependent fission (B)models. In the size-dependent fusionmodel (A),
the rates of fusion are power laws with exponent b: k+n,m = k+0(n

b + mb). In the size-dependent fission model (B), the rates of fission are power laws with
exponent u: k-n,m = k-0(n

u + mu). Deviations from the slope a = 21.5 allow discrimination between models.
(C–E) a-Cat and Par3 control of cluster-size distribution. PALM images in a-Cat RNAi-injected embryo and control (C), junctional surface density (D), and
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Figure 2. Quantification of Size, Spacing, Molecules per Cluster, and Density of Apical and Lateral E-Cadherin Clusters in Eph4 Cells Based
on the Mean Shift Algorithm
(A and A’) In (A), the same image is shown as in Figure 1B’. (A’) The clusters map after analysis using the mean shift algorithm according to local density maxima.

For visualization purposes, all points belonging to the same cluster were plotted with the same color. E-cad, E-cadherin.

(B–D) Frequency (Freq.) histograms for (B) the equivalent diameter of clusters, (C) the spacing between clusters, and (D) the number of E-cadherin molecules per

apical cluster (n = 1,281 clusters from n = 10 junctions from n = 3 samples).

(legend continued on next page)

142 Developmental Cell 32, 139–154, January 26, 2015 ª2015 Elsevier Inc.

1.  Impact of Cis- and Trans binding in cluster size

Wu Y. et al Dev. Cell, 32: 139-154. 2015.

Adhesion as an active, regulated system

From bonds to junctions
Cell–cell adhesion in mature tissues is mediated in part by
adherens junctions where numerous cadherin trans dimers
assemble. In principle, a passive diffusion trap mechanism,
whereby cadherins would become concentrated at cell–cell
contact sites through their adhesive interactions, could
explain the accumulation of cadherins at sites of inter-
cellular contact [52]. However, mutations in a crucial cis
interface (described below; Figure 4a) which leave adhe-
sive binding intact show that the diffusion trap mechanism
is insufficient to achieve the level of concentration at cell–
cell contacts observed for wild-type cadherins [17]. It
therefore appears likely that lateral or cis interactions
could account for the enhanced localization of classical
cadherins at cell contact sites.

A potential lateral interaction site, apparently con-
served among type I cadherins, has been observed in
crystal structures of full-length ectodomains of C- [24],
N- and E-cadherins [17]. Despite forming crystals that
are unrelated to one another, in addition to the adhesive
strand-swap interface, all three structures reveal a lateral
interface formed between the base of the EC1 domain of
one protomer and a region near the apex of EC2 of a
parallel partner (Figure 4a). The combination of cis and
trans interactions engaged by each cadherin molecule
(Figure 4b) creates a molecular layer within each crystal
that is likely to correspond to the extracellular structure of
the adherens junction [17,24]. The region of EC1 involved
in this cis interface is opposite to the strand-swapping site,
so that cis and trans interactions can form simultaneously
resulting in a continuous two-dimensional lattice with
dimensions near to that expected for adherens junctions
(Figure 4c).

When cadherin ectodomains are bound to the surface of
liposomes, in the absence of other proteins, cryo-EM anal-
ysis reveals ordered junction-like structures that resemble
the molecular layer observed in C- [24], E- and N-cadherin
crystals [17]. This system, as well as cell-based experi-
ments, was used to test the idea that the cis interface
underlies the lateral assembly of cadherins in adherens
junctions. Mutations that targeted the cis interface of E-
cadherin (without interfering with trans strand-swapped
dimerization) still allowed a reduced level of adhesion

between liposomes; however, the ordered structure of
the reconstituted junctions was lost [17]. Consistently,
incorporation of these mutants into endogenous wild-type
cellular junctions caused these junctions to become unsta-
ble and transient [17]. In cells lacking endogenous cad-
herin, cis mutant protein localized to sites of cell contact
but failed to cluster into junction-like structures [17].
Taken together, these data suggest that the cis interface
identified in structural studies functions to laterally as-
semble cadherin trans dimers into adherens junctions. cis
oligomerization of cadherins at adherens junctions might
account for previous observations of multiple adhesive
states between cadherin monolayers in molecular force
experiments [45,53,54] that were initially interpreted as
multiple trans dimer states, but could be explained by
combinations of cis and trans interactions.

Interestingly, the cis interaction is too weak to be
detected in solution binding experiments (which are limit-
ed to a detection level of approximately 1 mM) [17], yet as
discussed above it appears to play a crucial biological role.
This is not surprising because the strength of interaction
between proteins in solution can differ significantly from
that of the same interaction in the context of restricted
motion when membrane bound [55]. Indeed, in silico simu-
lations suggest that when trans ectodomain dimers form,
flexibility is dramatically reduced because the two inter-
acting protomers are now attached to each other via the
adhesive interface, and in addition are tethered to each of
the apposed cell membranes [55]. Thus, when trans dimers
are formed, conformational flexibility is decreased, which
lowers the entropic penalty associated with cis dimer
formation [55,56]. This model, in which cis assembly
requires trans dimerization, would account for observa-
tions that cadherins do not cluster in the absence of
cognate adhesion to an apposed cadherin-expressing cell
[12,13].

Large cellular adherens junctions such as the zonula
adherens that circumscribe epithelial cells appear less
dense than desmosomes (see below) and it is possible that
they are assembled from numerous subdomains, each with
the defined layer structure described above. The cadherin
extracellular lattice structure is directional such that two
such subdomains would have to meet with an appropriate
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Figure 4. Extracellular structure of adherens junctions formed through cis and trans ectodomain interactions. (a) Selected region of the N-cadherin EC1–5 crystal lattice
(blue ribbon presentation; pdb-ID: 3Q2W) showing an array of N-cadherin molecules oriented as if emanating from the same cell membrane and connected by a cis
interface formed between the EC1 and EC2 domains of neighboring molecules. (b) Strand-swapped trans dimers form together with cis interactions in the same crystal
lattice. trans interactions orient opposing cis arrays approximately perpendicularly such that each cis array (blue) forms trans interactions with multiple opposing cis arrays
(orange). (c) The combination of cis and trans interactions enables cadherin ectodomains to form an ordered network that is thought to be the basis for the extracellular
architecture of adherens junction. Adapted from [17].
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• Structural information predict cristal like clusters with density ~360molecule/100nm2

Figure 2. Quantification of Size, Spacing, Molecules per Cluster, and Density of Apical and Lateral E-Cadherin Clusters in Eph4 Cells Based
on the Mean Shift Algorithm
(A and A’) In (A), the same image is shown as in Figure 1B’. (A’) The clusters map after analysis using the mean shift algorithm according to local density maxima.

For visualization purposes, all points belonging to the same cluster were plotted with the same color. E-cad, E-cadherin.

(B–D) Frequency (Freq.) histograms for (B) the equivalent diameter of clusters, (C) the spacing between clusters, and (D) the number of E-cadherin molecules per

apical cluster (n = 1,281 clusters from n = 10 junctions from n = 3 samples).
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• However, clusters form independent of cis- and trans-interactions

Considering that, based on their morphology, nonadhesive
clusters can appear indistinguishable from adhesive clusters,
we sought out a method to determine which E-cadherin clusters
observed at cell-cell junctions are truly engaged in adhesive in-
teractions with clusters in opposing cells and which clusters
are nonadhesive. To this end, we performed a coculture experi-
ment using A431 and A431D cells, which allowed us to uniquely
label E-cadherin in each cell line and determine whether a
cluster in one cell is matched by a cluster in the neighboring
cell or not. We utilized the fact that recombinant E-cadherin-
Dendra2 contains a small internal deletion (AA772–AA792),
which eliminates the epitope for the anti-E-cadherin antibody

C20820 (Hong et al., 2010). Thus, when A431 cells were cocul-
tured with A431D cells expressing E-cadherin-Dendra2, the
anti-E-cadherin antibody labeled only E-cadherin in the A431
cells, while Dendra2 reported uniquely on E-cadherin in the
A431D cells. Junctions between the two cell types were imaged
using 3D-STORM, and representative images for apical and
lateral clusters are shown in Figures 4E and 4F. As expected,
in the apical junction, the majority of clusters in A431D cells
were closely matched by clusters in the neighboring A431 cell,
suggesting that they are adhesive clusters (Figure 4E). In
contrast, at the lateral interface, most of the clusters in one cell
were not matched by a cluster in the neighboring cell, indicating

Figure 3. Density Maps of Adherens Junctions in A431D Cells Expressing Full-Length E-Cadherin-Dendra2 and Mutants in cis and trans
Interactions Reveal Subregions with Crystal Packing Densities
(A) Apical junction density map of E-cadherin-Dendra2 in A431D cells, calculated using a bin size of 60 3 60 nm2. E-cad, E-cadherin.

(B) Lateral junction density map of E-cadherin-Dendra2 in A431D cells, calculated using a bin size of 60 3 60 nm2

(C) Apical junction density map of E-cadherin-Dendra2 in A431D cells, calculated using a bin size of 30 3 30 nm2 and exhibiting subregions with densities

comparable to crystal packing density.

(D) Lateral junction density map of E-cadherin-Dendra2 in A431D cells, calculated using a bin size of 30 3 30 nm2.

(E and F) Lateral junction density maps of E-cadherin-Dendra2 with cis-abolishing V81D/V175Dmutations in (E) EC1 and EC2 domains or (F) the trans-abolishing

W2A mutation in the EC1 domain, calculated using a bin size of 30 3 30 nm2 and showing no subregions of comparable densities to crystal packing density.

(G) Lateral junction density map of E-cadherin-Dendra2 with the trans-enhancing D1A mutation, calculated using a bin size of 30 3 30 nm2 showing larger

subregions with crystal packing densities. Density is color coded according to the color bar on the right.

(H) Comparison of the median value inside 303 30 nm2 bins calculated from five density maps for each cell line. A nonparametric Mann-Whitney test was used to

compare the median density values for full-length E-cadherin-Dendra2, its cis mutant, W2A mutant, and D1A mutant.
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• Sub-regions (30x30 nm) of crystal like high density form and require
 cis- and trans-interactions
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1. Actin corrals around E-cadherin cis- and trans- clusters

Wu Y. et al Dev. Cell, 32: 139-154. 2015.

Adhesion as an active, regulated system

trans- clusters

cis- clusters
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Figure 6. F-Actin Depolymerization or Deletion of the Cytoplasmic Tail Result in the Growth of E-Cadherin Clusters
(A) 3D-STORM image of A431D cells expressing full-length E-cadherin-Dendra2 treated with latrunculin A (0.2 mg/ml) for 20 min, exhibiting larger than normal

clusters. E-cad, E-cadherin.

(legend continued on next page)
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1. Actin restricts the size and increases the density of clusters

Wu Y. et al Dev. Cell, 32: 139-154. 2015.

• Clusters form independent of F-actin

• The size of clusters is limited by F-actin corrals
• The density increases in small clusters

Adhesion as an active, regulated system
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• Formation of cis- non adhesive clusters are corralled by actin

• Actin corrals may be diffusion traps facilitating trans-cluster
formation (Wu  et al Nature 2011)(Sako et al JCB 1998)

• Cis-/trans-interaction and F-actin cooperate to form
    high density clusters (Truong Quang et al CB 2013, Wu et al DevCell 2015)

• F-actin stabilises E-cadherin clusters: compositional turnover

• F-actin immobilises E-cadherin clusters at cell junctions
    (Cavey et al, Nature 2008)

We suggest that it is useful to think of clustering occurring on two
length scales: ‘‘nanoclusters’’ (!50 nm diameter), as identified
by superresolution techniques, and larger ‘‘microclusters’’ (!1–
2 mm) that often may represent aggregates of nanoclusters
(Figure 1B). Of note, whereas cadherin ligation appears to be
necessary for microclusters to form (Coon et al., 2015; Yap
et al., 1997), this is not the case for nanoclusters, which were
observed under conditions (e.g., the free surfaces of cells) that
do not permit ligation (Wu et al., 2015) (Figure 1A). Even cadherin
mutants that were incapable of productive adhesion or lacked
their complete ectodomains could form nanoclusters with diam-
eters similar to those displayed by clusters that were engaged in
adhesion (Wu et al., 2015). This suggests that the formation of
nanoclusters may reflect general mechanisms to organize pro-
teins in the plasma membrane, whereas cadherin ligation elicits
additional mechanisms that cause nanoclusters to aggregate
into microclusters.

Molecular Mechanisms Regulating Cadherin Clustering
Classical cadherins function as membrane-spanning macromo-
lecular complexes. Their extracellular domains (ectodomains)

interact with cognate cadherin ectodomains presented on the
surfaces of neighboring cells while the cytoplasmic tails form
complexes with a host of intracellular proteins: the components
of the so-called ‘‘core cadherin-catenin complex’’ (b-, a-, and
p120-catenin; Meng and Takeichi, 2009; Shapiro and Weis,
2009) and potentially many others (Guo et al., 2014; Van Itallie
et al., 2014). Here we focus on four mechanisms that can influ-
ence cadherin clustering: interactions between the adhesive
binding ectodomains; association with the actin cytoskeleton;
interaction with membrane lipids through the transmembrane
domain; and cadherin endocytosis. Some of these are general
mechanisms to organize the plasma membrane, whereas others
arise from adhesive ligation of the cadherin.
1. Clustering Driven by Interactions among Cadherin
Ectodomains
One important model for cadherin clustering was developed by
the Honig and Shapiro groups, based on binding interactions
mediated by the cadherin ectodomains alone (Brasch et al.,
2012; Harrison et al., 2011). Crystal structures for several clas-
sical cadherin ectodomains reveal an apparently conserved
pattern of adhesive (trans) interactions between ectodomains

Figure 1. The Varieties of Cadherin Clustering
(A and B) Cadherin nanoclusters delimited by cortical F-actin are found at both non-adherent (A) and adherent (B) cell surfaces. In the latter case, ligated cadherin
can organize at crystal-packing density within nanoclusters.
(C) The varieties of cadherin clustering at different spatial scales. Left: Distribution of cadherin microclusters at an epithelial cell-cell interface and its relationship
to actomyosin. Right: Zoom-in showing how, upon adhesive ligation, nanoclusters accumulate and form cadherin microclusters.
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1. Current Working Model Cadherin clustering

Adhesion as an active, regulated system
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Adhesion as an active, regulated system

1. Conclusions

• Cadherins form small aggregates 
This is a general property of all cadherins, found in all organisms

• Mechanisms of cluster formation 
- ligation of ectodomains: cis and trans and diffusion trap (Honig, Shapiro, Troyanovksy, Zaidel-Bar)

- actin interaction (Kusumi, Nelson Dufour, Lecuit, Lenne, Yap, Troyanovsky, Zaidel-Bar etc)

- endocytosis:
- clustering induces endocytosis (Levayer et al 2013)
- endocytosis affects clustering (Truong Quang et al 2013)

- lipid interactions: in mammals.
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Adhesion as an active, regulated system

2. Cadherin, mechano-sensing and -transduction

• Function of clusters 
-strengthen adhesion: local on/off association.
-regionalise tension transmission at cortex 
-signalling: local actin organisation for instance. 

• E-cadherin as local mechanical « integrators »
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derstand that a coarse grained, super-molecular
view of the cell–cell contact is being adopted in
the analysis. The local mechanical stress exerted
on a small area of the contact also has compo-
nents parallel and orthogonal to the contact
surface (Fig. 2). These components approxi-
mately correspond to the average component
of the molecular forces exerted at this surface.
As a consequence of what we have discussed
above, the stress exerted at the “contact” planes
between cadherins can differ significantly from
the stress at the “cortical” plane. Therefore, cad-
herins are unlikely to bear fully the tension of
the underlying cortex. Cortical tension “along”
the cellular contact should not be misinterpret-
ed as the tension that acts “across” the contact.
It also follows that the structure of the cortical F-
actin network that lies orthogonal or parallel
to the junction has to be considered whenever
possible. Therefore, when intercellular stress is
experimentally reported, great care should be

taken to understand exactly what quantity was
measured.

Techniques to Measure Mechanical Force

With these considerations inmind, it is useful to
review the range of tools that are available to
measuremechanical force at cell–cell junctions,
ideally within intact cells, keeping in mind the
type of cellular stress that is effectively mea-
sured. These broadly fall into two categories:
assays that endeavor to infer mesoscopic (mm-
scale) patterns of force; and those that measure
molecular level forces.

The range of mesoscopic assays for force
include inference of tension from velocities of
recoil after junctions are cut with lasers (Fer-
nandez-Gonzalez et al. 2009; Ratheesh et al.
2012); assays for intercellular stresses that are
inferred from measurement of traction forces
(Liu et al. 2010); and inference of forces from

Molecular force borne
by the trans-cellular bond

Viscoelastic resistance of the cortex
and the cadherin cluster

Traction force exterted
on the cadherin/actin binding site

- E-cadherin - β-catenin

- F-actin - Open-conformation α-catenin

Figure 1.Molecular forces exerted on singlemolecular bonds. They are likely exerted on the cytoplasmic domain
of E-cadherin when it is attached to F-actin networks. Molecular reporters such as Forster resonance energy
transfer (FRET) sensors are expected to be sensitive to this local force. Due to its embedding in the plasma
membrane and lateral clusters, the force exerted on the extracellular domain of E-cadherin and transmitted to
the neighboring cells might differ significantly from the traction force applied to its intracellular domain.

Force Sensing at Cell–Cell Junctions
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• Mechano-sensation

• Mechano-transduction

Adhesion as an active, regulated system

2. Cadherin, mechano-sensing and -transduction
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SUMMARY

Spatial and functional organization of cells
in tissues is determined by cell-cell adhe-
sion, thought to be initiated through trans-
interactions between extracellular domains
of the cadherin family of adhesion proteins,
and strengthenedby linkage to the actin cy-
toskeleton. Prevailing dogma is that cad-
herins are linked to the actin cytoskeleton
through b-catenin and a-catenin, although
the quaternary complex has never been
demonstrated. We test this hypothesis and
find thata-catenindoesnot interactwith ac-
tin filaments and the E-cadherin-b-catenin
complex simultaneously, even in the pres-
ence of the actin binding proteins vinculin
and a-actinin, either in solution or on iso-
lated cadherin-containing membranes. Di-
rect analysis in polarized cells shows that
mobilities of E-cadherin, b-catenin, and
a-catenin are similar, regardless of the dy-
namic state of actin assembly, whereas
actin and several actin binding proteins
have higher mobilities. These results sug-
gest that the linkage between the cadherin-
catenin complex andactin filaments ismore
dynamic than previously appreciated.

INTRODUCTION

The spatial and functional organization of cells in tissues is
determined by cell-cell adhesion (Takeichi, 1995). The cad-
herin family of Ca2+-dependent cell-cell-adhesion proteins
play important roles in initiating adhesion and cell sorting in
development (Takeichi, 1995; Foty and Steinberg, 2005).
Disruption of cadherin function abrogates normal embryonic
development (Larue et al., 1994; Tepass et al., 1996; Costa

et al., 1998) and is a common occurrence in metastatic can-
cers (Thiery, 2002).

Regulation of cadherin-mediated cell-cell adhesion is de-
termined by distinct protein interactions of the cadherin ex-
tracellular and cytoplasmic domains. The extracellular do-
main forms homo- and heterophilic bonds with cadherins
on adjacent cells, which specify cell-cell recognition and
sorting of mixtures of cells (Gumbiner, 2000; Foty and
Steinberg, 2005). Binding between cadherin extracellular
domains is relatively weak, but cell-cell adhesion may be
strengthened by lateral clustering of cadherins mediated
by protein linkages between the cadherin cytoplasmic do-
main and the actin cytoskeleton (Jamora and Fuchs,
2002). The cadherin cytoplasmic domain forms a high affin-
ity, 1:1 complex with b-catenin, and b-catenin binds with
lower affinity to a-catenin (Aberle et al., 1994; Hinck
et al., 1994; Pokutta and Weis, 2000; Huber and Weis,
2001).

Several studies show that a-catenin interacts with the ac-
tin cytoskeleton. Purified a-catenin binds and bundles actin
filaments in vitro, and the actin binding site of a-catenin
maps to the C-terminal domain (Rimm et al., 1995; Pokutta
et al., 2002). In addition to binding actin, a-catenin interacts
with actin binding proteins, including vinculin (Watabe-
Uchida et al., 1998; Weiss et al., 1998), a-actinin (Knudsen
et al., 1995; Hazan et al., 1997), ZO-1 (Itoh et al., 1997),
spectrin (Pradhan et al., 2001), Ajuba (Marie et al., 2003),
afadin (Pokutta et al., 2002), and formin (Kobielak et al.,
2004).

However, the key experiment showing that a-catenin
binds simultaneously to the cadherin-b-catenin complex and
actin, either directly or indirectly through actin binding pro-
teins, has not been performed. Here we show that a-catenin
binding to b-catenin and a-catenin binding to actin filaments
are mutually exclusive, both in vitro and on isolated cadherin-
containing membrane patches, and are independent of
E-cadherin clustering. In these assays, we could not estab-
lish an indirect link of the cadherin-catenin complex and actin
filaments through vinculin or a-actinin. The cadherin-catenin
complex displays dynamics very different from actin or other
actin-associated proteins in in vivo imaging experiments.
These results indicate that our understanding of how cad-
herins interact with the actin cytoskeleton must be reas-
sessed.
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2. Questioning E-cadherin mechanical coupling to actin?

Adhesion as an active, regulated system

The E-cadherin/ß-catenin/a-catenin/F-actin complex cannot be identified 
biochemically in bulk or at membrane surfaces. 

The interaction between all components are much more dynamic than 
anticipated.

BUT let’s consider that:  
1. Clusters of E-cadherin may allow high affinity interaction while 

monomers diffuse without interacting with F-actin

2.    Interaction among adhesive complex components may be force   
dependent: e.g. catch-bond.



stability of SAJs over longer time courses, we made a fusion between
E-cad and the photoconvertible protein EosFP18. E-cad–EosFP was
distributed in spots (Fig. 1j) similar to endogenous E-cad that form
within a fewminutes from a pre-existing pool (Supplementary Fig. 1).
We chased the stability of homo-E-cad and found that once formed,
photo-converted homo-E-cad persisted in SAJs for about 1 h (Fig. 1j).
Quantification showed no detectable exchanges between photocon-
verted SAJs and their surroundings (Supplementary Fig. 2). Thus,
E-cad is indeed highly dynamic within the zonula adherens (diffusing
monomer), but clusters of homo-E-cad in SAJs form very stable com-
plexes, consistent with the idea that SAJs are bona fide sites of adhe-
sion. This realization prompted a focus on SAJ stability and mobility.

Two dynamically distinct actin populations

Amosaic distribution of homo-E-cad is not predicted at thermodyn-
amic equilibrium as the line tension at the perimeter of SAJs with
the surrounding membrane should favour larger domains. Active
mechanisms must thus be at work to maintain SAJs. This led us to
investigate the function of actin in adhesion. As actin limits diffusion
of single E-cad molecules due to its ability to interact with E-cad–
b-Cat complexes through a-Cat (a fact supported by, for example,

single-particle tracking in non-epithelial cells), the traditional view
states that actin thereby stabilizes E-cad homophilic complexes.
High-resolution confocal imaging of F-actin using phalloidin
shows a dense F-actin network at the zonula adherens (Fig. 2a, b).
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Figure 1 | Homophilic E-cad clusters in highly stable microdomains.
a–g, Spots of E-cad, b-Cat, a-Cat and E-cad–GFP are visible at all stages of
embryogenesis (a–c, e–g, stage 8; d, stage 14). Scale bars: 5 mm (a (left panel
only), b, c, d (left panel only), e); 1mm (right panel only of a and
d). f–i, FRAPs of E-cad–GFP showing the absence of recovery for bright
(f) but not low-intensity (g) regions. Right panels are corresponding
kymographs showing the evolution over 90 s of fluorescence intensity along
the junctions. Red bars denote region of bleach. h, Fluorescence recovery
curves for the examples shown in f (blue) and g (green). i, Mobile fractions
versus pre-bleach brightness of the region of interest (ROI; representative
examples shown in the right panel). j, Photoconverted spots of E-cad–EosFP
(white arrowheads; stage 9–10) do not exchange with neighbouring regions
for.50min (see Supplementary Fig. 2.
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A two-tiered mechanism for stabilization
and immobilization of E-cadherin
Matthieu Cavey1, Matteo Rauzi1,2, Pierre-François Lenne2 & Thomas Lecuit1

Epithelial tissues maintain a robust architecture which is important for their barrier function, but they are also remodelled
through the reorganization of cell–cell contacts. Tissue stability requires intercellular adhesion mediated by E-cadherin, in
particular its trans-association in homophilic complexes supported by actin filaments through b- and a-catenin. How
a-catenin dynamic interactions between E-cadherin/b-catenin and cortical actin control both stability and remodelling of
adhesion is unclear. Here we focus on Drosophila homophilic E-cadherin complexes rather than total E-cadherin, including
diffusing ‘free’ E-cadherin, because these complexes are a better proxy for adhesion. We find that E-cadherin complexes
partition in very stable microdomains (that is, bona fide adhesive foci which are more stable than remodelling contacts).
Furthermore, we find that stability and mobility of these microdomains depend on two actin populations: small, stable actin
patches concentrate at homophilic E-cadherin clusters, whereas a rapidly turning over, contractile network constrains their
lateral movement by a tethering mechanism. a-Catenin controls epithelial architecture mainly through regulation of the
mobility of homophilic clusters and it is largely dispensable for their stability. Uncoupling stability andmobility of E-cadherin
complexes suggests that stable epithelia may remodel through the regulated mobility of very stable adhesive foci.

Intercellular adhesion mediated by cadherin molecules such as
E-cadherin (E-cad) has a central role in the maintenance of epithelial
polarity1,2 and tissue architecture3,4. Loss of E-cad leads to a collapse
of epithelial tissues and their transformation to multilayered
mesenchymes. However, epithelia can remodel extensively during
development and in a range of organisms. How adhesion between
cells controls tight cell association and allows contact remodelling is
unknown. It is believed that this dual property resides in the mole-
cular dynamics of E-cad-based adhesion.

E-cad exists in at least two main pools at the surface of epithelial
cells: a monomer pool that exchanges with a trans-homophilic dimer
pool at contacting surfaces5, hereafter called homo-E-cad. Adhesion
strengthening between cells is believed to require homo-E-cad clus-
tering and stabilization by actin filaments (F-actin) and b-catenin (b-
Cat)6. How homo-E-cad is distributed and dynamically remodelled
in living epithelia is unclear.

Biochemical and cell culture studies in the past fewdecades have led
to a largely accepted framework whereby homo-E-cad clustering
requires b-Cat and a-catenin (a-Cat) at its core, as well as actin fila-
ments, which limit the diffusion of and may also stabilize homo-E-
cad6. Single-particle tracking of E-cadmolecules in non-epithelial cells
has shown that E-cad diffusion is indeed limited by its ability to
interact with F-actin7. This simple framework was challenged recently
when it was shown in cultured epithelial cells that diffusion of E-cad
fused to green fluorescent protein (E-cad–GFP) was independent of
F-actin, and that a-Cat bound to either F-actin or E-cad–b-Cat com-
plexes but not both simultaneously, allowing for a dynamic linkage
between E-cad and F-actin8. Although this offered a molecular basis
for the dynamics of adhesion, it became difficult to understand in this
context how adhesion may be strengthened by F-actin. Until now,
relevant E-cad dynamics using E-cad–GFP fusion proteins were
inferred from the average effect ofmonomeric andhomo-E-cad,with-
outdistinctionof either, in large (fewmicrometres) areas of the zonula
adherens8,9 at various stages of junction formation10. Here we extend

these studies and resolve the contribution of the two populations in a
fully functional living epithelial layer of the Drosophila embryo that
undergoes extensive remodelling. In particular, we focused our ana-
lysis onhomo-E-cadbecause this corresponds to theE-cadpopulation
most directly responsible for adhesion strength at any given time.

Homophilic E-cadherin clusters in very stable microdomains

As initially reported, in early embryonic epithelia, E-cad (encoded by
the shg gene in Drosophila), b-Cat (called Armadillo (Arm) in
Drosophila11–14) and a-Cat form brightly fluorescent spots
(Fig. 1a–c). Similarly sized electron-dense microdomains called spot
adherens junctions (SAJs)15 exhibit more closely apposed mem-
branes, suggesting that E-cad spots may be sites of homo-E-cad
enrichment. E-cad clusters increased in density but persisted
throughout embryogenesis (Fig. 1d) and at all stages examined;
homo-E-cad was neither randomly nor uniformly distributed. We
characterized the dynamics of E-cad within and outside SAJs using a
functional E-cad–GFP fusion protein16. E-cad–GFP formed fluor-
escent spots in the zonula adherens which were indistinguishable
from the endogenous E-cad spots (Fig. 1e).We analysed itsmolecular
dynamics using fluorescent recovery after photobleaching (FRAP).
By performing FRAP in very small areas (840-nmdiameter) we found
that E-cad–GFP dynamics within and outside SAJs were different.
Representative kymographs (showing the temporal evolution of a
fluorescent intensity profile along a cell junction; Fig. 1f, g) and signal
recovery curves (Fig. 1h) are shown for a single E-cad–GFP spot
(Fig. 1f, h) and a low fluorescent E-cad–GFP area (Fig. 1g, h). The
diffusion coefficient ranged from 0.53 1022 to 63 1022 mm2 s21,
consistent with published data7,17, and was unchanged when actin
was depolymerized with latrunculin-A (Lat-A; not shown), consis-
tent with previous reports8. Notably, full fluorescence of bright spots
never recovered within 60 s of FRAP (Fig. 1f, h) and the mobile
fraction was lower in bright spots (,45%) than in the surrounding
areas (up to 80%, Fig. 1i). To characterize turnover rates and the

1Institut de Biologie du Développment deMarseille Luminy, UMR 6216 CNRS-Université de laMéditerranée, Campus de Luminy case 907, 13288Marseille Cedex 09, France. 2Institut
Fresnel, UMR 6133 CNRS-Université Paul Cézanne Aix-Marseille III, Domaine Universitaire de Saint Jérôme, 13397 Marseille Cedex 20, France.
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Homophilic E-cadherin cluster

Fluorescent quantification of F-actin showed that only a fraction
(27%) of junctional actin localized within SAJs, such that F-actin is
not enriched within these areas (Fig. 2b). As this only relies on steady-
state distribution, we investigated the stability of F-actin using Lat-A
(20mM), which blocks polymerization of F-actin. As little as 5min
after Lat-A injection, most (.80%) F-actin was removed from cell
junctions, indicating a rapid depolymerization and hence turnover
rate of this actin network in the zonula adherens (Fig. 2c, d). SAJs
became slightly dimmer under these conditions, but notably never
disappeared and persisted for at least 45min (Supplementary Movie
2). A small fraction of stable actin persisted (Fig. 2d) and localized at

SAJs together with E-cad and b-Cat (Fig. 2e). We conclude that two
populations of F-actin, with different dynamic properties, coexist at
the zonula adherens: small and stable actin patches within SAJs, and a
predominant network that constantly recycles at the zonula adherens.
The latter pool is not required for homo-E-cad stability at SAJs.Owing
to our inability to depolymerize actin fully at SAJs with either Lat-A or
cytochalasin-D (not shown), we cannot firmly demonstrate that actin
patches are essential for homo-E-cad stability. However, we think
actin patches underlie SAJs stability, first because actin patches and
SAJs are both very stable, and second because SAJs are slightly dimmer
in Lat-A-treated embryos compared to controls. Note that our experi-
ments only address the stability of SAJs once they are formed. Their
formation is very rapid (Supplementary Fig. 1) and may depend on
mechanisms other than stability.

a-Cat is not essential for homo-E-cad stability

a-Cat is believed to mediate, albeit in a dynamic way8, E-cad–b-Cat
and F-actin interactions; however, earlier studies had not fully
resolved its precise role in adhesion19–21. The knockdown of a-Cat
using RNA interference (RNAi) removed all detectable a-Cat in SAJs
on the basis of immunofluorescence (Fig. 2f, g) and at least 93% total
a-Cat in embryos on the basis of western blotting (Supplementary
Fig. 3). After this knockdown, the epithelial monolayer collapsed
markedly (not shown). However, in a-Cat RNAi embryos bright
E-cad–b-Cat spots were detected as in controls and could be traced
for over 45min during tissue collapse (Figs 2g and 3; see also
Supplementary Movies 1 and 3), suggesting that the primary func-
tion of a-Cat in adhesion is not to control homo-E-cad stability in
SAJs. Consistent with this, a-Cat was not even required to maintain
the Lat-A-resistant F-actin patches at SAJs (Fig. 2h). Although we
cannot totally rule out that undetectable a-Cat at SAJs may contri-
bute to their stability to a small extent, our data clearly demonstrate
that other molecules must underlie the strong association of stable
actin patches to SAJs and homo-E-cad stability in SAJs. Furthermore,
the marked role of a-Cat in epithelial stability reflects a different
molecular function than control of SAJ stability. These results led
us to shift our attention to the dynamic actin network that underlies
the zonula adherens and to investigate the function of a-Cat in this
context.

A tensile actin network controls mobility of SAJs

Although SAJs were still present in Lat-A-treated embryos, the epi-
thelium collapsed rapidly, forming a multilayered mesenchyme, sug-
gesting that defects occur in the dynamic distribution of SAJs in the
zonula adherens. Similar defects occurred when the junctional actin
network was fragmented in mutants for bitesize (btsz), a gene encod-
ing a synaptotagmin-like protein previously shown to organize actin
filaments at cell junctions through the F-actin-binding protein
Moesin22. We quantified the movement of individual SAJs within
the zonula adherens. Kymograph analysis of E-cad–GFP spots during
gastrulation consistently showed similar trajectories (Fig. 3a). We
measured the distance di between spots (inter-spot distance) as a
function of time in the zonula adherens (Fig. 3b), circumventing a
bias introduced by the lateral drift of the epithelial tissue. The mean
square displacement (MSD5,di

2. ) of di showed a linear relation-
ship as a function of time (not shown), yielding the diffusion coef-
ficient (D) of SAJs23,24 (Fig. 3c, d). 64.3% of spots were classified as
stationary (n5 84) as their apparent diffusion coefficients were
below the detection limit (D, 1.63 1023 mm2 s21), which we deter-
mined by similarly analysing paraformaldehyde-fixed immobile
homo-E-cad spots (Fig. 3d, e, red). The remaining mobile SAJs
(35.7%) exhibited very low diffusion coefficients (D, 6.33
1023 mm2 s21), indicating that SAJs have a constrained motion at
the junctional cortex. In both btszRNAi and Lat-A-injected embryos,
individual SAJs visible in kymographs (Fig. 3a) were moving faster
within the plane of the zonula adherens. 65% (n5 74) became
mobile in btsz mutants and over 83% (n5 119) in Lat-A-injected

Undetectable
movement

10–4 10–3 10–2 10–4 10–3 10–2

10–4 10–3 10–2

N
um

be
r o

f e
ve

nt
s

10–4
0
2
4
6
8

10
12
14

1.0

0.8

0.6

0.4

0.2

0

1.0

0.8

0.6

0.4

0.2

0

10–3 10–2 10–1

Diffusion coefficient, D (µm2 s–1) Diffusion coefficient, D (µm2 s–1)

Diffusion coefficient, D (µm2 s–1) Diffusion coefficient, D (µm2 s–1)

WT (n = 84)

a-Cat RNAi (n = 146)

WT (n = 84)

DiaCA (n = 104)

myrWasp (n = 202)

Rok inhibitor (n = 100)

WT  (n = 84)

btsz  (n = 74)

Lat-A  (n = 119)WT

btsz

Lat-A

E-cad–GFP

La
t-

A

C
um

ul
at

iv
e 

pr
ob

ab
ili

ty 1.0

0.8

0.6

0.4

0.2

0C
um

ul
at

iv
e 

pr
ob

ab
ili

ty
C

um
ul

at
iv

e 
pr

ob
ab

ili
ty

C
on

tr
ol

20

40

60

A                                      B

log

loglog

log

Tim
e (s)

a b

c

d e

f g

h

WT

btsz
RNAi

Lat-A

A                                           B
di 10

20
30
40
50
t (s)

di

<di
2>

2D

t

Figure 3 | Lateral mobility of SAJs controlled by a dynamic actin network.
a, Trajectories of SAJs on representative kymographs of wild type (WT), btsz
RNAi and Lat-A-injected embryos; time is indicated in seconds. b, c, The
distance between two spots is measured at different time intervals (b) to
extract the mean square displacement (MSD;,di

2. ), which is linearly
proportional to the time for diffusive motion (c) and gives the diffusion
coefficient,D. d, e, Histograms (d) and cumulative probability distributions
(e) of D for wild type, btsz and Lat-A embryos (log scale). Shaded areas
indicate thatD is below the detection limit (1.63 1023 mm2 s21). f, g, Excess
polymerization of actin by Diaphanous (DiaCA) and Wasp (myrWasp)
(f) further immobilizes E-cad–GFP spots compared to wild type; in contrast,
depletion of a-Cat (g) or inhibition of myosin-II contractility using a Rok
inhibitor (f) results in enhanced mobility. h, Loss of uniform distribution of
SAJs in Lat-A-injected embryos.
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Fluorescent quantification of F-actin showed that only a fraction
(27%) of junctional actin localized within SAJs, such that F-actin is
not enriched within these areas (Fig. 2b). As this only relies on steady-
state distribution, we investigated the stability of F-actin using Lat-A
(20mM), which blocks polymerization of F-actin. As little as 5min
after Lat-A injection, most (.80%) F-actin was removed from cell
junctions, indicating a rapid depolymerization and hence turnover
rate of this actin network in the zonula adherens (Fig. 2c, d). SAJs
became slightly dimmer under these conditions, but notably never
disappeared and persisted for at least 45min (Supplementary Movie
2). A small fraction of stable actin persisted (Fig. 2d) and localized at

SAJs together with E-cad and b-Cat (Fig. 2e). We conclude that two
populations of F-actin, with different dynamic properties, coexist at
the zonula adherens: small and stable actin patches within SAJs, and a
predominant network that constantly recycles at the zonula adherens.
The latter pool is not required for homo-E-cad stability at SAJs.Owing
to our inability to depolymerize actin fully at SAJs with either Lat-A or
cytochalasin-D (not shown), we cannot firmly demonstrate that actin
patches are essential for homo-E-cad stability. However, we think
actin patches underlie SAJs stability, first because actin patches and
SAJs are both very stable, and second because SAJs are slightly dimmer
in Lat-A-treated embryos compared to controls. Note that our experi-
ments only address the stability of SAJs once they are formed. Their
formation is very rapid (Supplementary Fig. 1) and may depend on
mechanisms other than stability.

a-Cat is not essential for homo-E-cad stability

a-Cat is believed to mediate, albeit in a dynamic way8, E-cad–b-Cat
and F-actin interactions; however, earlier studies had not fully
resolved its precise role in adhesion19–21. The knockdown of a-Cat
using RNA interference (RNAi) removed all detectable a-Cat in SAJs
on the basis of immunofluorescence (Fig. 2f, g) and at least 93% total
a-Cat in embryos on the basis of western blotting (Supplementary
Fig. 3). After this knockdown, the epithelial monolayer collapsed
markedly (not shown). However, in a-Cat RNAi embryos bright
E-cad–b-Cat spots were detected as in controls and could be traced
for over 45min during tissue collapse (Figs 2g and 3; see also
Supplementary Movies 1 and 3), suggesting that the primary func-
tion of a-Cat in adhesion is not to control homo-E-cad stability in
SAJs. Consistent with this, a-Cat was not even required to maintain
the Lat-A-resistant F-actin patches at SAJs (Fig. 2h). Although we
cannot totally rule out that undetectable a-Cat at SAJs may contri-
bute to their stability to a small extent, our data clearly demonstrate
that other molecules must underlie the strong association of stable
actin patches to SAJs and homo-E-cad stability in SAJs. Furthermore,
the marked role of a-Cat in epithelial stability reflects a different
molecular function than control of SAJ stability. These results led
us to shift our attention to the dynamic actin network that underlies
the zonula adherens and to investigate the function of a-Cat in this
context.

A tensile actin network controls mobility of SAJs

Although SAJs were still present in Lat-A-treated embryos, the epi-
thelium collapsed rapidly, forming a multilayered mesenchyme, sug-
gesting that defects occur in the dynamic distribution of SAJs in the
zonula adherens. Similar defects occurred when the junctional actin
network was fragmented in mutants for bitesize (btsz), a gene encod-
ing a synaptotagmin-like protein previously shown to organize actin
filaments at cell junctions through the F-actin-binding protein
Moesin22. We quantified the movement of individual SAJs within
the zonula adherens. Kymograph analysis of E-cad–GFP spots during
gastrulation consistently showed similar trajectories (Fig. 3a). We
measured the distance di between spots (inter-spot distance) as a
function of time in the zonula adherens (Fig. 3b), circumventing a
bias introduced by the lateral drift of the epithelial tissue. The mean
square displacement (MSD5,di

2. ) of di showed a linear relation-
ship as a function of time (not shown), yielding the diffusion coef-
ficient (D) of SAJs23,24 (Fig. 3c, d). 64.3% of spots were classified as
stationary (n5 84) as their apparent diffusion coefficients were
below the detection limit (D, 1.63 1023 mm2 s21), which we deter-
mined by similarly analysing paraformaldehyde-fixed immobile
homo-E-cad spots (Fig. 3d, e, red). The remaining mobile SAJs
(35.7%) exhibited very low diffusion coefficients (D, 6.33
1023 mm2 s21), indicating that SAJs have a constrained motion at
the junctional cortex. In both btszRNAi and Lat-A-injected embryos,
individual SAJs visible in kymographs (Fig. 3a) were moving faster
within the plane of the zonula adherens. 65% (n5 74) became
mobile in btsz mutants and over 83% (n5 119) in Lat-A-injected
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Figure 3 | Lateral mobility of SAJs controlled by a dynamic actin network.
a, Trajectories of SAJs on representative kymographs of wild type (WT), btsz
RNAi and Lat-A-injected embryos; time is indicated in seconds. b, c, The
distance between two spots is measured at different time intervals (b) to
extract the mean square displacement (MSD;,di

2. ), which is linearly
proportional to the time for diffusive motion (c) and gives the diffusion
coefficient,D. d, e, Histograms (d) and cumulative probability distributions
(e) of D for wild type, btsz and Lat-A embryos (log scale). Shaded areas
indicate thatD is below the detection limit (1.63 1023 mm2 s21). f, g, Excess
polymerization of actin by Diaphanous (DiaCA) and Wasp (myrWasp)
(f) further immobilizes E-cad–GFP spots compared to wild type; in contrast,
depletion of a-Cat (g) or inhibition of myosin-II contractility using a Rok
inhibitor (f) results in enhanced mobility. h, Loss of uniform distribution of
SAJs in Lat-A-injected embryos.
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Fluorescent quantification of F-actin showed that only a fraction
(27%) of junctional actin localized within SAJs, such that F-actin is
not enriched within these areas (Fig. 2b). As this only relies on steady-
state distribution, we investigated the stability of F-actin using Lat-A
(20mM), which blocks polymerization of F-actin. As little as 5min
after Lat-A injection, most (.80%) F-actin was removed from cell
junctions, indicating a rapid depolymerization and hence turnover
rate of this actin network in the zonula adherens (Fig. 2c, d). SAJs
became slightly dimmer under these conditions, but notably never
disappeared and persisted for at least 45min (Supplementary Movie
2). A small fraction of stable actin persisted (Fig. 2d) and localized at

SAJs together with E-cad and b-Cat (Fig. 2e). We conclude that two
populations of F-actin, with different dynamic properties, coexist at
the zonula adherens: small and stable actin patches within SAJs, and a
predominant network that constantly recycles at the zonula adherens.
The latter pool is not required for homo-E-cad stability at SAJs.Owing
to our inability to depolymerize actin fully at SAJs with either Lat-A or
cytochalasin-D (not shown), we cannot firmly demonstrate that actin
patches are essential for homo-E-cad stability. However, we think
actin patches underlie SAJs stability, first because actin patches and
SAJs are both very stable, and second because SAJs are slightly dimmer
in Lat-A-treated embryos compared to controls. Note that our experi-
ments only address the stability of SAJs once they are formed. Their
formation is very rapid (Supplementary Fig. 1) and may depend on
mechanisms other than stability.

a-Cat is not essential for homo-E-cad stability

a-Cat is believed to mediate, albeit in a dynamic way8, E-cad–b-Cat
and F-actin interactions; however, earlier studies had not fully
resolved its precise role in adhesion19–21. The knockdown of a-Cat
using RNA interference (RNAi) removed all detectable a-Cat in SAJs
on the basis of immunofluorescence (Fig. 2f, g) and at least 93% total
a-Cat in embryos on the basis of western blotting (Supplementary
Fig. 3). After this knockdown, the epithelial monolayer collapsed
markedly (not shown). However, in a-Cat RNAi embryos bright
E-cad–b-Cat spots were detected as in controls and could be traced
for over 45min during tissue collapse (Figs 2g and 3; see also
Supplementary Movies 1 and 3), suggesting that the primary func-
tion of a-Cat in adhesion is not to control homo-E-cad stability in
SAJs. Consistent with this, a-Cat was not even required to maintain
the Lat-A-resistant F-actin patches at SAJs (Fig. 2h). Although we
cannot totally rule out that undetectable a-Cat at SAJs may contri-
bute to their stability to a small extent, our data clearly demonstrate
that other molecules must underlie the strong association of stable
actin patches to SAJs and homo-E-cad stability in SAJs. Furthermore,
the marked role of a-Cat in epithelial stability reflects a different
molecular function than control of SAJ stability. These results led
us to shift our attention to the dynamic actin network that underlies
the zonula adherens and to investigate the function of a-Cat in this
context.

A tensile actin network controls mobility of SAJs

Although SAJs were still present in Lat-A-treated embryos, the epi-
thelium collapsed rapidly, forming a multilayered mesenchyme, sug-
gesting that defects occur in the dynamic distribution of SAJs in the
zonula adherens. Similar defects occurred when the junctional actin
network was fragmented in mutants for bitesize (btsz), a gene encod-
ing a synaptotagmin-like protein previously shown to organize actin
filaments at cell junctions through the F-actin-binding protein
Moesin22. We quantified the movement of individual SAJs within
the zonula adherens. Kymograph analysis of E-cad–GFP spots during
gastrulation consistently showed similar trajectories (Fig. 3a). We
measured the distance di between spots (inter-spot distance) as a
function of time in the zonula adherens (Fig. 3b), circumventing a
bias introduced by the lateral drift of the epithelial tissue. The mean
square displacement (MSD5,di

2. ) of di showed a linear relation-
ship as a function of time (not shown), yielding the diffusion coef-
ficient (D) of SAJs23,24 (Fig. 3c, d). 64.3% of spots were classified as
stationary (n5 84) as their apparent diffusion coefficients were
below the detection limit (D, 1.63 1023 mm2 s21), which we deter-
mined by similarly analysing paraformaldehyde-fixed immobile
homo-E-cad spots (Fig. 3d, e, red). The remaining mobile SAJs
(35.7%) exhibited very low diffusion coefficients (D, 6.33
1023 mm2 s21), indicating that SAJs have a constrained motion at
the junctional cortex. In both btszRNAi and Lat-A-injected embryos,
individual SAJs visible in kymographs (Fig. 3a) were moving faster
within the plane of the zonula adherens. 65% (n5 74) became
mobile in btsz mutants and over 83% (n5 119) in Lat-A-injected
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Figure 3 | Lateral mobility of SAJs controlled by a dynamic actin network.
a, Trajectories of SAJs on representative kymographs of wild type (WT), btsz
RNAi and Lat-A-injected embryos; time is indicated in seconds. b, c, The
distance between two spots is measured at different time intervals (b) to
extract the mean square displacement (MSD;,di

2. ), which is linearly
proportional to the time for diffusive motion (c) and gives the diffusion
coefficient,D. d, e, Histograms (d) and cumulative probability distributions
(e) of D for wild type, btsz and Lat-A embryos (log scale). Shaded areas
indicate thatD is below the detection limit (1.63 1023 mm2 s21). f, g, Excess
polymerization of actin by Diaphanous (DiaCA) and Wasp (myrWasp)
(f) further immobilizes E-cad–GFP spots compared to wild type; in contrast,
depletion of a-Cat (g) or inhibition of myosin-II contractility using a Rok
inhibitor (f) results in enhanced mobility. h, Loss of uniform distribution of
SAJs in Lat-A-injected embryos.
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Fluorescent quantification of F-actin showed that only a fraction
(27%) of junctional actin localized within SAJs, such that F-actin is
not enriched within these areas (Fig. 2b). As this only relies on steady-
state distribution, we investigated the stability of F-actin using Lat-A
(20mM), which blocks polymerization of F-actin. As little as 5min
after Lat-A injection, most (.80%) F-actin was removed from cell
junctions, indicating a rapid depolymerization and hence turnover
rate of this actin network in the zonula adherens (Fig. 2c, d). SAJs
became slightly dimmer under these conditions, but notably never
disappeared and persisted for at least 45min (Supplementary Movie
2). A small fraction of stable actin persisted (Fig. 2d) and localized at

SAJs together with E-cad and b-Cat (Fig. 2e). We conclude that two
populations of F-actin, with different dynamic properties, coexist at
the zonula adherens: small and stable actin patches within SAJs, and a
predominant network that constantly recycles at the zonula adherens.
The latter pool is not required for homo-E-cad stability at SAJs.Owing
to our inability to depolymerize actin fully at SAJs with either Lat-A or
cytochalasin-D (not shown), we cannot firmly demonstrate that actin
patches are essential for homo-E-cad stability. However, we think
actin patches underlie SAJs stability, first because actin patches and
SAJs are both very stable, and second because SAJs are slightly dimmer
in Lat-A-treated embryos compared to controls. Note that our experi-
ments only address the stability of SAJs once they are formed. Their
formation is very rapid (Supplementary Fig. 1) and may depend on
mechanisms other than stability.

a-Cat is not essential for homo-E-cad stability

a-Cat is believed to mediate, albeit in a dynamic way8, E-cad–b-Cat
and F-actin interactions; however, earlier studies had not fully
resolved its precise role in adhesion19–21. The knockdown of a-Cat
using RNA interference (RNAi) removed all detectable a-Cat in SAJs
on the basis of immunofluorescence (Fig. 2f, g) and at least 93% total
a-Cat in embryos on the basis of western blotting (Supplementary
Fig. 3). After this knockdown, the epithelial monolayer collapsed
markedly (not shown). However, in a-Cat RNAi embryos bright
E-cad–b-Cat spots were detected as in controls and could be traced
for over 45min during tissue collapse (Figs 2g and 3; see also
Supplementary Movies 1 and 3), suggesting that the primary func-
tion of a-Cat in adhesion is not to control homo-E-cad stability in
SAJs. Consistent with this, a-Cat was not even required to maintain
the Lat-A-resistant F-actin patches at SAJs (Fig. 2h). Although we
cannot totally rule out that undetectable a-Cat at SAJs may contri-
bute to their stability to a small extent, our data clearly demonstrate
that other molecules must underlie the strong association of stable
actin patches to SAJs and homo-E-cad stability in SAJs. Furthermore,
the marked role of a-Cat in epithelial stability reflects a different
molecular function than control of SAJ stability. These results led
us to shift our attention to the dynamic actin network that underlies
the zonula adherens and to investigate the function of a-Cat in this
context.

A tensile actin network controls mobility of SAJs

Although SAJs were still present in Lat-A-treated embryos, the epi-
thelium collapsed rapidly, forming a multilayered mesenchyme, sug-
gesting that defects occur in the dynamic distribution of SAJs in the
zonula adherens. Similar defects occurred when the junctional actin
network was fragmented in mutants for bitesize (btsz), a gene encod-
ing a synaptotagmin-like protein previously shown to organize actin
filaments at cell junctions through the F-actin-binding protein
Moesin22. We quantified the movement of individual SAJs within
the zonula adherens. Kymograph analysis of E-cad–GFP spots during
gastrulation consistently showed similar trajectories (Fig. 3a). We
measured the distance di between spots (inter-spot distance) as a
function of time in the zonula adherens (Fig. 3b), circumventing a
bias introduced by the lateral drift of the epithelial tissue. The mean
square displacement (MSD5,di

2. ) of di showed a linear relation-
ship as a function of time (not shown), yielding the diffusion coef-
ficient (D) of SAJs23,24 (Fig. 3c, d). 64.3% of spots were classified as
stationary (n5 84) as their apparent diffusion coefficients were
below the detection limit (D, 1.63 1023 mm2 s21), which we deter-
mined by similarly analysing paraformaldehyde-fixed immobile
homo-E-cad spots (Fig. 3d, e, red). The remaining mobile SAJs
(35.7%) exhibited very low diffusion coefficients (D, 6.33
1023 mm2 s21), indicating that SAJs have a constrained motion at
the junctional cortex. In both btszRNAi and Lat-A-injected embryos,
individual SAJs visible in kymographs (Fig. 3a) were moving faster
within the plane of the zonula adherens. 65% (n5 74) became
mobile in btsz mutants and over 83% (n5 119) in Lat-A-injected
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Figure 3 | Lateral mobility of SAJs controlled by a dynamic actin network.
a, Trajectories of SAJs on representative kymographs of wild type (WT), btsz
RNAi and Lat-A-injected embryos; time is indicated in seconds. b, c, The
distance between two spots is measured at different time intervals (b) to
extract the mean square displacement (MSD;,di

2. ), which is linearly
proportional to the time for diffusive motion (c) and gives the diffusion
coefficient,D. d, e, Histograms (d) and cumulative probability distributions
(e) of D for wild type, btsz and Lat-A embryos (log scale). Shaded areas
indicate thatD is below the detection limit (1.63 1023 mm2 s21). f, g, Excess
polymerization of actin by Diaphanous (DiaCA) and Wasp (myrWasp)
(f) further immobilizes E-cad–GFP spots compared to wild type; in contrast,
depletion of a-Cat (g) or inhibition of myosin-II contractility using a Rok
inhibitor (f) results in enhanced mobility. h, Loss of uniform distribution of
SAJs in Lat-A-injected embryos.
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Adhesion as an active, regulated system

Though single molecules diffuse at the membrane E-cadherin clusters are immobilised
by actin filaments at the cortex.
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embryos (Fig. 3d, e and Supplementary Movie 2). Correspondingly,
SAJs had higher diffusion coefficients than controls (P5 1.73 1025

for btsz RNAi and P5 3.63 10216 for Lat-A). We also measured
shorter residence time of SAJs in 1-mm-thick confocal sections when
actin was disrupted (btsz mutant and Lat-A injection) compared to
wild-type embryos (not shown), demonstrating that SAJs also diffuse
away from junctions along the apical–basal axis in these conditions.
As a result, SAJs lost their uniform distribution around the cell peri-
phery (Fig. 3h) and cells failed tomaintain proper uniform adhesion,
leading to epithelium collapse. Conversely, forcing the polymeri-
zation of the actin network through expression of a constitutively
active form of Diaphanous (also known as Formin)25 to promote
unbranched actin elongation26, or expression of amyristoylated form
of Wasp to promote cortical actin branching27, caused significant
(P5 9.573 10213 and P5 4.873 1024, respectively) further

immobilization of SAJs compared to wild type (Fig. 3f). In addition,
removing myosin-II motors within the cortical actin network using a
Rho-associated kinase (Rok) inhibitor increased SAJmobility (Fig. 3f,
P5 33 1022). A simple interpretation of this is that actin network
stiffening bymyosin-IImotor and crosslinking activity is required for
SAJ immobilization. Taking these results together, we conclude that
the dynamic actin network at the zonula adherens controls the lateral
mobility of SAJs but not homo-E-cad clustering and molecular
stability.

a-Cat mediates tethering of homo-E-cad by cortical actin

Two mechanisms could underlie the constrained mobility of SAJs.
The dynamic actin network could prevent lateral diffusion of SAJs by
forming non-specific obstacles as in a corral. Conversely, SAJsmay be
tethered to the actin network by specific interactions. Our findings
support the latter mechanism and are inconsistent with the former
mechanism playing amajor part. First, we show that a-Cat serves as a
specific dynamic tether between SAJs and actin. Although the
stability of SAJs does not require a-Cat, their individual dynamics
increased significantly in a-Cat RNAi embryos (Fig. 3g and
Supplementary Movie 3; P5 3.873 1028), explaining the tissue col-
lapse as also observed in Lat-A-injected embryos. To probe further
the mechanical links between SAJs and the underlying actin network,
we developed ‘nano-scissors’ to sever this network and followed the
redistribution of SAJs. A near-infrared pulsed laser delivered nano-
joule pulses to ablate within sub-diffraction-limited volumes at the
cortex28. Short (,5ms) ablation led to the progressive (within 60 s)
redistribution, away from the point of ablation, of the junctional
actin network visualized by fusion of GFP to the actin-binding
domain of moesin (MoeABD–GFP29; Fig. 4a). Three-photon unca-
ging of caged fluorescein ensured that membranes were still imper-
meable and that actin redistribution was not caused by a hole in the
plasma membrane (Fig. 4a, second image from right). In such
conditions, nano-ablation caused a complete redistribution of
E-cad–GFP away from the point of ablation (Fig. 4b) within intact
junctional cell contacts (Fig. 4b, second image from right). The redis-
tribution of SAJs did not occur when actin was depolymerized with
Lat-A (Fig. 4d) and required the myosin-II-dependent contractility
of the cortical actin network (Fig. 4e), suggesting that E-cad redis-
tribution after ablation is caused by the reorganization of actin.
Moreover, when a-Cat was knocked down, SAJs did not leave the
junctions where ablation occurred (Fig. 4f), consistent with a-Cat
being a specific mediator of SAJ–actin interactions. A control trans-
membrane protein tagged with GFP (VSVG–GFP), which does not
bind actin, never redistributed (Fig. 4c), further confirming that E-cad
redistribution is a specific effect of actin–SAJ interactions. These
results establish the primary tether function of the dynamic actin
network on SAJs in the zonula adherens.

Discussion

We have identified two separable functional modules involving dif-
ferently F-actin anda-Cat in stability versusmobility of homo-E-cad.
Homo-E-cad is neither randomly nor uniformly distributed and
clusters in very stable microdomains that persist at a variable density,
at all stages of Drosophila embryogenesis examined, and in imaginal
discs (not shown). This may reflect a general tendency towards
‘mosaic’ homo-E-cad organization, as observed in mammalian
cells10,30. We have uncovered two separable actin populations with
different distributions, dynamics and functions in adhesion (Fig. 5).
A small fraction of F-actin localizes at SAJs, is very stable and prob-
ably underlies stabilization of homo-E-cad. The remaining main
F-actin fraction forms a very dynamic, contractile network around
the junctional cortex required to restrain the mobility of SAJs within
the zonula adherens by a tether mechanism. In this context, we shed
light on the function of a-Cat andwe find that it is dispensable for the
stability of SAJs and actin stabilization at SAJs, but essential to restrict
the lateral mobility of SAJs by the actin network. Failure to restrain
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Figure 4 | Nanoablation of cortical actin network and tethering of SAJs to
actin. a–c, Redistribution away from focal ablation spots (pulse at t5 0,
yellow arrowheads) of F-actin (MoeABD–GFP) and E-cad–GFP but not of
the transmembrane protein VSVG–GFP. a, b, The second panel from the
right of a and b shows 3-photon uncaging of fluorescein in a single cell at the
end of the experiment, demonstrating that the plasma membrane is not
permeabilized by ablation. The far-right panels of a–c are kymographs
drawn between the two white arrowheads in the corresponding far-left
panels; brackets indicate clearing. d, e, Redistribution of E-cad–GFP requires
an intact, contractile cortical actin network as it does not occur in Lat-A-
injected embryos (d; arrows) or whenmyosin-II is inactivated by injection of
Rok inhibitor (e; arrows). Redistribution is dependent on a-Cat, as indicated
by the a-Cat knockdown (f; arrows). Time is indicated in seconds.

ARTICLES NATURE |Vol 453 |5 June 2008

754
Nature   Publishing Group©2008

embryos (Fig. 3d, e and Supplementary Movie 2). Correspondingly,
SAJs had higher diffusion coefficients than controls (P5 1.73 1025

for btsz RNAi and P5 3.63 10216 for Lat-A). We also measured
shorter residence time of SAJs in 1-mm-thick confocal sections when
actin was disrupted (btsz mutant and Lat-A injection) compared to
wild-type embryos (not shown), demonstrating that SAJs also diffuse
away from junctions along the apical–basal axis in these conditions.
As a result, SAJs lost their uniform distribution around the cell peri-
phery (Fig. 3h) and cells failed tomaintain proper uniform adhesion,
leading to epithelium collapse. Conversely, forcing the polymeri-
zation of the actin network through expression of a constitutively
active form of Diaphanous (also known as Formin)25 to promote
unbranched actin elongation26, or expression of amyristoylated form
of Wasp to promote cortical actin branching27, caused significant
(P5 9.573 10213 and P5 4.873 1024, respectively) further

immobilization of SAJs compared to wild type (Fig. 3f). In addition,
removing myosin-II motors within the cortical actin network using a
Rho-associated kinase (Rok) inhibitor increased SAJmobility (Fig. 3f,
P5 33 1022). A simple interpretation of this is that actin network
stiffening bymyosin-IImotor and crosslinking activity is required for
SAJ immobilization. Taking these results together, we conclude that
the dynamic actin network at the zonula adherens controls the lateral
mobility of SAJs but not homo-E-cad clustering and molecular
stability.

a-Cat mediates tethering of homo-E-cad by cortical actin

Two mechanisms could underlie the constrained mobility of SAJs.
The dynamic actin network could prevent lateral diffusion of SAJs by
forming non-specific obstacles as in a corral. Conversely, SAJsmay be
tethered to the actin network by specific interactions. Our findings
support the latter mechanism and are inconsistent with the former
mechanism playing amajor part. First, we show that a-Cat serves as a
specific dynamic tether between SAJs and actin. Although the
stability of SAJs does not require a-Cat, their individual dynamics
increased significantly in a-Cat RNAi embryos (Fig. 3g and
Supplementary Movie 3; P5 3.873 1028), explaining the tissue col-
lapse as also observed in Lat-A-injected embryos. To probe further
the mechanical links between SAJs and the underlying actin network,
we developed ‘nano-scissors’ to sever this network and followed the
redistribution of SAJs. A near-infrared pulsed laser delivered nano-
joule pulses to ablate within sub-diffraction-limited volumes at the
cortex28. Short (,5ms) ablation led to the progressive (within 60 s)
redistribution, away from the point of ablation, of the junctional
actin network visualized by fusion of GFP to the actin-binding
domain of moesin (MoeABD–GFP29; Fig. 4a). Three-photon unca-
ging of caged fluorescein ensured that membranes were still imper-
meable and that actin redistribution was not caused by a hole in the
plasma membrane (Fig. 4a, second image from right). In such
conditions, nano-ablation caused a complete redistribution of
E-cad–GFP away from the point of ablation (Fig. 4b) within intact
junctional cell contacts (Fig. 4b, second image from right). The redis-
tribution of SAJs did not occur when actin was depolymerized with
Lat-A (Fig. 4d) and required the myosin-II-dependent contractility
of the cortical actin network (Fig. 4e), suggesting that E-cad redis-
tribution after ablation is caused by the reorganization of actin.
Moreover, when a-Cat was knocked down, SAJs did not leave the
junctions where ablation occurred (Fig. 4f), consistent with a-Cat
being a specific mediator of SAJ–actin interactions. A control trans-
membrane protein tagged with GFP (VSVG–GFP), which does not
bind actin, never redistributed (Fig. 4c), further confirming that E-cad
redistribution is a specific effect of actin–SAJ interactions. These
results establish the primary tether function of the dynamic actin
network on SAJs in the zonula adherens.

Discussion

We have identified two separable functional modules involving dif-
ferently F-actin anda-Cat in stability versusmobility of homo-E-cad.
Homo-E-cad is neither randomly nor uniformly distributed and
clusters in very stable microdomains that persist at a variable density,
at all stages of Drosophila embryogenesis examined, and in imaginal
discs (not shown). This may reflect a general tendency towards
‘mosaic’ homo-E-cad organization, as observed in mammalian
cells10,30. We have uncovered two separable actin populations with
different distributions, dynamics and functions in adhesion (Fig. 5).
A small fraction of F-actin localizes at SAJs, is very stable and prob-
ably underlies stabilization of homo-E-cad. The remaining main
F-actin fraction forms a very dynamic, contractile network around
the junctional cortex required to restrain the mobility of SAJs within
the zonula adherens by a tether mechanism. In this context, we shed
light on the function of a-Cat andwe find that it is dispensable for the
stability of SAJs and actin stabilization at SAJs, but essential to restrict
the lateral mobility of SAJs by the actin network. Failure to restrain
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Figure 4 | Nanoablation of cortical actin network and tethering of SAJs to
actin. a–c, Redistribution away from focal ablation spots (pulse at t5 0,
yellow arrowheads) of F-actin (MoeABD–GFP) and E-cad–GFP but not of
the transmembrane protein VSVG–GFP. a, b, The second panel from the
right of a and b shows 3-photon uncaging of fluorescein in a single cell at the
end of the experiment, demonstrating that the plasma membrane is not
permeabilized by ablation. The far-right panels of a–c are kymographs
drawn between the two white arrowheads in the corresponding far-left
panels; brackets indicate clearing. d, e, Redistribution of E-cad–GFP requires
an intact, contractile cortical actin network as it does not occur in Lat-A-
injected embryos (d; arrows) or whenmyosin-II is inactivated by injection of
Rok inhibitor (e; arrows). Redistribution is dependent on a-Cat, as indicated
by the a-Cat knockdown (f; arrows). Time is indicated in seconds.
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embryos (Fig. 3d, e and Supplementary Movie 2). Correspondingly,
SAJs had higher diffusion coefficients than controls (P5 1.73 1025

for btsz RNAi and P5 3.63 10216 for Lat-A). We also measured
shorter residence time of SAJs in 1-mm-thick confocal sections when
actin was disrupted (btsz mutant and Lat-A injection) compared to
wild-type embryos (not shown), demonstrating that SAJs also diffuse
away from junctions along the apical–basal axis in these conditions.
As a result, SAJs lost their uniform distribution around the cell peri-
phery (Fig. 3h) and cells failed tomaintain proper uniform adhesion,
leading to epithelium collapse. Conversely, forcing the polymeri-
zation of the actin network through expression of a constitutively
active form of Diaphanous (also known as Formin)25 to promote
unbranched actin elongation26, or expression of amyristoylated form
of Wasp to promote cortical actin branching27, caused significant
(P5 9.573 10213 and P5 4.873 1024, respectively) further

immobilization of SAJs compared to wild type (Fig. 3f). In addition,
removing myosin-II motors within the cortical actin network using a
Rho-associated kinase (Rok) inhibitor increased SAJmobility (Fig. 3f,
P5 33 1022). A simple interpretation of this is that actin network
stiffening bymyosin-IImotor and crosslinking activity is required for
SAJ immobilization. Taking these results together, we conclude that
the dynamic actin network at the zonula adherens controls the lateral
mobility of SAJs but not homo-E-cad clustering and molecular
stability.

a-Cat mediates tethering of homo-E-cad by cortical actin

Two mechanisms could underlie the constrained mobility of SAJs.
The dynamic actin network could prevent lateral diffusion of SAJs by
forming non-specific obstacles as in a corral. Conversely, SAJsmay be
tethered to the actin network by specific interactions. Our findings
support the latter mechanism and are inconsistent with the former
mechanism playing amajor part. First, we show that a-Cat serves as a
specific dynamic tether between SAJs and actin. Although the
stability of SAJs does not require a-Cat, their individual dynamics
increased significantly in a-Cat RNAi embryos (Fig. 3g and
Supplementary Movie 3; P5 3.873 1028), explaining the tissue col-
lapse as also observed in Lat-A-injected embryos. To probe further
the mechanical links between SAJs and the underlying actin network,
we developed ‘nano-scissors’ to sever this network and followed the
redistribution of SAJs. A near-infrared pulsed laser delivered nano-
joule pulses to ablate within sub-diffraction-limited volumes at the
cortex28. Short (,5ms) ablation led to the progressive (within 60 s)
redistribution, away from the point of ablation, of the junctional
actin network visualized by fusion of GFP to the actin-binding
domain of moesin (MoeABD–GFP29; Fig. 4a). Three-photon unca-
ging of caged fluorescein ensured that membranes were still imper-
meable and that actin redistribution was not caused by a hole in the
plasma membrane (Fig. 4a, second image from right). In such
conditions, nano-ablation caused a complete redistribution of
E-cad–GFP away from the point of ablation (Fig. 4b) within intact
junctional cell contacts (Fig. 4b, second image from right). The redis-
tribution of SAJs did not occur when actin was depolymerized with
Lat-A (Fig. 4d) and required the myosin-II-dependent contractility
of the cortical actin network (Fig. 4e), suggesting that E-cad redis-
tribution after ablation is caused by the reorganization of actin.
Moreover, when a-Cat was knocked down, SAJs did not leave the
junctions where ablation occurred (Fig. 4f), consistent with a-Cat
being a specific mediator of SAJ–actin interactions. A control trans-
membrane protein tagged with GFP (VSVG–GFP), which does not
bind actin, never redistributed (Fig. 4c), further confirming that E-cad
redistribution is a specific effect of actin–SAJ interactions. These
results establish the primary tether function of the dynamic actin
network on SAJs in the zonula adherens.

Discussion

We have identified two separable functional modules involving dif-
ferently F-actin anda-Cat in stability versusmobility of homo-E-cad.
Homo-E-cad is neither randomly nor uniformly distributed and
clusters in very stable microdomains that persist at a variable density,
at all stages of Drosophila embryogenesis examined, and in imaginal
discs (not shown). This may reflect a general tendency towards
‘mosaic’ homo-E-cad organization, as observed in mammalian
cells10,30. We have uncovered two separable actin populations with
different distributions, dynamics and functions in adhesion (Fig. 5).
A small fraction of F-actin localizes at SAJs, is very stable and prob-
ably underlies stabilization of homo-E-cad. The remaining main
F-actin fraction forms a very dynamic, contractile network around
the junctional cortex required to restrain the mobility of SAJs within
the zonula adherens by a tether mechanism. In this context, we shed
light on the function of a-Cat andwe find that it is dispensable for the
stability of SAJs and actin stabilization at SAJs, but essential to restrict
the lateral mobility of SAJs by the actin network. Failure to restrain
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mobility of SAJs in a-Cat RNAi or Lat-A-treated embryos led to a
collapse of the epithelium, a consequence often attributed to the
destabilization of homo-E-cad complexes. These findings suggest
the existence of other molecules mediating the stable association of
homo-E-cad to actin patches, independent of a-Cat. Moreover, our
data demonstrate that the junctional actin network pulls on SAJs via
a-Cat, suggesting that a-Cat either interacts transiently with both
b-Cat and actin, or that it links actin via other proteins31. Such
individual low-affinity interactions may be impossible to detect,
but their collective effects in SAJs where hundreds of E-cadmolecules
are clustered may be very effective.

This model has a number of important implications for the regu-
lation of adhesion. First, stability andmobility of homo-E-cad can be
mechanistically uncoupled, although both are supported by actin. It
will be important to decipher how actin dynamics is differentially
controlled at SAJs and at the junctional cortex. Stabilization of fila-
ments may be differently controlled, for example, by capping pro-
teins, and actin patches may represent a locally stabilized pool of
filaments embedded in the dynamic cortical network. Second, in light
of the greater stability of SAJs (.1 h) compared to that of remod-
elling junctions (10–15min)32,33, contact remodelling may simply
involve the regulated movement of stable SAJs towards vertices.
Vertices form a topological barrier to the lateral diffusion of
homo-E-cad clusters in SAJs, such that SAJs may accumulate at

vertices where they could be remodelled: this would prevent cell
delamination and enable junction remodelling. Endocytosis of
homo-E-cad could be another mechanism to remodel adhesion
efficiently33, although there is no consensus yet as to whether endo-
cytosis principally targets homo-E-cad or diffusing E-cad34–36. The
two-tiered regulation of homo-E-cad stability and mobility thus
provides a simple and coherent framework to reconcile adhesion
remodelling and stability during morphogenesis.

METHODS SUMMARY
Embryo fixation, staining and injection of drugs and RNAi probes were
performed as described previously22. The btsz probe targets nucleotides 3,065–
3,556 of btsz2 transcripts; the a-Cat probe targets nucleotides 101–828 of a-Cat
transcripts.
Imaging. A Zeiss LSM 510 confocal microscope was used for fixed and live
imaging as described37 with the exception of nano-ablation, where classical epi-
fluorescence with a cooled CCD camera was used.
Homophilic E-cad clusters dynamics. FRAPs of E-cad–GFP were performed
with an Argon 488-nm laser over a 0.554mm2 area and signal recovery was
tracked for 1min. The mobile fraction was calculated by fitting signal recovery
curves to the formula described previously38. E-cad–EosFP photoconversion was
performedwith an ultraviolet (405 nm) laser at low power over regions spanning
half a cell. Turnover of homo-E-cad in SAJs was then inferred by measuring the
variations of non-photoconverted and photoconverted signal intensities in a
cluster over a period of approximately 1 h.
Homophilic E-cad cluster mobility. The mean square displacement (MSD) of
E-cad–GFP clusters was extracted from trajectories along cell contacts (during 1
to 1.5min) using the formula described previously39. We verified that their
motion was diffusive using the relative deviation parameter as described23.
The diffusion coefficient, D, was then calculated assuming one-dimensional
movement with the equation MSD5 2DDt (where Dt is the time lag over which
MSD is measured). Kolmogorov–Smirnoff tests were performed to determine
whether the distribution of D from one sample (for example, wild type) was
different from another sample (for example, Lat-A treatment).
Nano-ablation of cortical actin network. A femtosecond laser at 1,030 nm
(t-pulse, Amplitude Systems) was used to ablate the cortical actin network
locally. Before ablation, caged fluorescein (0.9 kDa) was injected into embryos.
After ablation, uncaging of the fluorescein in one of the two cells contacting at
the site of ablation ensured that the plasmamembrane had not been destroyed in
the process.

Full Methods and any associated references are available in the online version of
the paper at www.nature.com/nature.
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A two-tiered mechanism for stabilization
and immobilization of E-cadherin
Matthieu Cavey1, Matteo Rauzi1,2, Pierre-François Lenne2 & Thomas Lecuit1

Epithelial tissues maintain a robust architecture which is important for their barrier function, but they are also remodelled
through the reorganization of cell–cell contacts. Tissue stability requires intercellular adhesion mediated by E-cadherin, in
particular its trans-association in homophilic complexes supported by actin filaments through b- and a-catenin. How
a-catenin dynamic interactions between E-cadherin/b-catenin and cortical actin control both stability and remodelling of
adhesion is unclear. Here we focus on Drosophila homophilic E-cadherin complexes rather than total E-cadherin, including
diffusing ‘free’ E-cadherin, because these complexes are a better proxy for adhesion. We find that E-cadherin complexes
partition in very stable microdomains (that is, bona fide adhesive foci which are more stable than remodelling contacts).
Furthermore, we find that stability and mobility of these microdomains depend on two actin populations: small, stable actin
patches concentrate at homophilic E-cadherin clusters, whereas a rapidly turning over, contractile network constrains their
lateral movement by a tethering mechanism. a-Catenin controls epithelial architecture mainly through regulation of the
mobility of homophilic clusters and it is largely dispensable for their stability. Uncoupling stability andmobility of E-cadherin
complexes suggests that stable epithelia may remodel through the regulated mobility of very stable adhesive foci.

Intercellular adhesion mediated by cadherin molecules such as
E-cadherin (E-cad) has a central role in the maintenance of epithelial
polarity1,2 and tissue architecture3,4. Loss of E-cad leads to a collapse
of epithelial tissues and their transformation to multilayered
mesenchymes. However, epithelia can remodel extensively during
development and in a range of organisms. How adhesion between
cells controls tight cell association and allows contact remodelling is
unknown. It is believed that this dual property resides in the mole-
cular dynamics of E-cad-based adhesion.

E-cad exists in at least two main pools at the surface of epithelial
cells: a monomer pool that exchanges with a trans-homophilic dimer
pool at contacting surfaces5, hereafter called homo-E-cad. Adhesion
strengthening between cells is believed to require homo-E-cad clus-
tering and stabilization by actin filaments (F-actin) and b-catenin (b-
Cat)6. How homo-E-cad is distributed and dynamically remodelled
in living epithelia is unclear.

Biochemical and cell culture studies in the past fewdecades have led
to a largely accepted framework whereby homo-E-cad clustering
requires b-Cat and a-catenin (a-Cat) at its core, as well as actin fila-
ments, which limit the diffusion of and may also stabilize homo-E-
cad6. Single-particle tracking of E-cadmolecules in non-epithelial cells
has shown that E-cad diffusion is indeed limited by its ability to
interact with F-actin7. This simple framework was challenged recently
when it was shown in cultured epithelial cells that diffusion of E-cad
fused to green fluorescent protein (E-cad–GFP) was independent of
F-actin, and that a-Cat bound to either F-actin or E-cad–b-Cat com-
plexes but not both simultaneously, allowing for a dynamic linkage
between E-cad and F-actin8. Although this offered a molecular basis
for the dynamics of adhesion, it became difficult to understand in this
context how adhesion may be strengthened by F-actin. Until now,
relevant E-cad dynamics using E-cad–GFP fusion proteins were
inferred from the average effect ofmonomeric andhomo-E-cad,with-
outdistinctionof either, in large (fewmicrometres) areas of the zonula
adherens8,9 at various stages of junction formation10. Here we extend

these studies and resolve the contribution of the two populations in a
fully functional living epithelial layer of the Drosophila embryo that
undergoes extensive remodelling. In particular, we focused our ana-
lysis onhomo-E-cadbecause this corresponds to theE-cadpopulation
most directly responsible for adhesion strength at any given time.

Homophilic E-cadherin clusters in very stable microdomains

As initially reported, in early embryonic epithelia, E-cad (encoded by
the shg gene in Drosophila), b-Cat (called Armadillo (Arm) in
Drosophila11–14) and a-Cat form brightly fluorescent spots
(Fig. 1a–c). Similarly sized electron-dense microdomains called spot
adherens junctions (SAJs)15 exhibit more closely apposed mem-
branes, suggesting that E-cad spots may be sites of homo-E-cad
enrichment. E-cad clusters increased in density but persisted
throughout embryogenesis (Fig. 1d) and at all stages examined;
homo-E-cad was neither randomly nor uniformly distributed. We
characterized the dynamics of E-cad within and outside SAJs using a
functional E-cad–GFP fusion protein16. E-cad–GFP formed fluor-
escent spots in the zonula adherens which were indistinguishable
from the endogenous E-cad spots (Fig. 1e).We analysed itsmolecular
dynamics using fluorescent recovery after photobleaching (FRAP).
By performing FRAP in very small areas (840-nmdiameter) we found
that E-cad–GFP dynamics within and outside SAJs were different.
Representative kymographs (showing the temporal evolution of a
fluorescent intensity profile along a cell junction; Fig. 1f, g) and signal
recovery curves (Fig. 1h) are shown for a single E-cad–GFP spot
(Fig. 1f, h) and a low fluorescent E-cad–GFP area (Fig. 1g, h). The
diffusion coefficient ranged from 0.53 1022 to 63 1022 mm2 s21,
consistent with published data7,17, and was unchanged when actin
was depolymerized with latrunculin-A (Lat-A; not shown), consis-
tent with previous reports8. Notably, full fluorescence of bright spots
never recovered within 60 s of FRAP (Fig. 1f, h) and the mobile
fraction was lower in bright spots (,45%) than in the surrounding
areas (up to 80%, Fig. 1i). To characterize turnover rates and the

1Institut de Biologie du Développment deMarseille Luminy, UMR 6216 CNRS-Université de laMéditerranée, Campus de Luminy case 907, 13288Marseille Cedex 09, France. 2Institut
Fresnel, UMR 6133 CNRS-Université Paul Cézanne Aix-Marseille III, Domaine Universitaire de Saint Jérôme, 13397 Marseille Cedex 20, France.
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that they were moving as trans-dimers. We also observed that essentially 
all VE-cadherin clusters were colocalized with p120-, β- and α-catenin 
(Fig. 2b), implying that they were moving as their complexes. To deter-
mine which portions of the VE-cadherin were essential for cadherin 
flow, various deletion mutants were examined and we found that the 
carboxy-terminal half of the cytoplasmic tail was required — C-termi-
nus-deleted VE-cadherins exhibited no directional movement (Fig. 2d 

and see Supplementary Information, Movie 3). The C-terminal deletion 
disrupts the β-catenin-mediated coupling of α-catenin to cadherin2,14. 
We therefore examined whether α-catenin was required for cadherin 
flow by constructing fusion proteins between the C-terminus-deleted 
VE-cadherin and α-catenin. These fusion proteins were able to flow, even 
when the amino-terminal half of α-catenin had been deleted (VE–α-
cateninΔVH2; Fig. 2e and see Supplementary Information, Movie 4). 
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Figure 1 Directional movement of VE-cadherin at cell junctions. 
(a) Projected images of VE-cadherin–EGFP expressed in A431D cells. 
Detailed information on the boxed areas is provided below (see also 
Supplementary Information, Movie 1). (b) Schematic representation 
of a top view of the cell junction in the yellow-boxed region in a, and a 
three-dimensional cell-shape sectioned at the blue and yellow lines. The 
arrowheads indicate the apical-most region of the junction. (c) Time-
lapse images of the green-boxed region in a, acquired at 2-min intervals. 
Cadherin clusters, two representatives of which are marked with magenta 
circles, move from the basal-most (blue line) to apical-most (green line) 

portions of cell junction, and subsequently they are absorbed into the 
microspike-like structures (magenta arrows). (d) Time-lapse images of 
the blue-boxed region in a at two focal planes (FP1, FP2). The images 
acquired at the same time are arranged vertically. The cluster marked 
with the magenta arrow follows the one indicated by the green arrow. 
(e) Kymography with sampling at the magenta line in a. The magenta 
lines emphasize cadherin flow. (f) Trajectories of cadherin clusters in the 
white box in a. The thick broken lines indicate the apical-most portion of 
the junction, and each of the coloured lines indicates the trajectory of a 
single cadherin cluster. The scale bar represents 30 µm.
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that they were moving as trans-dimers. We also observed that essentially 
all VE-cadherin clusters were colocalized with p120-, β- and α-catenin 
(Fig. 2b), implying that they were moving as their complexes. To deter-
mine which portions of the VE-cadherin were essential for cadherin 
flow, various deletion mutants were examined and we found that the 
carboxy-terminal half of the cytoplasmic tail was required — C-termi-
nus-deleted VE-cadherins exhibited no directional movement (Fig. 2d 

and see Supplementary Information, Movie 3). The C-terminal deletion 
disrupts the β-catenin-mediated coupling of α-catenin to cadherin2,14. 
We therefore examined whether α-catenin was required for cadherin 
flow by constructing fusion proteins between the C-terminus-deleted 
VE-cadherin and α-catenin. These fusion proteins were able to flow, even 
when the amino-terminal half of α-catenin had been deleted (VE–α-
cateninΔVH2; Fig. 2e and see Supplementary Information, Movie 4). 
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portions of cell junction, and subsequently they are absorbed into the 
microspike-like structures (magenta arrows). (d) Time-lapse images of 
the blue-boxed region in a at two focal planes (FP1, FP2). The images 
acquired at the same time are arranged vertically. The cluster marked 
with the magenta arrow follows the one indicated by the green arrow. 
(e) Kymography with sampling at the magenta line in a. The magenta 
lines emphasize cadherin flow. (f) Trajectories of cadherin clusters in the 
white box in a. The thick broken lines indicate the apical-most portion of 
the junction, and each of the coloured lines indicates the trajectory of a 
single cadherin cluster. The scale bar represents 30 µm.
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all VE-cadherin clusters were colocalized with p120-, β- and α-catenin 
(Fig. 2b), implying that they were moving as their complexes. To deter-
mine which portions of the VE-cadherin were essential for cadherin 
flow, various deletion mutants were examined and we found that the 
carboxy-terminal half of the cytoplasmic tail was required — C-termi-
nus-deleted VE-cadherins exhibited no directional movement (Fig. 2d 

and see Supplementary Information, Movie 3). The C-terminal deletion 
disrupts the β-catenin-mediated coupling of α-catenin to cadherin2,14. 
We therefore examined whether α-catenin was required for cadherin 
flow by constructing fusion proteins between the C-terminus-deleted 
VE-cadherin and α-catenin. These fusion proteins were able to flow, even 
when the amino-terminal half of α-catenin had been deleted (VE–α-
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the blue-boxed region in a at two focal planes (FP1, FP2). The images 
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However, removal of the C-terminal VH3 domain of α-catenin abro-
gated its ability to sustain cadherin flow (Fig. 2f and see Supplementary 
Information, Movie 5). The VH3-deficient fusion proteins (VE–α-
cateninΔVH3) still exhibited the behaviour to emerge from the front of 
protrusions, and to fuse to apical microspikes when they had reached 
the apical zone as a result of random movement, suggesting that only the 
directionality of the movement was impaired in this construct.

One of the molecules interacting with the VH3 domain of α-catenin is 
F-actin14. We therefore investigated the potential roles of actin in cadherin 
flow. Cytochalasin D, a reagent that disrupts actin filaments, inhibited 
cadherin flow (Fig. 3a and see Supplementary Information, Movie 6), 
whereas microtubule inhibitors had no effect (data not shown), support-
ing the notion that the actin cytoskeleton is involved in the generation 
of cadherin flow. In fact, double-immunostaining for VE-cadherin and 
F-actin showed that, although the junctional actin networks are complex, 
a fraction of thin actin fibres ran along the basal-to-apical axis of cell 
junctions and that VE-cadherin clusters were associated with these actin 
fibres (Fig. 3b). To further inter-relate the cadherin flow and actin fila-
ments, VE-cadherin–EGFP transfectants were injected with AlexaFluor 
568–phalloidin and the two molecules were observed simultaneously 
by time-lapse microscopy (Fig. 3c and see Supplementary Information, 
Movie 7). VE-cadherin clusters moved on actin bundles; however, some 

of the clusters occasionally detached themselves from the actin fibre, 
and subsequently recaptured another actin fibre (Fig. 3c). Splitting of 
the clusters sometimes occurred during this jumping process. These 
observations suggest that the interaction of the VE-cadherin–catenin 
complexes with F-actin is involved in the cadherin flow and also that 
their interaction is not stable.

In the imaging described above, the dynamics of actin itself were not 
clearly resolved. Therefore, we further analysed actin behaviour at cell 
junctions by injecting cells with green-fluorescent Alexa Fluor 488–phal-
loidin, which could give higher resolution than the red-fluorescent Alexa 
Fluor 568–phalloidin used above. Deconvolution microscopy revealed 
that actin molecules were dynamically reorganizing themselves at the cell 
junctions, exhibiting a retrograde flow-like movement with an average 
velocity of 300 ± 78 nm min–1  (n = 50; see Supplementary Information, 
Movie 8). These observations suggest that the actin fibres interacting 
with VE-cadherin clusters, observed in Fig. 3c, were also moving.

Actin flow is known to depend on myosin II activities15. We there-
fore examined the effects of ML-7, an inhibitor of myosin light chain 
(MLC) kinase16, and Y-27632, a ROCK inhibitor17, on cadherin flow, 
as these two reagents could inhibit myosin II activities through 
distinct pathways18. Addition of ML-7 to cultures quickly blocked 
cadherin flow without affecting the junctional structures (Fig. 3d 
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constructs. (d–f) Left, mutant cadherin distribution at cell junctions 
of living A431D cells. Center, trajectories of mutant cadherin clusters 
observed in the image on the left. Arrows indicate the direction of cadherin 
movement. Right, kymography with sampling at the magenta lines shown 
on the left. The blue and green lines indicate the basal- and apical-most 
portion of the junctions, respectively. The arrowheads indicate the apical-
most region of the junction. VE–α-catΔVH2 exhibits flow, whereas VEΔC and 
VE–α-catΔVH3 do not. See also, Supplementary Information, Movies 3–5. 
The scale bars represent 20 µm in a, 30 µm in b and 15  µm in d–f.
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However, removal of the C-terminal VH3 domain of α-catenin abro-
gated its ability to sustain cadherin flow (Fig. 2f and see Supplementary 
Information, Movie 5). The VH3-deficient fusion proteins (VE–α-
cateninΔVH3) still exhibited the behaviour to emerge from the front of 
protrusions, and to fuse to apical microspikes when they had reached 
the apical zone as a result of random movement, suggesting that only the 
directionality of the movement was impaired in this construct.

One of the molecules interacting with the VH3 domain of α-catenin is 
F-actin14. We therefore investigated the potential roles of actin in cadherin 
flow. Cytochalasin D, a reagent that disrupts actin filaments, inhibited 
cadherin flow (Fig. 3a and see Supplementary Information, Movie 6), 
whereas microtubule inhibitors had no effect (data not shown), support-
ing the notion that the actin cytoskeleton is involved in the generation 
of cadherin flow. In fact, double-immunostaining for VE-cadherin and 
F-actin showed that, although the junctional actin networks are complex, 
a fraction of thin actin fibres ran along the basal-to-apical axis of cell 
junctions and that VE-cadherin clusters were associated with these actin 
fibres (Fig. 3b). To further inter-relate the cadherin flow and actin fila-
ments, VE-cadherin–EGFP transfectants were injected with AlexaFluor 
568–phalloidin and the two molecules were observed simultaneously 
by time-lapse microscopy (Fig. 3c and see Supplementary Information, 
Movie 7). VE-cadherin clusters moved on actin bundles; however, some 

of the clusters occasionally detached themselves from the actin fibre, 
and subsequently recaptured another actin fibre (Fig. 3c). Splitting of 
the clusters sometimes occurred during this jumping process. These 
observations suggest that the interaction of the VE-cadherin–catenin 
complexes with F-actin is involved in the cadherin flow and also that 
their interaction is not stable.

In the imaging described above, the dynamics of actin itself were not 
clearly resolved. Therefore, we further analysed actin behaviour at cell 
junctions by injecting cells with green-fluorescent Alexa Fluor 488–phal-
loidin, which could give higher resolution than the red-fluorescent Alexa 
Fluor 568–phalloidin used above. Deconvolution microscopy revealed 
that actin molecules were dynamically reorganizing themselves at the cell 
junctions, exhibiting a retrograde flow-like movement with an average 
velocity of 300 ± 78 nm min–1  (n = 50; see Supplementary Information, 
Movie 8). These observations suggest that the actin fibres interacting 
with VE-cadherin clusters, observed in Fig. 3c, were also moving.

Actin flow is known to depend on myosin II activities15. We there-
fore examined the effects of ML-7, an inhibitor of myosin light chain 
(MLC) kinase16, and Y-27632, a ROCK inhibitor17, on cadherin flow, 
as these two reagents could inhibit myosin II activities through 
distinct pathways18. Addition of ML-7 to cultures quickly blocked 
cadherin flow without affecting the junctional structures (Fig. 3d 
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Figure 2 Analysis of cadherin and catenin domains required for cadherin 
flow. (a) Colocalization of VE-cadherin clusters expressed by one cell, 
with those expressed by the contacting counter cell. Cells expressing VE-
cadherin–EGFP and VE-cadherin–Flag were mixed. An interface between 
the two cells, outlined by the white box, is enlarged in the other panels. 
(b) Colocalization of αE-catenin (α-cat) and VE-cadherin (VE-cad). 
z-sections were projected into a single image. Similar VE-cadherin 
distribution was observed when non-tagged VE-cadherin had been 
introduced. (c) Schematic representation of VE-cadherin mutant 

constructs. (d–f) Left, mutant cadherin distribution at cell junctions 
of living A431D cells. Center, trajectories of mutant cadherin clusters 
observed in the image on the left. Arrows indicate the direction of cadherin 
movement. Right, kymography with sampling at the magenta lines shown 
on the left. The blue and green lines indicate the basal- and apical-most 
portion of the junctions, respectively. The arrowheads indicate the apical-
most region of the junction. VE–α-catΔVH2 exhibits flow, whereas VEΔC and 
VE–α-catΔVH3 do not. See also, Supplementary Information, Movies 3–5. 
The scale bars represent 20 µm in a, 30 µm in b and 15  µm in d–f.
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However, removal of the C-terminal VH3 domain of α-catenin abro-
gated its ability to sustain cadherin flow (Fig. 2f and see Supplementary 
Information, Movie 5). The VH3-deficient fusion proteins (VE–α-
cateninΔVH3) still exhibited the behaviour to emerge from the front of 
protrusions, and to fuse to apical microspikes when they had reached 
the apical zone as a result of random movement, suggesting that only the 
directionality of the movement was impaired in this construct.
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F-actin14. We therefore investigated the potential roles of actin in cadherin 
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cadherin flow (Fig. 3a and see Supplementary Information, Movie 6), 
whereas microtubule inhibitors had no effect (data not shown), support-
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of cadherin flow. In fact, double-immunostaining for VE-cadherin and 
F-actin showed that, although the junctional actin networks are complex, 
a fraction of thin actin fibres ran along the basal-to-apical axis of cell 
junctions and that VE-cadherin clusters were associated with these actin 
fibres (Fig. 3b). To further inter-relate the cadherin flow and actin fila-
ments, VE-cadherin–EGFP transfectants were injected with AlexaFluor 
568–phalloidin and the two molecules were observed simultaneously 
by time-lapse microscopy (Fig. 3c and see Supplementary Information, 
Movie 7). VE-cadherin clusters moved on actin bundles; however, some 

of the clusters occasionally detached themselves from the actin fibre, 
and subsequently recaptured another actin fibre (Fig. 3c). Splitting of 
the clusters sometimes occurred during this jumping process. These 
observations suggest that the interaction of the VE-cadherin–catenin 
complexes with F-actin is involved in the cadherin flow and also that 
their interaction is not stable.

In the imaging described above, the dynamics of actin itself were not 
clearly resolved. Therefore, we further analysed actin behaviour at cell 
junctions by injecting cells with green-fluorescent Alexa Fluor 488–phal-
loidin, which could give higher resolution than the red-fluorescent Alexa 
Fluor 568–phalloidin used above. Deconvolution microscopy revealed 
that actin molecules were dynamically reorganizing themselves at the cell 
junctions, exhibiting a retrograde flow-like movement with an average 
velocity of 300 ± 78 nm min–1  (n = 50; see Supplementary Information, 
Movie 8). These observations suggest that the actin fibres interacting 
with VE-cadherin clusters, observed in Fig. 3c, were also moving.

Actin flow is known to depend on myosin II activities15. We there-
fore examined the effects of ML-7, an inhibitor of myosin light chain 
(MLC) kinase16, and Y-27632, a ROCK inhibitor17, on cadherin flow, 
as these two reagents could inhibit myosin II activities through 
distinct pathways18. Addition of ML-7 to cultures quickly blocked 
cadherin flow without affecting the junctional structures (Fig. 3d 
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of living A431D cells. Center, trajectories of mutant cadherin clusters 
observed in the image on the left. Arrows indicate the direction of cadherin 
movement. Right, kymography with sampling at the magenta lines shown 
on the left. The blue and green lines indicate the basal- and apical-most 
portion of the junctions, respectively. The arrowheads indicate the apical-
most region of the junction. VE–α-catΔVH2 exhibits flow, whereas VEΔC and 
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2. a-Catenin is mechanosensitive

Adhesion as an active, regulated system

A RT I C L E S

mechanism of AJ development induced by myosin II activity, focusing 
on the force dependence of α-catenin/vinculin binding.

RESULTS
Accumulation of myosin II near AJs
We first confirmed our previous results in MTD-1A cells26 in a variety 
of epithelial cell types (Supplementary Information, Fig. S1). Vinculin, 
but not α-catenin, reversibly disappeared from AJs when force genera-
tion by myosin II was inhibited with (−)-blebbistatin, a specific inhibi-
tor of non-muscle myosin II ATPase activity28. Although myosin is 
already known to localize near AJs29–31, detailed optical section analysis 
revealed that myosin II-B is not evenly distributed along the lateral mem-
brane but clearly accumulates near AJs as well as stress fibres (Fig. 1a). 
Furthermore, immunoelectron microscopy showed that myosin II-B 
accumulated near TJs and AJs (Fig. 1b), indicating that AJs are not only 
associated with actin filaments but are also exposed to tension by acto-
myosin contraction, even in cultured epithelium. Staining of epithelial 
cells, such as MTD-1A or EpH4 cells, with E-cadherin revealed that the 
contours of the lateral membranes were linear near the apical region 
but curved or zigzagged at the middle and basal regions (Fig. 1c). This 
reflects the application of intercellular forces mainly at the apical junc-
tion regions of the lateral membrane in epithelial cells.

α-Catenin has both a vinculin-binding region and a region that 
inhibits the binding
Because vinculin accumulates at AJs by binding to α-catenin9,32, we spec-
ulated that the α-catenin structure contains a mechanism for myosin II 
activity-dependent vinculin binding. We molecularly dissected α-catenin 

to determine the regions responsible for this characteristic binding 
(Fig. 2a). α-Catenin binds to β-catenin at its amino terminus11, the cen-
tral part of α-catenin (residues 325–402) contains the vinculin-binding 
region, and the carboxy-terminal half seems to bind to several actin-
binding proteins9,11,32–34. The C terminus (residues 849–906) is required 
for α-catenin to bind directly to actin filaments9,11,32,34,35.

We introduced several α-catenin mutants into α-catenin-deficient 
R2/7 cells; although these cells express E-cadherin, they lack various 
epithelial cell characteristics, including cell–cell junctions. As shown 
previously9, the introduction of wild-type α-catenin (residues 1–906) 
tagged with Flag into R2/7 cells completely restored the characteristics 
of highly polarized epithelial cells. Optical sections of these cells took 
up stain for α-catenin, vinculin and E-cadherin, and line-scan data from 
images of these sections revealed that α-catenin induced vinculin accu-
mulation at the apical-most regions on the lateral membrane (Fig. 2b). 
As with other epithelial cells, vinculin accumulation disappeared in 
these cells when we decreased force generation, despite the continued 
presence of α-catenin (Fig. 2c). α-Catenin deletion mutants (consisting 
of residues 1–402 and 1–509) also recruited vinculin to themselves, but 
decreasing force generation did not alter this vinculin accumulation 
(Fig. 2d, data not shown). This also shows that vinculin molecules have 
no force sensitivity in α-catenin binding. The vinculin-binding region 
was retained in two other α-catenin mutants (consisting of residues 
1–697 and 1–848); however, they did not recruit vinculin irrespective 
of myosin II activity (Fig. 2e, f). These findings therefore indicate that 
residues 510–697 form an inhibitory region for vinculin binding and 
that the C terminus (residues 849–906) is required for releasing the 
inhibition in a force-dependent manner.
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Figure 1 Myosin II-B localization in AJ regions in epithelial cells. (a) MTD-1A 
cells were stained for myosin II-B (magenta) and E-cadherin (green). The left 
panel shows a z section. The arrow points from basal to apical. The right panels 
show an optical section (x–y planes) at the AJ level. Scale bars, 5 µm (left panel) 

and 10 µm (right panels). (b) Localization of myosin II-B in LLC-PK1 cells by 
immunoelectron microscopy. Arrows indicate TJs; arrowheads indicate AJs. 
Scale bar, 100 nm. (c) Cell boundaries at different levels. MTD-1A and EpH4 
cells were stained for E-cadherin, and three levels of optical sections are shown.
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Mechanism of force-dependent vinculin binding of the 
α-catenin molecule
In vitro binding assays using both recombinant α-catenin and vincu-
lin further verified the function of the inhibitory region. Glutathione 
S-transferase (GST)-fusion forms of α-catenin mutants that lacked the 
inhibitory region were able to bind to the α-catenin-binding vinculin 

head domain (vinH) at a nearly 1:1 ratio, judging from the intensities 
of the bands in Coomassie-stained gels (Fig. 3a). α-Catenin mutants 
bearing both the vinculin-binding and inhibitory regions (GST–273–
697 and GST–273–633) did not bind to vinH efficiently (Fig. 3a). The 
inhibitory mechanism for vinculin binding therefore resides within the 
α-catenin structure. The vinculin-binding region was further narrowed 
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Mechanism of force-dependent vinculin binding of the 
α-catenin molecule
In vitro binding assays using both recombinant α-catenin and vincu-
lin further verified the function of the inhibitory region. Glutathione 
S-transferase (GST)-fusion forms of α-catenin mutants that lacked the 
inhibitory region were able to bind to the α-catenin-binding vinculin 

head domain (vinH) at a nearly 1:1 ratio, judging from the intensities 
of the bands in Coomassie-stained gels (Fig. 3a). α-Catenin mutants 
bearing both the vinculin-binding and inhibitory regions (GST–273–
697 and GST–273–633) did not bind to vinH efficiently (Fig. 3a). The 
inhibitory mechanism for vinculin binding therefore resides within the 
α-catenin structure. The vinculin-binding region was further narrowed 
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Mechanism of force-dependent vinculin binding of the 
α-catenin molecule
In vitro binding assays using both recombinant α-catenin and vincu-
lin further verified the function of the inhibitory region. Glutathione 
S-transferase (GST)-fusion forms of α-catenin mutants that lacked the 
inhibitory region were able to bind to the α-catenin-binding vinculin 

head domain (vinH) at a nearly 1:1 ratio, judging from the intensities 
of the bands in Coomassie-stained gels (Fig. 3a). α-Catenin mutants 
bearing both the vinculin-binding and inhibitory regions (GST–273–
697 and GST–273–633) did not bind to vinH efficiently (Fig. 3a). The 
inhibitory mechanism for vinculin binding therefore resides within the 
α-catenin structure. The vinculin-binding region was further narrowed 
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.

NATURE CELL BIOLOGY  VOLUME 12 | NUMBER 6 | JUNE 2010 535   

Myosin-II inhibitor

A RT I C L E S

Mechanism of force-dependent vinculin binding of the 
α-catenin molecule
In vitro binding assays using both recombinant α-catenin and vincu-
lin further verified the function of the inhibitory region. Glutathione 
S-transferase (GST)-fusion forms of α-catenin mutants that lacked the 
inhibitory region were able to bind to the α-catenin-binding vinculin 

head domain (vinH) at a nearly 1:1 ratio, judging from the intensities 
of the bands in Coomassie-stained gels (Fig. 3a). α-Catenin mutants 
bearing both the vinculin-binding and inhibitory regions (GST–273–
697 and GST–273–633) did not bind to vinH efficiently (Fig. 3a). The 
inhibitory mechanism for vinculin binding therefore resides within the 
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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Mechanism of force-dependent vinculin binding of the 
α-catenin molecule
In vitro binding assays using both recombinant α-catenin and vincu-
lin further verified the function of the inhibitory region. Glutathione 
S-transferase (GST)-fusion forms of α-catenin mutants that lacked the 
inhibitory region were able to bind to the α-catenin-binding vinculin 

head domain (vinH) at a nearly 1:1 ratio, judging from the intensities 
of the bands in Coomassie-stained gels (Fig. 3a). α-Catenin mutants 
bearing both the vinculin-binding and inhibitory regions (GST–273–
697 and GST–273–633) did not bind to vinH efficiently (Fig. 3a). The 
inhibitory mechanism for vinculin binding therefore resides within the 
α-catenin structure. The vinculin-binding region was further narrowed 
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Figure 2 Molecular dissection of α-catenin to identify regions responsible for 
force-dependent recruitment of vinculin. (a) Schematic drawing of α-catenin 
and its mutants. Vinculin-homology domains (VH1–VH3) and other functional 
domains are indicated9,11,32,34,41. A series of deletion or chimaeric mutants is 
shown. (b) Protein localization in R2/7 cells and R2/7 cells expressing wild-type 
α-catenin (1–906). Top panels, x–y planes; bottom left panels, graphs showing 
line-scan data; bottom right panels, merged z sections. White arrowheads 
indicate AJ regions. Line-scan data along yellow lines drawn in the top panels 
are shown; A.U., arbitrary units. Orange arrowheads indicate cell boundaries 
with intense E-cadherin staining. Arrows point from basal to apical in z 
sections. α-Catenin, vinculin and E-cadherin are shown in red, green and blue, 
respectively. Scale bars, 10 µm (top panels) and 5 µm (bottom panels). Intensity 

ratios of vinculin and E-cadherin in peaks of line-scan data (means ± s.e.m.) 
were 0.12 ± 0.05 (R2/7 cells, n = 107) and 2.88 ± 0.11 (α-catenin-1–906-
expressing R2/7 cells, n = 200). (c–f) Localizations of α-catenin or its mutant 
(green) and vinculin (blue) in R2/7 transfectants. Line-scan data were taken 
along the yellow lines drawn in each image. Cells expressing wild-type 
α-catenin (1–906) (c) or a deletion mutant (1–402) (d) were cultured in the 
presence of 50 µM (−)-blebbistatin (bleb.). R2/7 cells expressing α-catenin (1–
697) (e) or (1–848) (f) mutants were cultured in the absence of blebbistatin. 
Arrowheads indicate cell–cell contact regions with intense α-catenin staining. 
Intensity ratios (means ± s.e.m.) of vinculin and α-catenin in peaks of line-scan 
data were 0.15 ± 0.02 (c, n = 103), 0.73 ± 0.02 (d, n = 112), 0.19 ± 0.02 (e, 
n = 137) and 0.18 ± 0.02 (f, n = 156). Scale bar, 10 µm.
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down to residues 325–360. These in vitro assays also show that cellular 
proteins other than α-catenin and vinculin are not required for this 
inhibition.

We then examined whether the actin-filament-binding ability of the 
C-terminal region of α-catenin is important for the release of inhibition 
that is dependent on myosin II activity. We replaced the C terminus with 
the actin-binding region of vinculin36,37, which is not homologous to 
the α-catenin C terminus (residues 849–906). The C-terminal region of 
α-catenin (residues 685–906) and the vinculin tail region bind actin fila-
ments with comparable dissociation constants of 0.5 µM and 0.6–0.8 µM, 
respectively35,37. This chimaeric molecule with the vinculin tail region 
(residues 1–848/VinTail) behaved similarly to full-length α-catenin, 
restoring highly polarized epithelial characteristics and vinculin accu-
mulation at AJs in a myosin II activity-dependent manner (Fig. 3b). 
These results suggest that forces applied at the C terminus of α-catenin 
through actin filaments are important for the release of the inhibition of 
vinculin binding. To improve our understanding of the mechanism of the 
release, we constructed an α-catenin mutant (1–697/848–906) lacking 
residues 698–847. This mutant did not recruit vinculin (Supplementary 

Information, Fig. S2), indicating that the C-terminal region (residues 
697–906) is required for release of the inhibition. This is compatible with 
the fact that although the C terminus (residues 865–906) is required for 
actin binding it cannot bind to actin filaments, but the whole C-terminal 
region (residues 685–906) can34,35.

Taking all of these results into consideration, we speculated that 
force induces the binding of vinculin to α-catenin through the molec-
ular mechanism shown in Fig. 3c. The inhibitory region masks the 
vinculin-binding region when α-catenin molecules are not stretched. 
When forces from adjacent cells are applied through the cadherin–
catenin complex at the N terminus of α-catenin, and when forces 
derived from actomyosin contraction are applied at the C terminus of 
α-catenin through actin filaments, the α-catenin molecule is stretched, 
changing its conformation and unmasking its vinculin-binding region. 
Vinculin is then recruited to the unmasked vinculin-binding region, 
which serves as an additional attachment site for actin filaments to sup-
port counterbalancing forces between cells. α-Catenin binds to actin 
filaments by using its C-terminal region directly or indirectly through 
undetermined linkers.
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Figure 3 Proposed molecular mechanism of force-dependent binding of 
vinculin to α-catenin. (a) Binding between GST-fused α-catenin deletion 
mutants on glutathione beads and the His-tagged vinculin head domain 
(vinH) was analysed in a Coomassie-stained SDS gel. Arrowheads indicate 
positions of each GST-fused protein band. The arrow indicates the position 
of the vinH band. Relative molecular masses (Mr) are shown at the left. 
(b) Force-dependent vinculin recruitment in R2/7 cells expressing an 
α-catenin/vinculin tail chimaeric molecule (1–848/VinTail) in the absence 
(control) and presence of 50 µM (−)-blebbistatin. Line-scan data for 

α-catenin (green) and vinculin (magenta) along the yellow line drawn in 
each image are shown at the right; A.U., arbitrary units. Scale bar, 10 µm. 
Intensity ratios of vinculin and α-catenin in peaks of line-scan data 
(means ± s.e.m.) were 0.99 ± 0.02 (control, n = 161) and 0.19 ± 0.02 
(blebbistatin, n = 157). (c) Model of force-dependent vinculin binding 
to α-catenin. N and C represent the N and C termini of α-catenin, 
respectively. A possible unknown linker is indicated with a question 
mark. Uncropped images of blots in a are shown in Supplementary 
Information, Fig. S9a.
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Figure 6 Preferential binding of α18 to α-catenin in the vinculin-binding 
form. (a) Localization of α18-positive α-catenin (red), myosin II-B 
(green) and β-catenin (blue) in EpH4 cells during AJ maturation. 
Bar, 10 µm. (b) Optical sections (x–y plane) of highly polarized EpH4 
cells cultured in the absence (cont.) or presence (bleb.) of 50 µM 
(−)-blebbistatin for 30 min and stained with α18. Scale bar, 10 µm. (c) 
Four types of highly polarized epithelial cell (MTD-1A, EpH4, LLC-PK1 
and R2/7-KuOr–1–906) cultured in the absence (co.) or presence (bl.) 
of 50 µM (−)-blebbistatin for 30 min were stained with α18 (red), a 
different rabbit antibody against α-catenin (green) and an antibody 
against vinculin (blue). Merged z sections are shown. Arrows point from 
basal to apical. Intensity ratios of α-catenin bound to α18 and total 

α-catenin in peaks of line-scan data of control and blebbistatin-treated 
cells (means ± s.e.m.) were, respectively, 5.26 ± 0.12 (n = 187) 
and 0.30 ± 0.12 (n = 184) for MTD-1A cells, 2.73 ± 0.06 (n = 247) 
and 0.20 ± 0.06 (n = 249) for EpH4 cells, 1.87 ± 0.05 (n = 205) 
and 0.82 ± 0.05 (n = 280) for LLC-PK1 cells, and 2.69 ± 0.06 
(n = 251) and 1.59 ± 0.06 (n = 368) for R2/7-KuOr–1–906 cells. 
Scale bar, 5 µm. (d) Binding of α18 to GST-fused α-catenin mutants. 
The amounts of bound α18 and GST-fusion proteins used are shown 
by western blotting with an anti-rat IgG antibody and an anti-GST 
antibody, respectively. (e) Model for α-catenin recognition by α18 in a 
force-dependent manner. Uncropped images of blots in d are shown in 
Supplementary Information, Fig. S9b.
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form. (a) Localization of α18-positive α-catenin (red), myosin II-B 
(green) and β-catenin (blue) in EpH4 cells during AJ maturation. 
Bar, 10 µm. (b) Optical sections (x–y plane) of highly polarized EpH4 
cells cultured in the absence (cont.) or presence (bleb.) of 50 µM 
(−)-blebbistatin for 30 min and stained with α18. Scale bar, 10 µm. (c) 
Four types of highly polarized epithelial cell (MTD-1A, EpH4, LLC-PK1 
and R2/7-KuOr–1–906) cultured in the absence (co.) or presence (bl.) 
of 50 µM (−)-blebbistatin for 30 min were stained with α18 (red), a 
different rabbit antibody against α-catenin (green) and an antibody 
against vinculin (blue). Merged z sections are shown. Arrows point from 
basal to apical. Intensity ratios of α-catenin bound to α18 and total 

α-catenin in peaks of line-scan data of control and blebbistatin-treated 
cells (means ± s.e.m.) were, respectively, 5.26 ± 0.12 (n = 187) 
and 0.30 ± 0.12 (n = 184) for MTD-1A cells, 2.73 ± 0.06 (n = 247) 
and 0.20 ± 0.06 (n = 249) for EpH4 cells, 1.87 ± 0.05 (n = 205) 
and 0.82 ± 0.05 (n = 280) for LLC-PK1 cells, and 2.69 ± 0.06 
(n = 251) and 1.59 ± 0.06 (n = 368) for R2/7-KuOr–1–906 cells. 
Scale bar, 5 µm. (d) Binding of α18 to GST-fused α-catenin mutants. 
The amounts of bound α18 and GST-fusion proteins used are shown 
by western blotting with an anti-rat IgG antibody and an anti-GST 
antibody, respectively. (e) Model for α-catenin recognition by α18 in a 
force-dependent manner. Uncropped images of blots in d are shown in 
Supplementary Information, Fig. S9b.
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Bar, 10 µm. (b) Optical sections (x–y plane) of highly polarized EpH4 
cells cultured in the absence (cont.) or presence (bleb.) of 50 µM 
(−)-blebbistatin for 30 min and stained with α18. Scale bar, 10 µm. (c) 
Four types of highly polarized epithelial cell (MTD-1A, EpH4, LLC-PK1 
and R2/7-KuOr–1–906) cultured in the absence (co.) or presence (bl.) 
of 50 µM (−)-blebbistatin for 30 min were stained with α18 (red), a 
different rabbit antibody against α-catenin (green) and an antibody 
against vinculin (blue). Merged z sections are shown. Arrows point from 
basal to apical. Intensity ratios of α-catenin bound to α18 and total 

α-catenin in peaks of line-scan data of control and blebbistatin-treated 
cells (means ± s.e.m.) were, respectively, 5.26 ± 0.12 (n = 187) 
and 0.30 ± 0.12 (n = 184) for MTD-1A cells, 2.73 ± 0.06 (n = 247) 
and 0.20 ± 0.06 (n = 249) for EpH4 cells, 1.87 ± 0.05 (n = 205) 
and 0.82 ± 0.05 (n = 280) for LLC-PK1 cells, and 2.69 ± 0.06 
(n = 251) and 1.59 ± 0.06 (n = 368) for R2/7-KuOr–1–906 cells. 
Scale bar, 5 µm. (d) Binding of α18 to GST-fused α-catenin mutants. 
The amounts of bound α18 and GST-fusion proteins used are shown 
by western blotting with an anti-rat IgG antibody and an anti-GST 
antibody, respectively. (e) Model for α-catenin recognition by α18 in a 
force-dependent manner. Uncropped images of blots in d are shown in 
Supplementary Information, Fig. S9b.
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form. (a) Localization of α18-positive α-catenin (red), myosin II-B 
(green) and β-catenin (blue) in EpH4 cells during AJ maturation. 
Bar, 10 µm. (b) Optical sections (x–y plane) of highly polarized EpH4 
cells cultured in the absence (cont.) or presence (bleb.) of 50 µM 
(−)-blebbistatin for 30 min and stained with α18. Scale bar, 10 µm. (c) 
Four types of highly polarized epithelial cell (MTD-1A, EpH4, LLC-PK1 
and R2/7-KuOr–1–906) cultured in the absence (co.) or presence (bl.) 
of 50 µM (−)-blebbistatin for 30 min were stained with α18 (red), a 
different rabbit antibody against α-catenin (green) and an antibody 
against vinculin (blue). Merged z sections are shown. Arrows point from 
basal to apical. Intensity ratios of α-catenin bound to α18 and total 

α-catenin in peaks of line-scan data of control and blebbistatin-treated 
cells (means ± s.e.m.) were, respectively, 5.26 ± 0.12 (n = 187) 
and 0.30 ± 0.12 (n = 184) for MTD-1A cells, 2.73 ± 0.06 (n = 247) 
and 0.20 ± 0.06 (n = 249) for EpH4 cells, 1.87 ± 0.05 (n = 205) 
and 0.82 ± 0.05 (n = 280) for LLC-PK1 cells, and 2.69 ± 0.06 
(n = 251) and 1.59 ± 0.06 (n = 368) for R2/7-KuOr–1–906 cells. 
Scale bar, 5 µm. (d) Binding of α18 to GST-fused α-catenin mutants. 
The amounts of bound α18 and GST-fusion proteins used are shown 
by western blotting with an anti-rat IgG antibody and an anti-GST 
antibody, respectively. (e) Model for α-catenin recognition by α18 in a 
force-dependent manner. Uncropped images of blots in d are shown in 
Supplementary Information, Fig. S9b.
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α-Catenin dynamics and remodelling of the junctions
We generated R2/7 cells stably expressing α-catenin (1–402) or full-
length α-catenin (1–906) tagged with Flag or a fluorescent protein, 
Kusabira-Orange (KuOr), and compared their morphology. Flag-tagged 
α-catenin (1–906) and KuOr–1–906 completely restored the epithelial 
phenotype in R2/7 cells. The organization of actin filaments and distribu-
tion of TJ components in cells expressing α-catenin (1–402) were nearly 
equivalent to those of cells expressing α-catenin (1–906) (Supplementary 
Information, Fig. S3), as previously described for α-catenin (1–509; ref. 
9). Although both α-catenin molecules were distributed along the lat-
eral membranes, α-catenin (1–402) tended to form larger aggregates. 
Vinculin colocalized with α-catenin (1–402) along the lateral mem-
branes, although it accumulated exclusively at AJs located near the apical-
most regions of the lateral membrane in α-catenin (1–906)-expressing 
cells (Supplementary Information, Fig. S4), supporting the notion that 
the binding of vinculin to α-catenin (1–402) does not depend on force.

Our model assumes that the structure of α-catenin changes according 
to the forces applied to it through actin filaments and that the altered 
α-catenin becomes further associated with proteins such as vinculin. The 
mobility of α-catenin is therefore likely to be lower or more restricted in 
the regions where forces are applied (AJ regions) than in other regions. 
To test this hypothesis, we analysed the behaviour of KuOr–α-catenins 
by measuring fluorescence recovery after photobleaching (FRAP). By 
performing FRAP in very small areas (1 µm in diameter), we found that 
KuOr–1–906 dynamics were different within and outside AJ regions. 
Fluorescence recovery was much slower in AJ regions than in the middle 
region of the lateral membrane (Fig. 4a, b; Supplementary Information, 
Movies 1 and 2). When myosin II activity was decreased through the 
use of an inhibitor (blebbistatin or Y27632), fluorescence recovery of 
α-catenin at AJ regions became faster (Fig. 4c). Furthermore, fluores-
cence recovery of the constitutively vinculin-binding mutant (KuOr–
1–402) at AJ regions was much slower than that of KuOr–1–906, which 
can both associate with and dissociate from vinculin (Fig. 4c). Although 
FRAP data do not show direct evidence for conformational changes of 
α-catenin, these results support our model.

We also examined remodelling of the junctions during wound closure 
movements induced by laser ablation of one or a few cells in a cell sheet. In 
KuOr–1–906-expressing cells, KuOr–1–906 accumulated at the interface 
between dead and live cells spread over the plasma membrane within 
10–15 min after wounding, and a new strong accumulation appeared 
at the front edges of the extending cell interface between cells closing 
the wound (Supplementary Information, Fig. S5 and Movie 3), and the 
wounds closed within 30–60 min. In contrast, in KuOr–1–402-expressing 
cells, KuOr–1–402 at the interface between dead and live cells remained 
accumulated during wound closure, and the new wave of accumulation 
between the cells closing the wound was not strong; these wounds did not 
close even after 60 min (Supplementary Information, Fig. S5 and Movie 
4), showing that the closure process involving the new formation of junc-
tions between cells from opposite sides of the wound was severely delayed 
in cells expressing α-catenin (1–402). Although these defects cannot be 
ascribed solely to the lack of force dependence, the C-terminal half of 
α-catenin seems to be important for rapid junctional remodelling.

Membrane-anchored α-catenin also shows force dependence
A novel function of α-catenin in a cytoplasmic monomeric or homodimeric 
form as an inhibitor of Arp2/3-dependent actin polymerization with 

branching during AJ formation was recently proposed14, claiming that only 
cytoplasmic soluble α-catenin but not α-catenin in the cadherin–catenin 
complex can interact with actin filaments. To test the possibility that only 
soluble α-catenin shows force-dependent vinculin binding, we examined a 
membrane-anchored α-catenin mutant. nEα (1–906) is an E-cadherin–α-
catenin fusion protein in which an E-cadherin lacking functional domains 
in the cytoplasmic region that are essential for the formation of a cad-
herin–catenin complex is fused to full-length α-catenin, mimicking the 
cadherin–catenin complex38. When introduced into cadherin-deficient 
cells, nEα (1–906) functions similarly to full-length E-cadherin by support-
ing cell adhesion and recruiting vinculin32,39. This membrane-anchored 
α-catenin also showed force-dependent binding of vinculin (Fig. 5), indi-
cating that dissociation of α-catenin from the cadherin–catenin complex 
is not required for the force-dependent binding of vinculin.

α18 recognizes α-catenin in a force-dependent manner
We found that a monoclonal antibody, α18, which we had raised pre-
viously38, recognized α-catenin preferentially at AJ regions in a force-
dependent manner. During the process of junction maturation, α18 
staining was more intense at AJ regions where myosin II-B fibres were 
highly converged than at other AJ regions, although the cadherin–cat-
enin complex revealed by β-catenin staining was distributed almost uni-
formly along the cell–cell interface (Fig. 6a). The ratio of pixel intensity 
for α18 staining and β-catenin staining (α18/β-catenin) had a positive 
correlation with pixel intensity of neighbouring myosin II-B staining 
(Supplementary Information, Fig. S6). Optical sections of epithelial cells 
after junction maturation revealed that α18 stained the AJ regions exclu-
sively and not other regions on the lateral membranes when myosin II 
activity was normal (Fig. 6b). However, when myosin II activity was 
inhibited and vinculin disappeared, α18 no longer stained α-catenin, 
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Fluorescence Recovery after Photobleaching 
(FRAP):
• Probe recovery dynamics of a-catenin at lateral 

cell surfaces and cell junctions

• The return of fluorescence is lower at 
junctions: a-catenin is more stably bound

• This stabilisation requires Myosin-II based 
tension

• Deletion of auto-inhibitory domain enhances 
protein stabilisation

2. a-Catenin is mechanosensitive
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Adhesion as an active, regulated system

2. E-cadherin is under molecular tension

domain at cell–cell contacts and at contact-free regions of the
plasma membrane in Madin–Darby canine kidney (MDCK) epi-
thelial cells. We then tested whether disruption of actomyosin
activity, αE-catenin depletion, and externally applied mechanical
stimuli affected the tension experienced by the cytoplasmic do-
main of E-cadherin. Our results provide direct evidence that me-
chanical forces are transduced through the cytoplasmic domain of
E-cadherin and support a mechanosensory role of the cadherin/
catenin complex not only at cell–cell contacts but also at contact-
free plasma membrane throughout the cell.

Results
We hypothesized that if tension is exerted by the actomyosin cy-
toskeleton on E-cadherin, then it should be transmitted through
the cytoplasmic domain (Fig. 1A). To directly measure tension,
we generated a variant E-cadherin (EcadTSMod) that contained
a tension sensor module (TSMod) (36) inserted in the cyto-
plasmic domain between the transmembrane domain and the
catenin-binding domain (Fig. 1B; see SI Materials and Meth-
ods). This sensor allowed us to measure pN-range forces
transmitted between the transmembrane domain and the cat-
enin-binding domain by FRET microscopy (see SI Materials
and Methods).
EcadTSMod localized prominently to the plasma membrane

of MDCK cells and was recruited to cell–cell contacts, similar to
the endogenous protein (Fig. 1C); EcadTSMod also labeled some
endo-/exocytic vesicles and intracellular compartments, as already
shown for E-cadherin-GFP (37). Importantly, EcadTSMod res-
cued cell–cell adhesion and plasma membrane recruitment of
β-catenin and α-catenin in L fibroblasts (Fig. S1A) that normally
lack cadherin expression (38). EcadTSModΔcyto, a control con-
struct in which the β-catenin–binding domain was deleted, was
also recruited to cell–cell contacts but did not recruit the catenins,
as expected (Fig. S1B). Therefore, EcadTSMod recapitulated
wild-type E-cadherin association with catenins and cell–cell
adhesion function.
Next, we sought to assess whether EcadTSMod was under

tension inMDCK cells. The intensities of the signals emitted from

the TSMod fluorophores monomeric teal fluorescent protein
(mTFP) and Venus were used to compute the FRET index, a
measure of TSMod stretching and tension transmitted through the
cytoplasmic domain of E-cadherin: the lower the FRET index, the
higher the tension (Fig. 1 B and C; and SI Materials and Methods).
We calibrated the FRET index to FRET efficiency by measuring
the FRET index of the 229aa tumor necrosis factor receptor as-
sociated factor flanked with mTFP and Venus (mTFP-TRAF-
Venus) and mTFP-5aa-Venus expressed in MDCK cells (Fig. S2
and SI Materials and Methods), two constructs with known FRET
efficiencies (39). We used a previously published FRET effi-
ciency–force calibration to infer molecular tension (36).
We measured FRET indices for TSMod (expressed in the cy-

toplasm), EcadTSMod, and EcadTSModΔcyto at cell–cell con-
tacts and EcadTSMod and EcadTSModΔcyto at the contact-
free plasma membrane (Fig. 2A). Within cell–cell contacts, the
EcadTSMod FRET index was ∼30%, compared with ∼40% for
either EcadTSModΔcyto or cytoplasmic TSMod (Fig. 2B).
Therefore, EcadTSMod appeared to be under tension, and this
tension required the catenin-binding domain of E-cadherin. Sur-
prisingly, the EcadTSMod FRET index was lower than that of
EcadTSModΔcyto at plasma membrane not in contact with other
cells (Fig. 2B). Thus, E-cadherin appears to be under constitutive
tension at the plasma membrane whether or not it is localized to
cell–cell contacts.
We sought to test whether the tension exerted on E-cadherin

was generated by filamentous actin and myosin II activity. To test
whether filamentous actin was required, cells were incubated in
cytochalasin B, an inhibitor of actin polymerization (40). This
treatment resulted in an increase in the EcadTSMod FRET index
at both cell–cell contacts and the contact-free plasma membrane
(Fig. 3A). We tested whether myosin II activity was required by
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is composed of repetitive amino-acid motifs that form entropic
nanosprings suitable for measuring piconewton forces19. Since
FRET is highly sensitive to the distance between the fluorophores,
FRET efficiency should decrease under tension (Fig. 1b). The vincu-
lin tension sensor contains the sensor module between the Vh and Vt
domain of vinculin after amino acid 883 (VinTS, Fig. 1c). Controls
include a carboxy-terminally tagged vinculin–venus (VinV, Fig. 1d)
and a tail-less mutant, which cannot bind F-actin or paxillin (VinTL,
Fig. 1e). Thus, tension cannot be applied to the VinTL construct.

In transiently transfected vinculin2/2 cells, VinTS was properly
recruited to FAs. FA shape and size, and F-actin organization were
indistinguishable from cells expressingVinV (Fig. 1f and Supplemen-
tary Fig. 1a, b, e). Cells expressing VinTL had significantly enlarged
FAs, consistent with previous studies20 (Supplementary Fig. 1c, e).
TSMod localized to the cytoplasm and the nucleus (Supplementary
Fig. 1d). All constructs produced stable proteins with the expected
molecular size (Supplementary Fig. 2a). Expression of VinTS in vin-
culin2/2 cells was comparable to the level of endogenous vinculin in
murine embryonic fibroblasts (MEFs) or bovine aortic endothelial
cells (BAECs) (Supplementary Fig. 2b).

Next, we probed the activation state of VinTS. In solution, binding
of Vh to Vt induces a closed, auto-inhibited conformation that does
not bind F-actin.However, F-actin and the bacterial protein IpaAbind
cooperatively to vinculin to induce its activation21. High-speed cent-
rifugation of hypotonic cell lysates from cells expressing VinTS or
VinV to sediment F-actin co-sedimentedonly a small amount of either
vinculin construct, even when actin was supplemented. Addition of
IpaA alonemodestly increased sedimentation, presumably due to vin-
culin binding to endogenous actin in cell lysates. IpaA and actin
together induced nearly complete sedimentation of both vinculin con-
structs (Supplementary Fig. 2c). Furthermore, fluorescence recovery
after photobleaching (FRAP) in live cells showed that recovery rates in
FAswere similar betweenVinTS andVinV, indicatingnormal vinculin
dynamics22 (Fig. 1g). Thus, insertion of TSMod does not significantly
affect vinculin’s localization to FAs, its activation state, actin binding,
or intracellular dynamics.

Wenext tested for twopotential confounding factors, intermolecular
FRET and effects of vinculin conformation on FRET (FRET metrics
are explained in Supplementary Note 2). When cells were transfected
with both vinculin–mTFP1 and vinculin–venus(A206K) (fluorophore
insertion after amino acid 883), the FRET index in FAs was very low
compared to cells expressing VinTS, indicating that intermolecular
FRET is negligible (Supplementary Fig. 3a–c). To examine effects of
conformational changes during vinculin activation, we used IpaA and
actin to activate vinculin. As a positive control, we generated amTFP1–
venus(A206K) version of a previously described vinculin conformation
FRET probe21 (VinCS, Supplementary Fig. 3d). Spectrofluorometric
analysis of hypotonic cell lysates containing these constructs showed
that, as expected, adding neither actin nor IpaA alone affected FRET
efficiency of VinCS, whereas IpaAplus actin decreased FRET efficiency.
In contrast, VinTS showed no change in FRET efficiency under iden-
tical conditions (Supplementary Fig. 3e). Thus, vinculin’s conforma-
tional changes do not affect FRET efficiency of VinTS.

To evaluate responses to cellular forces, vinculin2/2 cells expres-
sing VinTS or VinTL were seeded on fibronectin- or poly-L-lysine-
coated coverslips. Cells on fibronectin rapidly spread and formed
FAs, whereas cells on poly-L-lysine remained round, with the con-
structs diffusely distributed in the cytoplasm. FRETwas high for both
constructs on poly-L-lysine (Fig. 2a). Spectrofluorometry of hypo-
tonic cell lysates, another zero-force state, also showed no difference
between VinTS, VinTL and TSMod in solution (Fig. 2b). In contrast,
VinTS, but not VinTL, displayed reduced FRET index in FAs on fibro-
nectin, indicating increasedmechanical tension (Fig. 2a). These results
were confirmed by fluorescence lifetime microscopy (FLIM)23. In
adherent cells, VinTS had significantly longer lifetimes (corresponding
to lower FRET efficiency, see Supplementary Note 2). Lifetimes were

also distributed over a much wider range than VinTL, indicating that
individual molecules are subject to a range of forces (Fig. 2c, d).

To calibrate the tension sensor, we used single-molecule fluor-
escence force spectroscopy, which combines confocal scanning fluor-
escence microscopy with optical tweezers2. Because fluorescent
proteins’ low photostability precludes single-molecule FRET mea-
surements, we generated a version of TSMod using the organic fluor-
ophores Cy3 and Cy5 (TSModCy, Supplementary Fig. 4a). The
flagelliform linker (F40) was connected to a polymer-coated glass
surface via 18 base pair long double-stranded (ds) DNA and to a
microsphere held in tweezers through ,50 kilobase dsDNA. DNA
tethers presented the fluorophores in close proximity to terminal
cysteine residues of F40, allowing estimation of the linker end-to-
end distance as a function of force from FRET measurements
(Supplementary Fig. 4a). Changes in FRET efficiency over multiple
force cycles showed that TSModCy reached conformational equilib-
rium rapidly and displayed no hysteresis, indicating reversibility
(Fig. 2e–g). The zero-force FRET efficiency of ,50% determined
separately (Fig. 2h) matched the FRET value at the lowest force
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Figure 2 | Responses to mechanical force. a, FRET index in vinculin2/2

cells expressing VinTS or VinTL seeded on poly-L-lysine (pL) or fibronectin
(FN) (*P, 0.05, Tukey-b test, n5 11–18). b, FRET measured by
spectrofluorometry of lysates containing VinTS, VinTL or TSMod (n5 4,
P. 0.5, Tukey-b test). c, Fluorescence lifetime images of vinculin2/2 cells
expressing VinTS or VinTL. Scale bar, 2 mm. d, Fluorescence lifetime
histograms from FAs of VinTS (n5 11) or VinTL (n5 8) expressing
vinculin2/2 cells. e–g, Multiple stretch/relax cycles of a single TSModCy
using fluorescence force spectroscopy. e, Fluorescence intensity time traces
for donor (green) and acceptor (red). f, Applied force versus time. g, FRET
efficiency versus time. h, Single-molecule FRET histogram of TSModCy at
zero force. The peak marked by a red Gaussian fit represents the TSModCy
labelled with both donor and acceptor. i, Averaged FRET–force curves from
n5 7 molecules show reversible stretching and relaxing of TSModCy
between 0.25 and 19 pN. All error bars represent s.e.m.
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is composed of repetitive amino-acid motifs that form entropic
nanosprings suitable for measuring piconewton forces19. Since
FRET is highly sensitive to the distance between the fluorophores,
FRET efficiency should decrease under tension (Fig. 1b). The vincu-
lin tension sensor contains the sensor module between the Vh and Vt
domain of vinculin after amino acid 883 (VinTS, Fig. 1c). Controls
include a carboxy-terminally tagged vinculin–venus (VinV, Fig. 1d)
and a tail-less mutant, which cannot bind F-actin or paxillin (VinTL,
Fig. 1e). Thus, tension cannot be applied to the VinTL construct.

In transiently transfected vinculin2/2 cells, VinTS was properly
recruited to FAs. FA shape and size, and F-actin organization were
indistinguishable from cells expressingVinV (Fig. 1f and Supplemen-
tary Fig. 1a, b, e). Cells expressing VinTL had significantly enlarged
FAs, consistent with previous studies20 (Supplementary Fig. 1c, e).
TSMod localized to the cytoplasm and the nucleus (Supplementary
Fig. 1d). All constructs produced stable proteins with the expected
molecular size (Supplementary Fig. 2a). Expression of VinTS in vin-
culin2/2 cells was comparable to the level of endogenous vinculin in
murine embryonic fibroblasts (MEFs) or bovine aortic endothelial
cells (BAECs) (Supplementary Fig. 2b).

Next, we probed the activation state of VinTS. In solution, binding
of Vh to Vt induces a closed, auto-inhibited conformation that does
not bind F-actin.However, F-actin and the bacterial protein IpaAbind
cooperatively to vinculin to induce its activation21. High-speed cent-
rifugation of hypotonic cell lysates from cells expressing VinTS or
VinV to sediment F-actin co-sedimentedonly a small amount of either
vinculin construct, even when actin was supplemented. Addition of
IpaA alonemodestly increased sedimentation, presumably due to vin-
culin binding to endogenous actin in cell lysates. IpaA and actin
together induced nearly complete sedimentation of both vinculin con-
structs (Supplementary Fig. 2c). Furthermore, fluorescence recovery
after photobleaching (FRAP) in live cells showed that recovery rates in
FAswere similar betweenVinTS andVinV, indicatingnormal vinculin
dynamics22 (Fig. 1g). Thus, insertion of TSMod does not significantly
affect vinculin’s localization to FAs, its activation state, actin binding,
or intracellular dynamics.

Wenext tested for twopotential confounding factors, intermolecular
FRET and effects of vinculin conformation on FRET (FRET metrics
are explained in Supplementary Note 2). When cells were transfected
with both vinculin–mTFP1 and vinculin–venus(A206K) (fluorophore
insertion after amino acid 883), the FRET index in FAs was very low
compared to cells expressing VinTS, indicating that intermolecular
FRET is negligible (Supplementary Fig. 3a–c). To examine effects of
conformational changes during vinculin activation, we used IpaA and
actin to activate vinculin. As a positive control, we generated amTFP1–
venus(A206K) version of a previously described vinculin conformation
FRET probe21 (VinCS, Supplementary Fig. 3d). Spectrofluorometric
analysis of hypotonic cell lysates containing these constructs showed
that, as expected, adding neither actin nor IpaA alone affected FRET
efficiency of VinCS, whereas IpaAplus actin decreased FRET efficiency.
In contrast, VinTS showed no change in FRET efficiency under iden-
tical conditions (Supplementary Fig. 3e). Thus, vinculin’s conforma-
tional changes do not affect FRET efficiency of VinTS.

To evaluate responses to cellular forces, vinculin2/2 cells expres-
sing VinTS or VinTL were seeded on fibronectin- or poly-L-lysine-
coated coverslips. Cells on fibronectin rapidly spread and formed
FAs, whereas cells on poly-L-lysine remained round, with the con-
structs diffusely distributed in the cytoplasm. FRETwas high for both
constructs on poly-L-lysine (Fig. 2a). Spectrofluorometry of hypo-
tonic cell lysates, another zero-force state, also showed no difference
between VinTS, VinTL and TSMod in solution (Fig. 2b). In contrast,
VinTS, but not VinTL, displayed reduced FRET index in FAs on fibro-
nectin, indicating increasedmechanical tension (Fig. 2a). These results
were confirmed by fluorescence lifetime microscopy (FLIM)23. In
adherent cells, VinTS had significantly longer lifetimes (corresponding
to lower FRET efficiency, see Supplementary Note 2). Lifetimes were

also distributed over a much wider range than VinTL, indicating that
individual molecules are subject to a range of forces (Fig. 2c, d).

To calibrate the tension sensor, we used single-molecule fluor-
escence force spectroscopy, which combines confocal scanning fluor-
escence microscopy with optical tweezers2. Because fluorescent
proteins’ low photostability precludes single-molecule FRET mea-
surements, we generated a version of TSMod using the organic fluor-
ophores Cy3 and Cy5 (TSModCy, Supplementary Fig. 4a). The
flagelliform linker (F40) was connected to a polymer-coated glass
surface via 18 base pair long double-stranded (ds) DNA and to a
microsphere held in tweezers through ,50 kilobase dsDNA. DNA
tethers presented the fluorophores in close proximity to terminal
cysteine residues of F40, allowing estimation of the linker end-to-
end distance as a function of force from FRET measurements
(Supplementary Fig. 4a). Changes in FRET efficiency over multiple
force cycles showed that TSModCy reached conformational equilib-
rium rapidly and displayed no hysteresis, indicating reversibility
(Fig. 2e–g). The zero-force FRET efficiency of ,50% determined
separately (Fig. 2h) matched the FRET value at the lowest force
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Figure 2 | Responses to mechanical force. a, FRET index in vinculin2/2

cells expressing VinTS or VinTL seeded on poly-L-lysine (pL) or fibronectin
(FN) (*P, 0.05, Tukey-b test, n5 11–18). b, FRET measured by
spectrofluorometry of lysates containing VinTS, VinTL or TSMod (n5 4,
P. 0.5, Tukey-b test). c, Fluorescence lifetime images of vinculin2/2 cells
expressing VinTS or VinTL. Scale bar, 2 mm. d, Fluorescence lifetime
histograms from FAs of VinTS (n5 11) or VinTL (n5 8) expressing
vinculin2/2 cells. e–g, Multiple stretch/relax cycles of a single TSModCy
using fluorescence force spectroscopy. e, Fluorescence intensity time traces
for donor (green) and acceptor (red). f, Applied force versus time. g, FRET
efficiency versus time. h, Single-molecule FRET histogram of TSModCy at
zero force. The peak marked by a red Gaussian fit represents the TSModCy
labelled with both donor and acceptor. i, Averaged FRET–force curves from
n5 7 molecules show reversible stretching and relaxing of TSModCy
between 0.25 and 19 pN. All error bars represent s.e.m.
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Supplementary Fig.4. Single molecule experiments and force calculations. 

(a) Experimental setup of single molecule force-FRET measurements of 

TSModCy. Bio: biotin, DIG: digoxigenin, PEG: polyethylenglycol, Bio-PEG: 

biotinylated-PEG, α: anti-digoxigenin. (b) FRET efficiency-force estimation of 

TSMod. The red line is a fourth order polynomial fit utilized for numerical 

conversions. (c) FRET efficiency histograms from FAs of VinTS (n=11) or VinTL 

(n=8) expressing vinculin-/- cells. (d) Lifetime histogram of VinTS shown in 

(Fig.2d) was converted using (b) to display the force distribution across VinTS in 

FAs of vinculin-/- cells. (e) Lifetime image of VinTS shown in (Fig.2c) was 

converted using (b) to determine the average force/molecule. Scale bar: 2μm. 

www.nature.com/ nature 4

Spider silk elastic linker

Grashoff C. et al., Schwartz M. , Nature, 466:263. 2010

FRET-based sensor of molecular tension
in the intracellular domain of E-cadherin

Force-FRET curve of the TS-Mod: based on the
elastic properties of the spider silk domain.

1-6pN force sensitivity
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incubating cells with ML-7, an inhibitor of myosin light chain ki-
nase (41), which also resulted in an increase in the EcadTSMod
FRET index at both cell–cell contacts and the contact-free plasma
membrane (Fig. 3B).
Actomyosin perturbation induced a smaller increase of the

FRET index than deletion of the cytoplasmic domain (Fig. 2B).
We tested whether this could result from increased intermolecular
FRET rather than tension relaxation. Intermolecular FRET may
arise between proximal fluorescent E-cadherins, especially if they
cluster at the plasma membrane. To directly quantify the contri-
bution of intermolecular FRET, we measured the FRET index of
EcadTSModΔcyto, which is not under tension, as a function of its
expression level.We found a weak dependence of the FRET index
on fluorescent protein expression level, consistent with small dif-
ferences in the chance of encounters between fluorescent proteins
over large variations in surface density (Fig. S3A). Perturbation of
cells with ML-7 or cytochalasin B, however, did not induce sig-
nificant or quantitative changes in EcadTSMod surface density
(Fig. S3B) despite significant increases in EcadTSMod FRET in-
dex (Fig. 3 A and B). Thus, intermolecular FRET is unlikely to
account for the increase in the FRET index observed upon
actomyosin perturbation.
We next tested whether αE-catenin was required to transmit

actomyosin-generated tension to E-cadherin. EcadTSMod was
cotransfected with a shRNA against αE-catenin (42–44). Cells
expressing EcadTSMod and depleted of αE-catenin did not re-
cruit EcadTSMod or β-catenin between closely apposed neigh-
boring cells (Fig. S4). Nevertheless, depletion of αE-catenin
caused an increase in the EcadTSMod FRET index at the contact-
free membrane (Fig. 3C). Significantly, addition of cytochalasin B

to αE-catenin–depleted cells did not induce a further increase in
the EcadTSMod FRET index (Fig. 3C). Together, these results
show that actin filaments andmyosin II activity require αE-catenin
to exert constitutive tension on the cytoplasmic domain of E-
cadherin (Fig. 3D).
Finally, we sought to assess whether stretching pairs of cells in-

creased tension in the cytoplasmic domain of E-cadherin. We used
micromanipulation to apply increasing steps of uniaxial stretch
across cell–cell contacts between adhering cells (Fig. 4A and SI
Materials and Methods) and measured the EcadTSMod FRET in-
dex over time (Fig. 4B). We found that the FRET index at the cell–
cell contact decreased as a function of cell extension (Fig. 4C). In
contrast, the FRET index at contact-free regions of the plasma
membrane exhibited no correlation with cell extension (Fig. 4C).
On average, the change in the FRET index per unit change in ex-
tension ratio at cell–cell contacts was significantly different from
that at contact-free plasma membrane (Fig. 4D). Thus, the cyto-
plasmic domain of E-cadherin in stretched cells transmits increased
tension within cell–cell contacts, but not at contact-free regions of
the plasma membrane.

Discussion
Mechanotransduction is ubiquitous during embryonic development,
tissue regeneration, and disease (1, 4). Cell adhesion proteins are
structural and functional hubs between the cytoskeleton and the
extracellular environment and hence are strategically positioned to
transduce mechanical signals (45). Mechanotransduction through
integrin adhesion proteins to the extracellular matrix is well studied
(46). Protein components in these adhesion complexes respond
directly to mechanical forces by changing conformation, which
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incubating cells with ML-7, an inhibitor of myosin light chain ki-
nase (41), which also resulted in an increase in the EcadTSMod
FRET index at both cell–cell contacts and the contact-free plasma
membrane (Fig. 3B).
Actomyosin perturbation induced a smaller increase of the

FRET index than deletion of the cytoplasmic domain (Fig. 2B).
We tested whether this could result from increased intermolecular
FRET rather than tension relaxation. Intermolecular FRET may
arise between proximal fluorescent E-cadherins, especially if they
cluster at the plasma membrane. To directly quantify the contri-
bution of intermolecular FRET, we measured the FRET index of
EcadTSModΔcyto, which is not under tension, as a function of its
expression level.We found a weak dependence of the FRET index
on fluorescent protein expression level, consistent with small dif-
ferences in the chance of encounters between fluorescent proteins
over large variations in surface density (Fig. S3A). Perturbation of
cells with ML-7 or cytochalasin B, however, did not induce sig-
nificant or quantitative changes in EcadTSMod surface density
(Fig. S3B) despite significant increases in EcadTSMod FRET in-
dex (Fig. 3 A and B). Thus, intermolecular FRET is unlikely to
account for the increase in the FRET index observed upon
actomyosin perturbation.
We next tested whether αE-catenin was required to transmit

actomyosin-generated tension to E-cadherin. EcadTSMod was
cotransfected with a shRNA against αE-catenin (42–44). Cells
expressing EcadTSMod and depleted of αE-catenin did not re-
cruit EcadTSMod or β-catenin between closely apposed neigh-
boring cells (Fig. S4). Nevertheless, depletion of αE-catenin
caused an increase in the EcadTSMod FRET index at the contact-
free membrane (Fig. 3C). Significantly, addition of cytochalasin B

to αE-catenin–depleted cells did not induce a further increase in
the EcadTSMod FRET index (Fig. 3C). Together, these results
show that actin filaments andmyosin II activity require αE-catenin
to exert constitutive tension on the cytoplasmic domain of E-
cadherin (Fig. 3D).
Finally, we sought to assess whether stretching pairs of cells in-

creased tension in the cytoplasmic domain of E-cadherin. We used
micromanipulation to apply increasing steps of uniaxial stretch
across cell–cell contacts between adhering cells (Fig. 4A and SI
Materials and Methods) and measured the EcadTSMod FRET in-
dex over time (Fig. 4B). We found that the FRET index at the cell–
cell contact decreased as a function of cell extension (Fig. 4C). In
contrast, the FRET index at contact-free regions of the plasma
membrane exhibited no correlation with cell extension (Fig. 4C).
On average, the change in the FRET index per unit change in ex-
tension ratio at cell–cell contacts was significantly different from
that at contact-free plasma membrane (Fig. 4D). Thus, the cyto-
plasmic domain of E-cadherin in stretched cells transmits increased
tension within cell–cell contacts, but not at contact-free regions of
the plasma membrane.

Discussion
Mechanotransduction is ubiquitous during embryonic development,
tissue regeneration, and disease (1, 4). Cell adhesion proteins are
structural and functional hubs between the cytoskeleton and the
extracellular environment and hence are strategically positioned to
transduce mechanical signals (45). Mechanotransduction through
integrin adhesion proteins to the extracellular matrix is well studied
(46). Protein components in these adhesion complexes respond
directly to mechanical forces by changing conformation, which
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incubating cells with ML-7, an inhibitor of myosin light chain ki-
nase (41), which also resulted in an increase in the EcadTSMod
FRET index at both cell–cell contacts and the contact-free plasma
membrane (Fig. 3B).
Actomyosin perturbation induced a smaller increase of the

FRET index than deletion of the cytoplasmic domain (Fig. 2B).
We tested whether this could result from increased intermolecular
FRET rather than tension relaxation. Intermolecular FRET may
arise between proximal fluorescent E-cadherins, especially if they
cluster at the plasma membrane. To directly quantify the contri-
bution of intermolecular FRET, we measured the FRET index of
EcadTSModΔcyto, which is not under tension, as a function of its
expression level.We found a weak dependence of the FRET index
on fluorescent protein expression level, consistent with small dif-
ferences in the chance of encounters between fluorescent proteins
over large variations in surface density (Fig. S3A). Perturbation of
cells with ML-7 or cytochalasin B, however, did not induce sig-
nificant or quantitative changes in EcadTSMod surface density
(Fig. S3B) despite significant increases in EcadTSMod FRET in-
dex (Fig. 3 A and B). Thus, intermolecular FRET is unlikely to
account for the increase in the FRET index observed upon
actomyosin perturbation.
We next tested whether αE-catenin was required to transmit

actomyosin-generated tension to E-cadherin. EcadTSMod was
cotransfected with a shRNA against αE-catenin (42–44). Cells
expressing EcadTSMod and depleted of αE-catenin did not re-
cruit EcadTSMod or β-catenin between closely apposed neigh-
boring cells (Fig. S4). Nevertheless, depletion of αE-catenin
caused an increase in the EcadTSMod FRET index at the contact-
free membrane (Fig. 3C). Significantly, addition of cytochalasin B

to αE-catenin–depleted cells did not induce a further increase in
the EcadTSMod FRET index (Fig. 3C). Together, these results
show that actin filaments andmyosin II activity require αE-catenin
to exert constitutive tension on the cytoplasmic domain of E-
cadherin (Fig. 3D).
Finally, we sought to assess whether stretching pairs of cells in-

creased tension in the cytoplasmic domain of E-cadherin. We used
micromanipulation to apply increasing steps of uniaxial stretch
across cell–cell contacts between adhering cells (Fig. 4A and SI
Materials and Methods) and measured the EcadTSMod FRET in-
dex over time (Fig. 4B). We found that the FRET index at the cell–
cell contact decreased as a function of cell extension (Fig. 4C). In
contrast, the FRET index at contact-free regions of the plasma
membrane exhibited no correlation with cell extension (Fig. 4C).
On average, the change in the FRET index per unit change in ex-
tension ratio at cell–cell contacts was significantly different from
that at contact-free plasma membrane (Fig. 4D). Thus, the cyto-
plasmic domain of E-cadherin in stretched cells transmits increased
tension within cell–cell contacts, but not at contact-free regions of
the plasma membrane.

Discussion
Mechanotransduction is ubiquitous during embryonic development,
tissue regeneration, and disease (1, 4). Cell adhesion proteins are
structural and functional hubs between the cytoskeleton and the
extracellular environment and hence are strategically positioned to
transduce mechanical signals (45). Mechanotransduction through
integrin adhesion proteins to the extracellular matrix is well studied
(46). Protein components in these adhesion complexes respond
directly to mechanical forces by changing conformation, which
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incubating cells with ML-7, an inhibitor of myosin light chain ki-
nase (41), which also resulted in an increase in the EcadTSMod
FRET index at both cell–cell contacts and the contact-free plasma
membrane (Fig. 3B).
Actomyosin perturbation induced a smaller increase of the

FRET index than deletion of the cytoplasmic domain (Fig. 2B).
We tested whether this could result from increased intermolecular
FRET rather than tension relaxation. Intermolecular FRET may
arise between proximal fluorescent E-cadherins, especially if they
cluster at the plasma membrane. To directly quantify the contri-
bution of intermolecular FRET, we measured the FRET index of
EcadTSModΔcyto, which is not under tension, as a function of its
expression level.We found a weak dependence of the FRET index
on fluorescent protein expression level, consistent with small dif-
ferences in the chance of encounters between fluorescent proteins
over large variations in surface density (Fig. S3A). Perturbation of
cells with ML-7 or cytochalasin B, however, did not induce sig-
nificant or quantitative changes in EcadTSMod surface density
(Fig. S3B) despite significant increases in EcadTSMod FRET in-
dex (Fig. 3 A and B). Thus, intermolecular FRET is unlikely to
account for the increase in the FRET index observed upon
actomyosin perturbation.
We next tested whether αE-catenin was required to transmit

actomyosin-generated tension to E-cadherin. EcadTSMod was
cotransfected with a shRNA against αE-catenin (42–44). Cells
expressing EcadTSMod and depleted of αE-catenin did not re-
cruit EcadTSMod or β-catenin between closely apposed neigh-
boring cells (Fig. S4). Nevertheless, depletion of αE-catenin
caused an increase in the EcadTSMod FRET index at the contact-
free membrane (Fig. 3C). Significantly, addition of cytochalasin B

to αE-catenin–depleted cells did not induce a further increase in
the EcadTSMod FRET index (Fig. 3C). Together, these results
show that actin filaments andmyosin II activity require αE-catenin
to exert constitutive tension on the cytoplasmic domain of E-
cadherin (Fig. 3D).
Finally, we sought to assess whether stretching pairs of cells in-

creased tension in the cytoplasmic domain of E-cadherin. We used
micromanipulation to apply increasing steps of uniaxial stretch
across cell–cell contacts between adhering cells (Fig. 4A and SI
Materials and Methods) and measured the EcadTSMod FRET in-
dex over time (Fig. 4B). We found that the FRET index at the cell–
cell contact decreased as a function of cell extension (Fig. 4C). In
contrast, the FRET index at contact-free regions of the plasma
membrane exhibited no correlation with cell extension (Fig. 4C).
On average, the change in the FRET index per unit change in ex-
tension ratio at cell–cell contacts was significantly different from
that at contact-free plasma membrane (Fig. 4D). Thus, the cyto-
plasmic domain of E-cadherin in stretched cells transmits increased
tension within cell–cell contacts, but not at contact-free regions of
the plasma membrane.

Discussion
Mechanotransduction is ubiquitous during embryonic development,
tissue regeneration, and disease (1, 4). Cell adhesion proteins are
structural and functional hubs between the cytoskeleton and the
extracellular environment and hence are strategically positioned to
transduce mechanical signals (45). Mechanotransduction through
integrin adhesion proteins to the extracellular matrix is well studied
(46). Protein components in these adhesion complexes respond
directly to mechanical forces by changing conformation, which
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exposes cryptic binding sites to putative binding partners and
phosphorylation (47, 48). Recently, a FRET-based tension sensor,
which we used here, revealed that vinculin experiences pN forces at
integrin-based focal adhesions in cultured cells (36).
In contrast to studies of mechanotransduction at integrin-based

adhesions, relatively little is known about the mechanical features
of the cadherin/catenin adhesion complex at the molecular level.
Recent studies have reported that cadherins transmit actomyosin-
generated forces to the extracellular environment (32, 33). Exter-
nal forces applied to cells through cadherins reveal a mechanical
coupling between the membrane and the cytoskeleton that
requires the cadherin cytoplasmic domain (24) and may cause
changes in cellular mechanical properties or protrusive activity (25,
26). Conformational changes in α-catenin and/or the recruitment
of cytoskeleton-binding proteins to sites of cadherin-mediated
adhesion may be involved (17, 18, 27–29). However, there is no
direct evidence at the molecular level that cadherins are under
actomyosin-dependent tension or that cadherins transmit extra-
cellular forces to the cytoskeleton through the catenin-binding
cytoplasmic domain. Here, we addressed this problem directly by
using variants of E-cadherin (Fig. S5) that contain a tension sensor
module (TSMod), and showed that: (i) the E-cadherin cytoplasmic
domain is under tension that is dependent on an intact actin cy-
toskeleton, αE-catenin and myosin II activity; (ii) tension gener-
ated by the actomyosin cytoskeleton on E-cadherin is constitutive,

regardless of whether E-cadherin is localized within or outside of
cell–cell contacts at the plasma membrane; and (iii) tension in the
cytoplasmic domain of E-cadherin is increased specifically at cell–
cell contacts upon externally applied uniaxial stretch.
The force sensitivity of the flagelliform linker in the TSMod

construct was determined previously by single-molecule stretching
using optical tweezers (36). Based on those measurements and
FRET index calibration (Fig. S2), we estimate that a 1-pN increase
in force corresponds to a ∼6% decrease in FRET index on our
experimental setup (SI Materials and Methods). The force sensor
TSMod was inserted into a region of the E-cadherin juxtamem-
brane domain that is unstructured even when E-cadherin binds to
β-catenin (49, 50). Previous results indicate that E-cadherin at the
plasma membrane is constitutively bound to β-catenin (51, 52),
whether or not the E-cadherin/β-catenin complex is associated
with αE-catenin or actin (15). Thus, the observed changes in
FRET index are unlikely to reflect conformational changes in the
E-cadherin juxtamembrane region. Moreover, we showed directly
that changes in intermolecular FRET between fluorescent E-
cadherins are unlikely to account for the FRET index differences
observed upon actomyosin perturbation (Fig. S3). Taken together,
these data indicate that the E-cadherin cytoplasmic domain is
under 1- to 2-pN constitutive load from the cytoskeleton (Figs. 2
and 3). This value is similar to that observed for vinculin in focal
adhesions between integrins and the extracellular matrix (36),
indicating that the forces exerted across proteins of both adhesion
complexes are of the same order of magnitude. It is noteworthy,
however, that this value likely masks a range of forces that are
averaged out over many molecules and over time and space. This
may explain why tension on E-cadherin was only partially reduced
upon pharmacological perturbation of actin polymerization, my-
osin II activity, and shRNA-mediated depletion of αE-catenin
(Fig. 3). It is possible that low levels of αE-catenin and actomyosin
activity suffice to exert some tension on E-cadherin after drug
treatment and/or protein depletion. In addition, E-cadherin may
interact with intermediate filaments through desmosomal linker
proteins (22, 23, 26, 53). Intermediate filaments might constitu-
tively exert tension on E-cadherin or compensate for reduced
αE-catenin–mediated actomyosin tension following drug treatment
or αE-catenin depletion.
We found that E-cadherin is not only under actomyosin-de-

pendent tension within cell–cell contacts but also in regions of
plasmamembrane where there was no cell–cell adhesion. Thus, the
cadherin/catenin complex may be a constitutive membrane anchor
for the cortical actomyosin cytoskeleton. In this context, it is
noteworthy that cadherin lateral mobility in the plasma membrane
depends on the catenin-binding region of the cytoplasmic domain
even outside of cell–cell contacts and is regulated by the underlying
cortical actin cytoskeleton (54, 55). That the cadherin/catenin
complex functions in membrane-to-cortex attachment may explain
why this complex is important for regulating macropinocytosis in
contact-free protruding membranes (56), single-cell wound closure
in Drosophila (57), and plasma membrane blebbing during early
embryogenesis in zebrafish (58). Plasma membrane blebbing in-
volves functional crosstalk between the cadherin/catenin complex
and ezrin–radixin–moesin (ERM) proteins (58), which also medi-
ate membrane-to-cortex attachment (59). Although the molecular
events directly downstream of E-cadherin tension remain unclear,
E-cadherin, and likely αE-catenin, may be involved in a ubiquitous
tension-sensing mechanism that regulates cortical cytoskeleton
activity as a function of cell shape, size, or membrane activity.
Externally applied stretch on cell pairs increases tension in the

cytoplasmic domain of E-cadherin at cell–cell contacts by ∼1 pN
(Fig. 4). Importantly, tension across the E-cadherin cytoplasmic
domain appears to increase in proportion to the applied stretch,
which may allow a graded signaling output from the adhesion
complex. However, tension does not appear to be propagated
to E-cadherin in the plasma membrane outside the cell–cell
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Fig. 4. Externally applied uniaxial stretch between pairs of cells decreased
the FRET index of EcadTSMod at cell–cell junctions but not at the contact-
free plasma membrane. (A) Fluorescence images from a sequence of in-
creasing steps (1, 2, 3, 4; ∼20-s intervals) of stretch applied to a cell doublet
using a microneedle. (In image 2, the white arrow shows the point of contact
between the needle and the cell, and the green arrow shows the cell ex-
tension.) (B) Extension ratio (cell length in the direction of the stretch nor-
malized by cell length at rest) and EcadTSMod FRET index at the cell–cell
contact and at the free membrane for the cell that is not directly in contact
with the needle in A. FRET decreased at the junction but not at the free
membrane. (C) EcadTSMod FRET index vs. extension ratio from cell in A.
Solid lines show linear fits. At the cell–cell contact: R2 = 0.88 and Δy/Δx =
−3.5% ± 0.1% (SEM); at contact-free membrane: R2 = 8.10−5 and Δy/Δx =
0% ± 0.1% (SEM). Slopes are significantly different with P < 0.001, t test. (D)
Change in FRET index per unit change in extension ratio (n = 6 cells). FRET
index decreases with increasing extension ratio at the cell–cell contact but
not at the free membrane. P value is calculated using two-tailed Mann–
Whitney test. (Scale bar: 20 μm.)
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Adhesion as an active, regulated system

2. E-cadherin is under molecular tension

Probing internal stress on E-cadherin: 
- free membrane E-cadherin under tension
- depends on Actin and Myosin-II

Probing external stress on E-cadherin: 
- cell stretching increases tension on E-cadherin
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The minimal cadherin-catenin complex
binds to actin filaments under force
Craig D. Buckley,1* Jiongyi Tan,2* Karen L. Anderson,3 Dorit Hanein,3 Niels Volkmann,3

William I. Weis,2,4,5† W. James Nelson,5,6† Alexander R. Dunn1,2,7†

Linkage between the adherens junction (AJ) and the actin cytoskeleton is required for
tissue development and homeostasis. In vivo findings indicated that the AJ proteins
E-cadherin, b-catenin, and the filamentous (F)–actin binding protein aE-catenin form a
minimal cadherin-catenin complex that binds directly to F-actin. Biochemical studies
challenged this model because the purified cadherin-catenin complex does not bind F-actin
in solution. Here, we reconciled this difference. Using an optical trap–based assay, we showed
that the minimal cadherin-catenin complex formed stable bonds with an actin filament under
force. Bond dissociation kinetics can be explained by a catch-bond model in which force
shifts the bond from a weakly to a strongly bound state. These results may explain how the
cadherin-catenin complex transduces mechanical forces at cell-cell junctions.

E
pithelia serve as barriers between the or-
ganism and its environment. A defining fea-
ture of these tissues is adhesion between
cells at specialized intercellular junctions.
The mechanical connection at these junc-

tions imparts shape, organization, and structural
integrity to the tissue and enables morphogenetic
changes such as themovement of epithelial sheets
and the formation of tubes during development
(1, 2). Dysregulation of cell-cell junctions is common
in cancermetastasis, which is characterized by loss
of contact inhibition, epithelial-to-mesenchymal
transitions, and abnormal cell invasiveness (3).
Classical cadherins and their cytoplasmic bind-

ing partners play a central role in intercellular
adhesion in many tissues (4). In epithelial tis-
sues, the extracellular domain of cadherin forms
adhesive contacts between neighboring cells, and
its cytoplasmic domain binds b-catenin, which in
turn binds the F-actin binding proteinaE-catenin
(5), themostwidely expressedof the threea-catenin
familymembers (6). aE-catenin binds strongly to
the E-cadherin/b-catenin complex [dissociation
constant (Kd) ~1 nM] (7, 8) but more weakly to
F-actin (Kd ~1 mM) (9–11). Cell biological studies
led to the hypothesis that aE-catenin directly links
the E-cadherin/b-catenin complex to F-actin, con-
sistentwith its role in force transmission between

cadherins and the actin cytoskeleton (12). How-
ever, in vitro binding of aE-catenin to the cadherin
cytoplasmic domain/b-catenin complex further
weakens the affinity of aE-catenin for F-actin by
at least a factor of 20, to a level that would not be
useful for transmitting force between E-cadherin
and the actin cytoskeleton (8, 10, 13).
These biochemical studies, performedwith pro-

teins fromMusmusculus (Mm;mouse) andDanio
rerio (Dr; zebrafish), cast doubt on the simple
model that aE-catenin directly links the cadherin/
catenin complex to the actin cytoskeleton. Other
proteins, including vinculin (14–18), epithelial pro-
tein lost in neoplasm (EPLIN) (19), a-actinin (20),
and afadin (21, 22), bind to both aE-catenin and
F-actin and could be a link between the cadherin-
catenin complex andF-actin.Notably, force exerted
on the cadherin-catenin complex appears to re-
cruit vinculin to cell junctions (15, 23–26). How-
ever, it is unclear how the changes in aE-catenin
conformation required for vinculin binding (14, 27)
can be induced by force if aE-catenin does not
link the E-cadherin/b-catenin complex to F-actin.
Given the importance of actomyosin-generated

tension in cell-cell adhesion (12, 15, 25), we posited
that tension stabilizes a direct link between the
minimal cadherin-catenin complex and F-actin.
Therefore, we developed a single-molecule, opti-
cal trap–based assay that replicated the geometry
of the adherens junction (AJ) and mechanical
forces between cadherin-catenin complexes and
actin filaments. We found that the application of
physiological, pN-level forces increased the life-
timeof normally transient bondsbetween cadherin-
catenin complexes and an actin filament. This
behavior is indicative of a catch bond, in which
the dissociation rate decreases with applied force
(28, 29), rather than themore typical slip bond in
which the dissociation rate increases exponen-
tially with increasing applied force.We show that
a two-state catch-bond model (30) fits the dis-

tribution of lifetimes of cadherin-catenin complex/
F-actin bonds under force. In this model, the
cadherin-catenin complex and an actin filament
interact in a short-lived, weakly bound state un-
der low forces and transition to a stable, strongly
bound state at higher forces. Thus, our data re-
veal that the cadherin-catenin complex is a force-
sensitive, direct linker to the actin cytoskeleton,
and our model offers a kinetic basis for under-
standing mechanotransduction at AJs.

Experimental approach

To replicate in vitro the spatial organization of
the cadherin-catenin complex and F-actin, we ex-
amined electron tomographic reconstructions of
cell-cell contacts in Caco-2 cells (31), which are
derived from human intestinal epithelia. These
images showed dense arrays of actin filaments
parallel to the plasmamembrane (Fig. 1, A and B,
and fig. S1). Although the centerline distance be-
tween cell-cell contacts and the F-actin arrays av-
eraged between0.5 and 1.5 mm, therewere regions
where the edges of the parallel F-actin arrayswere
in close proximity to the cell-cell contacts (see
the supplementary text), and in other areas a less
dense organization of actin filamentswas present
between the actin arrays and plasma membrane.
Cell-cell contacts are dynamic (8, 32), and therefore
these images represent only a temporal snapshot
of the proximity of junctions and the underlying
actin filament bundles. Parallel actin arrays tended
to appear at cell-cell contacts tens of nm above
the extracellular matrix (ECM) interface, whereas
nonparallel actinnetworkswere spatially correlated
with the basal membrane near the ECM contact.
These observations are consistent with previous
super-resolution microscopy data, which revealed
actin filaments parallel to intercellular junctions
in simple epithelia (9).
Without applied tension, cadherin-catenin

complex/F-actin bonds are much weaker than
aE-catenin homodimer/F-actin bonds (8, 10, 13).
This difference was apparent in time-lapse movies
of tetramethylrhodamine-labeled actin filaments
diffusing in solution near the surface of cover-
slips coatedwith either 1 mMMm green fluorescent
protein (GFP)–E-cadherin/b-catenin/aE-catenin
or 2 mMMmGFP–aE-catenin homodimer (Kd for
F-actin is ~1 mM) (Fig. 1, C andD). Actin filaments
bound stably toMmGFP–aE-catenin homodimers
for at least 30 seconds, whereas actin filaments
did not bind stably to the reconstituted Mm
cadherin-catenin complex. Thus, these results
replicate previous bulk sedimentation binding
assays (13, 19).
To apply tension on transient cadherin-catenin

complex/F-actin bonds, we replicated the orien-
tation of actin filaments and cadherin-catenin
complexes observed at intercellular junctions in
cells (Fig. 1). A single actin filament was optically
trapped and extended aboveMm orDr cadherin-
catenin complexes immobilized on a coverslip
surface precoated with glass microspheres (31)
(Fig. 1, E and F). The glass microspheres acted as
spacers to prevent the surface of the coverslip
from interfering with force measurements. The
coverslip was mounted on a stage that moved
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The minimal cadherin-catenin complex
binds to actin filaments under force
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Linkage between the adherens junction (AJ) and the actin cytoskeleton is required for
tissue development and homeostasis. In vivo findings indicated that the AJ proteins
E-cadherin, b-catenin, and the filamentous (F)–actin binding protein aE-catenin form a
minimal cadherin-catenin complex that binds directly to F-actin. Biochemical studies
challenged this model because the purified cadherin-catenin complex does not bind F-actin
in solution. Here, we reconciled this difference. Using an optical trap–based assay, we showed
that the minimal cadherin-catenin complex formed stable bonds with an actin filament under
force. Bond dissociation kinetics can be explained by a catch-bond model in which force
shifts the bond from a weakly to a strongly bound state. These results may explain how the
cadherin-catenin complex transduces mechanical forces at cell-cell junctions.

E
pithelia serve as barriers between the or-
ganism and its environment. A defining fea-
ture of these tissues is adhesion between
cells at specialized intercellular junctions.
The mechanical connection at these junc-

tions imparts shape, organization, and structural
integrity to the tissue and enables morphogenetic
changes such as themovement of epithelial sheets
and the formation of tubes during development
(1, 2). Dysregulation of cell-cell junctions is common
in cancermetastasis, which is characterized by loss
of contact inhibition, epithelial-to-mesenchymal
transitions, and abnormal cell invasiveness (3).
Classical cadherins and their cytoplasmic bind-

ing partners play a central role in intercellular
adhesion in many tissues (4). In epithelial tis-
sues, the extracellular domain of cadherin forms
adhesive contacts between neighboring cells, and
its cytoplasmic domain binds b-catenin, which in
turn binds the F-actin binding proteinaE-catenin
(5), themostwidely expressedof the threea-catenin
familymembers (6). aE-catenin binds strongly to
the E-cadherin/b-catenin complex [dissociation
constant (Kd) ~1 nM] (7, 8) but more weakly to
F-actin (Kd ~1 mM) (9–11). Cell biological studies
led to the hypothesis that aE-catenin directly links
the E-cadherin/b-catenin complex to F-actin, con-
sistentwith its role in force transmission between

cadherins and the actin cytoskeleton (12). How-
ever, in vitro binding of aE-catenin to the cadherin
cytoplasmic domain/b-catenin complex further
weakens the affinity of aE-catenin for F-actin by
at least a factor of 20, to a level that would not be
useful for transmitting force between E-cadherin
and the actin cytoskeleton (8, 10, 13).
These biochemical studies, performedwith pro-

teins fromMusmusculus (Mm;mouse) andDanio
rerio (Dr; zebrafish), cast doubt on the simple
model that aE-catenin directly links the cadherin/
catenin complex to the actin cytoskeleton. Other
proteins, including vinculin (14–18), epithelial pro-
tein lost in neoplasm (EPLIN) (19), a-actinin (20),
and afadin (21, 22), bind to both aE-catenin and
F-actin and could be a link between the cadherin-
catenin complex andF-actin.Notably, force exerted
on the cadherin-catenin complex appears to re-
cruit vinculin to cell junctions (15, 23–26). How-
ever, it is unclear how the changes in aE-catenin
conformation required for vinculin binding (14, 27)
can be induced by force if aE-catenin does not
link the E-cadherin/b-catenin complex to F-actin.
Given the importance of actomyosin-generated

tension in cell-cell adhesion (12, 15, 25), we posited
that tension stabilizes a direct link between the
minimal cadherin-catenin complex and F-actin.
Therefore, we developed a single-molecule, opti-
cal trap–based assay that replicated the geometry
of the adherens junction (AJ) and mechanical
forces between cadherin-catenin complexes and
actin filaments. We found that the application of
physiological, pN-level forces increased the life-
timeof normally transient bondsbetween cadherin-
catenin complexes and an actin filament. This
behavior is indicative of a catch bond, in which
the dissociation rate decreases with applied force
(28, 29), rather than themore typical slip bond in
which the dissociation rate increases exponen-
tially with increasing applied force.We show that
a two-state catch-bond model (30) fits the dis-

tribution of lifetimes of cadherin-catenin complex/
F-actin bonds under force. In this model, the
cadherin-catenin complex and an actin filament
interact in a short-lived, weakly bound state un-
der low forces and transition to a stable, strongly
bound state at higher forces. Thus, our data re-
veal that the cadherin-catenin complex is a force-
sensitive, direct linker to the actin cytoskeleton,
and our model offers a kinetic basis for under-
standing mechanotransduction at AJs.

Experimental approach

To replicate in vitro the spatial organization of
the cadherin-catenin complex and F-actin, we ex-
amined electron tomographic reconstructions of
cell-cell contacts in Caco-2 cells (31), which are
derived from human intestinal epithelia. These
images showed dense arrays of actin filaments
parallel to the plasmamembrane (Fig. 1, A and B,
and fig. S1). Although the centerline distance be-
tween cell-cell contacts and the F-actin arrays av-
eraged between0.5 and 1.5 mm, therewere regions
where the edges of the parallel F-actin arrayswere
in close proximity to the cell-cell contacts (see
the supplementary text), and in other areas a less
dense organization of actin filamentswas present
between the actin arrays and plasma membrane.
Cell-cell contacts are dynamic (8, 32), and therefore
these images represent only a temporal snapshot
of the proximity of junctions and the underlying
actin filament bundles. Parallel actin arrays tended
to appear at cell-cell contacts tens of nm above
the extracellular matrix (ECM) interface, whereas
nonparallel actinnetworkswere spatially correlated
with the basal membrane near the ECM contact.
These observations are consistent with previous
super-resolution microscopy data, which revealed
actin filaments parallel to intercellular junctions
in simple epithelia (9).
Without applied tension, cadherin-catenin

complex/F-actin bonds are much weaker than
aE-catenin homodimer/F-actin bonds (8, 10, 13).
This difference was apparent in time-lapse movies
of tetramethylrhodamine-labeled actin filaments
diffusing in solution near the surface of cover-
slips coatedwith either 1 mMMm green fluorescent
protein (GFP)–E-cadherin/b-catenin/aE-catenin
or 2 mMMmGFP–aE-catenin homodimer (Kd for
F-actin is ~1 mM) (Fig. 1, C andD). Actin filaments
bound stably toMmGFP–aE-catenin homodimers
for at least 30 seconds, whereas actin filaments
did not bind stably to the reconstituted Mm
cadherin-catenin complex. Thus, these results
replicate previous bulk sedimentation binding
assays (13, 19).
To apply tension on transient cadherin-catenin

complex/F-actin bonds, we replicated the orien-
tation of actin filaments and cadherin-catenin
complexes observed at intercellular junctions in
cells (Fig. 1). A single actin filament was optically
trapped and extended aboveMm orDr cadherin-
catenin complexes immobilized on a coverslip
surface precoated with glass microspheres (31)
(Fig. 1, E and F). The glass microspheres acted as
spacers to prevent the surface of the coverslip
from interfering with force measurements. The
coverslip was mounted on a stage that moved
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Linkage between the adherens junction (AJ) and the actin cytoskeleton is required for
tissue development and homeostasis. In vivo findings indicated that the AJ proteins
E-cadherin, b-catenin, and the filamentous (F)–actin binding protein aE-catenin form a
minimal cadherin-catenin complex that binds directly to F-actin. Biochemical studies
challenged this model because the purified cadherin-catenin complex does not bind F-actin
in solution. Here, we reconciled this difference. Using an optical trap–based assay, we showed
that the minimal cadherin-catenin complex formed stable bonds with an actin filament under
force. Bond dissociation kinetics can be explained by a catch-bond model in which force
shifts the bond from a weakly to a strongly bound state. These results may explain how the
cadherin-catenin complex transduces mechanical forces at cell-cell junctions.

E
pithelia serve as barriers between the or-
ganism and its environment. A defining fea-
ture of these tissues is adhesion between
cells at specialized intercellular junctions.
The mechanical connection at these junc-

tions imparts shape, organization, and structural
integrity to the tissue and enables morphogenetic
changes such as themovement of epithelial sheets
and the formation of tubes during development
(1, 2). Dysregulation of cell-cell junctions is common
in cancermetastasis, which is characterized by loss
of contact inhibition, epithelial-to-mesenchymal
transitions, and abnormal cell invasiveness (3).
Classical cadherins and their cytoplasmic bind-

ing partners play a central role in intercellular
adhesion in many tissues (4). In epithelial tis-
sues, the extracellular domain of cadherin forms
adhesive contacts between neighboring cells, and
its cytoplasmic domain binds b-catenin, which in
turn binds the F-actin binding proteinaE-catenin
(5), themostwidely expressedof the threea-catenin
familymembers (6). aE-catenin binds strongly to
the E-cadherin/b-catenin complex [dissociation
constant (Kd) ~1 nM] (7, 8) but more weakly to
F-actin (Kd ~1 mM) (9–11). Cell biological studies
led to the hypothesis that aE-catenin directly links
the E-cadherin/b-catenin complex to F-actin, con-
sistentwith its role in force transmission between

cadherins and the actin cytoskeleton (12). How-
ever, in vitro binding of aE-catenin to the cadherin
cytoplasmic domain/b-catenin complex further
weakens the affinity of aE-catenin for F-actin by
at least a factor of 20, to a level that would not be
useful for transmitting force between E-cadherin
and the actin cytoskeleton (8, 10, 13).
These biochemical studies, performedwith pro-

teins fromMusmusculus (Mm;mouse) andDanio
rerio (Dr; zebrafish), cast doubt on the simple
model that aE-catenin directly links the cadherin/
catenin complex to the actin cytoskeleton. Other
proteins, including vinculin (14–18), epithelial pro-
tein lost in neoplasm (EPLIN) (19), a-actinin (20),
and afadin (21, 22), bind to both aE-catenin and
F-actin and could be a link between the cadherin-
catenin complex andF-actin.Notably, force exerted
on the cadherin-catenin complex appears to re-
cruit vinculin to cell junctions (15, 23–26). How-
ever, it is unclear how the changes in aE-catenin
conformation required for vinculin binding (14, 27)
can be induced by force if aE-catenin does not
link the E-cadherin/b-catenin complex to F-actin.
Given the importance of actomyosin-generated

tension in cell-cell adhesion (12, 15, 25), we posited
that tension stabilizes a direct link between the
minimal cadherin-catenin complex and F-actin.
Therefore, we developed a single-molecule, opti-
cal trap–based assay that replicated the geometry
of the adherens junction (AJ) and mechanical
forces between cadherin-catenin complexes and
actin filaments. We found that the application of
physiological, pN-level forces increased the life-
timeof normally transient bondsbetween cadherin-
catenin complexes and an actin filament. This
behavior is indicative of a catch bond, in which
the dissociation rate decreases with applied force
(28, 29), rather than themore typical slip bond in
which the dissociation rate increases exponen-
tially with increasing applied force.We show that
a two-state catch-bond model (30) fits the dis-

tribution of lifetimes of cadherin-catenin complex/
F-actin bonds under force. In this model, the
cadherin-catenin complex and an actin filament
interact in a short-lived, weakly bound state un-
der low forces and transition to a stable, strongly
bound state at higher forces. Thus, our data re-
veal that the cadherin-catenin complex is a force-
sensitive, direct linker to the actin cytoskeleton,
and our model offers a kinetic basis for under-
standing mechanotransduction at AJs.

Experimental approach

To replicate in vitro the spatial organization of
the cadherin-catenin complex and F-actin, we ex-
amined electron tomographic reconstructions of
cell-cell contacts in Caco-2 cells (31), which are
derived from human intestinal epithelia. These
images showed dense arrays of actin filaments
parallel to the plasmamembrane (Fig. 1, A and B,
and fig. S1). Although the centerline distance be-
tween cell-cell contacts and the F-actin arrays av-
eraged between0.5 and 1.5 mm, therewere regions
where the edges of the parallel F-actin arrayswere
in close proximity to the cell-cell contacts (see
the supplementary text), and in other areas a less
dense organization of actin filamentswas present
between the actin arrays and plasma membrane.
Cell-cell contacts are dynamic (8, 32), and therefore
these images represent only a temporal snapshot
of the proximity of junctions and the underlying
actin filament bundles. Parallel actin arrays tended
to appear at cell-cell contacts tens of nm above
the extracellular matrix (ECM) interface, whereas
nonparallel actinnetworkswere spatially correlated
with the basal membrane near the ECM contact.
These observations are consistent with previous
super-resolution microscopy data, which revealed
actin filaments parallel to intercellular junctions
in simple epithelia (9).
Without applied tension, cadherin-catenin

complex/F-actin bonds are much weaker than
aE-catenin homodimer/F-actin bonds (8, 10, 13).
This difference was apparent in time-lapse movies
of tetramethylrhodamine-labeled actin filaments
diffusing in solution near the surface of cover-
slips coatedwith either 1 mMMm green fluorescent
protein (GFP)–E-cadherin/b-catenin/aE-catenin
or 2 mMMmGFP–aE-catenin homodimer (Kd for
F-actin is ~1 mM) (Fig. 1, C andD). Actin filaments
bound stably toMmGFP–aE-catenin homodimers
for at least 30 seconds, whereas actin filaments
did not bind stably to the reconstituted Mm
cadherin-catenin complex. Thus, these results
replicate previous bulk sedimentation binding
assays (13, 19).
To apply tension on transient cadherin-catenin

complex/F-actin bonds, we replicated the orien-
tation of actin filaments and cadherin-catenin
complexes observed at intercellular junctions in
cells (Fig. 1). A single actin filament was optically
trapped and extended aboveMm orDr cadherin-
catenin complexes immobilized on a coverslip
surface precoated with glass microspheres (31)
(Fig. 1, E and F). The glass microspheres acted as
spacers to prevent the surface of the coverslip
from interfering with force measurements. The
coverslip was mounted on a stage that moved
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Fig. 2C). In any case, the key finding remains that
the cadherin-catenin complex bound the actin
filament under tension.

Cadherin-catenin complex/F-actin binding was
observed more frequently at intermediate stage
oscillation speeds (150-nm amplitude, 50-Hz fre-

quency) than at either lower or higher speeds
(Fig. 2E). At these intermediate oscillation speeds,
the majority of binding events started shortly
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Fig. 2. Mm cadherin-catenin complexes bound actin filaments in oscillating-
stage experiments. (A) The illustrations show that upon binding, the motion
of the stage was transmitted to the trapped beads, and the force exerted on
them was correlated with the motion of the stage, as shown in the time series
in (B). The trapped beads stopped moving along with the stage when the
surface-bound cadherin-catenin complexdetached from the actin filament. (B)
Part of a representative time series of force exerted on one of the two optically
trapped beads attached to an actin filament (blue). About 1 mM Mm cadherin-
catenin complex was purified and added to the flow cell.The stagewas driven by
a 150-nmamplitude, 50-Hz frequency sinewave (gray). (C) Full force time series
from which the binding events in (B) came (shaded in teal). Peaks in the series
are individual binding events, most of which lasted for about one half-period of
the sine wave used to drive the stage. (D) Force time series from a negative

control experiment in which ~1 mM Mm E-cadherin/b-catenin complex was
purified withoutMm aE-catenin and added to the flow cell. Oscillation amplitude
and frequency of the sine wave used to drive the stage were the same as in (B).
(E) Frequency of observed Mm cadherin-catenin complex/F-actin binding as a
function of maximum stage speed (amplitude × angular frequency); n = 297
binding events; bin width is 104 nm/s. Event frequency is the number of binding
events divided by the total time sampled. (F) Sine histogram of the number of
Mm cadherin-catenin complex/F-actin binding events that started in each angle
bin (legend shows counts; n=235binding events; binwidth is 36°; bindingevents
from trap 1 are in blue, and those from trap 2 are in green). All events were from
the 4 × 104 nm/s bin shown in (E). The glass microsphere platform (A) was
farthest from trap 1 when it was at +1, and from trap 2 when the stage position
wasat–1. Stagepositionwasnormalizedby themaximumamplitudeof thewave.
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2. Force dependency of binding to F-actin

Adhesion as an active, regulated system

Binding of a-cat to F-actin causes a restoring force on trap 
Force is measured based on trap stiffness and displacement

back and forth parallel to the actin filament.
Upon formation of cadherin-catenin complex/
F-actin bonds, the motion of the stage was trans-
mitted to the trapped beads, and the displace-
ment of beads within the optical trap caused a
restoring force that was applied to the cadherin-
catenin complex/F-actin bonds (Fig. 2A). The
amount of applied force and the rate of its ap-
plication were controlled by adjusting the fre-
quency and amplitude of the stage oscillation.
Because an optical trapworks like a simple spring,
the magnitude of this force was calculated from
the stiffness of the trap and the displacement
of the trapped beads caused by this force (31).

The cadherin-catenin complex binds to
F-actin under tension

Mm cadherin-catenin complexes, added at a con-
centration of 1 mM to the flow cell, bound an
actin filament when the stage was driven back
and forth by sine waves with 150-nm amplitudes

and frequencies of up to 150 Hz (6.7-ms period)
(Fig. 2B). The stage motion was transmitted to
the optically trapped beads whenever cadherin-
catenin complexes bound to the suspended actin
filament (Fig. 2A). We observedmany changes in
the force experienced by the trapped beads as a
function of time, indicating the formation of ro-
bustMm cadherin-catenin complex/F-actin bonds
(Fig. 2, B and C).
Binding of the cadherin-catenin complex to

F-actin required aE-catenin (Fig. 2D and supple-
mentary text). The observed unbinding events
weremost likely caused by the dissociation of the
intact cadherin-catenin complex from the sus-
pended actin filament, rather than dissociation
of aE-catenin from the E-cadherin/b-catenin
heterodimer. In solution (without applied ten-
sion), the aE-catenin monomer binds strongly
to E-cadherin/b-catenin (Kd = 1 nM) but binds
more weakly by a factor of at least 1000 to F-
actin (7–9, 13). At the concentrations in our ex-

periments, any aE-cateninmolecules that detached
from the surface-bound cadherin-catenin complex
would occupy a negligible number of binding sites
on the actin filament (31). Thus, it is unlikely that
aE-catenin molecules attached to the actin fila-
ment could generate reversible binding events
with surface-bound E-cadherin/b-catenin hetero-
dimers. In contrast, the actin filament provided a
very large number of binding sites for aE-catenin
in the platform-bound cadherin-catenin com-
plexes. Moreover, if aE-catenin separated from
the E-cadherin/b-catenin complex during every
actin filament-binding event, aE-catenin would
most likely dissociate quickly from the actin fila-
ment and be irreversibly lost (this assumes a rea-
sonably high off-rate, consistent with the weak
affinity of monomeric aE-catenin for F-actin).
This scenariowould rapidly depopulate a platform
of active cadherin-catenin complexes, whereas
we observe tens to hundreds of binding events
per glassmicrosphere platform (see, for example,
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Fig. 1. Electron microscopy of cell-cell junctions
and optical trap–based assay setup. (A) Trans-
mission electron microscopy (TEM) image of a cell-
cell junction betweenCaco-2 epithelial cells cultured
onEM-amenable substrates. Scale bar, 1 mm.Brackets

label actin filament arrays parallel to the junction, and the yellow arrowmarks where the actin arrays were in close proximity to cell-cell contacts. (B) Three-
dimensional electron tomography reconstruction of the same region shown in (A) rotated 90° clockwise and then tilted 45° around the horizontal axis.The
cell-cell junction is highlighted in red. Yellow arrow marks the same region as in (A). Scale bar, 1 mm. (C and D) Fluorescence time-lapse micrographs of
tetramethylrhodamine (TMR)–labeled F-actin (white lines) at the surface of a coverslip coated with either 1 mMMm cadherin-catenin complex (C) or 2 mMMm
aE-catenin homodimer (D). Insets in solid yellow lines show the corresponding images for regions bounded in the dashed yellow lines after 30 s had elapsed;
actin filaments remained stably bound to coverslips coatedwithMm aE-catenin homodimer,whereas actin filaments diffused away from coverslips coatedwith
the Mm cadherin-catenin complex within seconds. Out-of-focus features are glass microsphere platforms. Scale bars, 10 mm. (E) Illustration of a cadherin-
catenin complex and actin filament reconstituted in the optical trap assay (not to scale). GFP–E-cadherin cytoplasmic tail (green), b-catenin (yellow) and aE-catenin
(blue) are immobilized on a coverslip. Glass microspheres (1.5-mm diameter) on the coverslip act as platforms such that cadherin-catenin complexes can
contact the actin filament. A single biotinylated, TMR-phalloidin-coated actin filament (red) extends between two 1-mm diameter streptavidin-coated beads
held in optical traps (pink). (F) Top view of the assay in bright field. Beads attached to the actin filament (not visible) are held in traps 1 and 2, and the platform
bead is positioned between the traps and below the filament. Scale bar, 2 mm.
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Fig. 2C). In any case, the key finding remains that
the cadherin-catenin complex bound the actin
filament under tension.

Cadherin-catenin complex/F-actin binding was
observed more frequently at intermediate stage
oscillation speeds (150-nm amplitude, 50-Hz fre-

quency) than at either lower or higher speeds
(Fig. 2E). At these intermediate oscillation speeds,
the majority of binding events started shortly
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Fig. 2. Mm cadherin-catenin complexes bound actin filaments in oscillating-
stage experiments. (A) The illustrations show that upon binding, the motion
of the stage was transmitted to the trapped beads, and the force exerted on
them was correlated with the motion of the stage, as shown in the time series
in (B). The trapped beads stopped moving along with the stage when the
surface-bound cadherin-catenin complexdetached from the actin filament. (B)
Part of a representative time series of force exerted on one of the two optically
trapped beads attached to an actin filament (blue). About 1 mM Mm cadherin-
catenin complex was purified and added to the flow cell.The stagewas driven by
a 150-nmamplitude, 50-Hz frequency sinewave (gray). (C) Full force time series
from which the binding events in (B) came (shaded in teal). Peaks in the series
are individual binding events, most of which lasted for about one half-period of
the sine wave used to drive the stage. (D) Force time series from a negative

control experiment in which ~1 mM Mm E-cadherin/b-catenin complex was
purified withoutMm aE-catenin and added to the flow cell. Oscillation amplitude
and frequency of the sine wave used to drive the stage were the same as in (B).
(E) Frequency of observed Mm cadherin-catenin complex/F-actin binding as a
function of maximum stage speed (amplitude × angular frequency); n = 297
binding events; bin width is 104 nm/s. Event frequency is the number of binding
events divided by the total time sampled. (F) Sine histogram of the number of
Mm cadherin-catenin complex/F-actin binding events that started in each angle
bin (legend shows counts; n=235binding events; binwidth is 36°; bindingevents
from trap 1 are in blue, and those from trap 2 are in green). All events were from
the 4 × 104 nm/s bin shown in (E). The glass microsphere platform (A) was
farthest from trap 1 when it was at +1, and from trap 2 when the stage position
wasat–1. Stagepositionwasnormalizedby themaximumamplitudeof thewave.
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after the stage had changed direction and was in
the slowest part of the sine cycle (Fig. 2F). This in-
dicates that someminimum contact timewas nec-
essary to establishMm cadherin-catenin complex/
F-actin bonds before they were subjected to in-
creasing tension. The observation thatmore events
occurred at intermediate rather than low loading
rates further indicated that the load stabilized the
transient initial bonds. These results motivated
us to examine the mechanism by which force
might modulate the lifetime of the cadherin-
catenin complex bond to F-actin.

Force regulates cadherin-catenin
complex dissociation from F-actin

To investigate how force modulated the dissocia-
tionkinetics of individual cadherin-catenin complex/

F-actin bonds, we modified our optical trap–
based assay to observe the detachment of cadherin-
catenin complexes from the actin filament under
constant force. In these experiments, a signal drove
the stage 100 nm back and forth at a constant
rate of 1 × 104 nm/s (1.5 × 103 pN/s). Before re-
versing direction, the stage paused for 150 ms
and the forces exerted on the trapped beads were
measured. If these forces surpassed a user-defined
threshold that indicated binding of cadherin-
catenin complexes to the trapped actin filament,
then the stage paused until complete detachment
of all cadherin-catenin complex/F-actin bonds re-
turned the trapped beads to their zero-force base-
lines. In these experiments, we used aE-catenin
and b-catenin from Dr rather thanMm. Mm aE-
catenin forms homodimers (13) whose potential

presence during the preparation of the flow cell
or during the assay could complicate the inter-
pretation of cadherin-catenin complex/F-actin
binding events. Importantly, Dr aE-catenin is a
monomer and, like Mm aE-catenin, its affinity
for F-actin decreases by a factor of 20 upon bind-
ing Dr b-catenin (10).
When we reconstituted cadherin-catenin com-

plexes with 10 nM Dr aE-catenin [in these ex-
periments, Dr b-catenin and E-cadherin were
preabsorbed onto the coverslip and glass micro-
spheres (31)], we observed stepwise changes in
the forces exerted on the trapped beads (Fig. 3, A
and B), indicating that several cadherin-catenin
complexes were initially bound to the actin fila-
ment and that they unbound sequentially. The
number of stepwise changes scaled with the
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Fig. 3. Measurement of Dr cadherin-catenin complex/F-actin bond life-
times in constant-stage-position experiments. (A) An actin filament binding
event representative of those observed in the presence of cadherin-catenin
complexes reconstituted with 10 nM of added Dr aE-catenin. The stage was
driven using a wave in the shape of a trapezoid with a 100-nm height and 1 ×
104 nm/s slope (top, force time series in blue; bottom, stage position time
series in black). Piecewise-constant fit of the force signal is shown in red, and
the black arrow points to the segment whose duration and magnitude are the
lifetime of the lastDrcadherin-catenin/F-actin bond and the force exerted on it,
respectively. The black bar underneath the trace represents the total bound
time of the entire event. (B) A representative force time series,with the event in
(A) shaded in teal. (C) Representative single-molecule force time series show-

ing binding between a surface-bound Dr cadherin-catenin complex and an
actin filament in the presence of 100 nM Mm aE-catenin ABD. Flow cell was
prepared using 1 nM of added Dr aE-catenin. (D) Force time series showing an
actin-binding event measured for multiple surface-bound Dr cadherin-catenin
complexes and 100 nMMm ABD.The black bar above the trace represents the
total bound time of the entire event. Flow cell was prepared using 5 nM of
addedDr aE-catenin. (E) Survival frequencyof total bound times, asmarked by
the black bars in (A) and (D), measured in experiments using flow cells
prepared with 5 nM of added Dr cadherin-catenin complex (red, no Mm ABD
present, and n=412 binding events; blue, 100 nMMmABD, and n= 107 binding
events). The survival frequency at time t is the fraction of complexes that
remain bound for durations greater than t.
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Load per bond concentration of Dr aE-catenin used to recon-
stitute the complexes, but the binding frequency
decreased abruptly when less than 10 nM Dr aE-
catenin was added to the flow cell (table S1). The
lowest concentration of Dr aE-catenin that still
resulted in binding activity was ~5 nM. Even at
this minimal concentration, however, unbinding
events still comprised a few stepwise changes (sim-
ilar to Fig. 3A), indicating that binding by several
complexes was favored over binding by a single
complex (table S1).
To investigatewhethermultiple cadherin-catenin

complexes might bind F-actin more readily than
a single, isolated complex, we introduced the actin-
binding domain (ABD) of aE-catenin into the
reaction buffer. Because ABDbinds cooperatively
to F-actin but does not bind to b-catenin (9), we

reasoned that the presence of ABD would mimic
the effect of having many aE-catenin molecules
bound to F-actin. When we prepared flow cells
with 1 nM Dr aE-catenin to reconstitute the
cadherin-catenin complex, none of the micro-
sphere platforms interacted with the actin fila-
ment. However, when we included 100 nM of
ABD in the assay buffer, we observedmany bind-
ing interactions that dissociated in a single step
(Fig. 3C), indicative of the interaction of a single
cadherin-catenin complex with the actin filament.
Under these conditions, approximately 1 in 10
platforms interacted with the actin filament,
providing further evidence that the large major-
ity of the platforms contained at most one active
cadherin-catenin complex (supplementary text).
These observations indicate that addition of ABD

was sufficient to replicate the presence of multi-
ple cadherin-catenin complexes interacting with
the actin filament. Additionally, because we could
observe unbinding of single cadherin-catenin
complexes reliably only in the presence of ABD,
we conclude that multiple cadherin-catenin
complexes may be required for actin filament
binding to occur at an observable rate. The in-
creased on-rates for individual complexes in the
presence of ABD may be due to changes in the
actin filament induced by cooperative binding
of ABD as reported previously (9), although fur-
ther experiments are needed to show this
unequivocally.
We next asked how the presence of ABDmight

alter the interaction of the actin filament with
many surface-bound cadherin-catenin complexes.
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Fig. 4. Force-lifetime distribution of Dr cadherin-catenin complex/F-actin
bonds and lifetime survival analysis. (A) Two-dimensional histogram of Dr
cadherin-catenin complex/F-actin bond force-lifetime values measured from
the last piecewise constant segment in multistep unbinding events, as shown
in Fig. 3A.Tick labels on the color bar are bin counts (17 force bins, 32 lifetime
bins, and n = 803 observations). (B) Kinetic schemes representing dissociation
from either one bound state (blue) or two bound states (red). (C) Survival

frequencies of Dr cadherin-catenin complex/F-actin bond lifetimes from three
force bins indicated in Fig. 4A (black arrows, n = 188 observations in bin F1, 185 in
F2, and 129 in F3; errors are SEM). Red lines are least-square fits of a biexponential
function (two bound states), and blue lines are those of a single exponential
function (one bound state). R2 > 0.90 for the biexponential function in all force
bins, and the additional parameters of the biexponential function are justified (P ~
0 in F test). Additional force bins are shown in fig. S2A.
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concentration of Dr aE-catenin used to recon-
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catenin was added to the flow cell (table S1). The
lowest concentration of Dr aE-catenin that still
resulted in binding activity was ~5 nM. Even at
this minimal concentration, however, unbinding
events still comprised a few stepwise changes (sim-
ilar to Fig. 3A), indicating that binding by several
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reaction buffer. Because ABDbinds cooperatively
to F-actin but does not bind to b-catenin (9), we

reasoned that the presence of ABD would mimic
the effect of having many aE-catenin molecules
bound to F-actin. When we prepared flow cells
with 1 nM Dr aE-catenin to reconstitute the
cadherin-catenin complex, none of the micro-
sphere platforms interacted with the actin fila-
ment. However, when we included 100 nM of
ABD in the assay buffer, we observedmany bind-
ing interactions that dissociated in a single step
(Fig. 3C), indicative of the interaction of a single
cadherin-catenin complex with the actin filament.
Under these conditions, approximately 1 in 10
platforms interacted with the actin filament,
providing further evidence that the large major-
ity of the platforms contained at most one active
cadherin-catenin complex (supplementary text).
These observations indicate that addition of ABD

was sufficient to replicate the presence of multi-
ple cadherin-catenin complexes interacting with
the actin filament. Additionally, because we could
observe unbinding of single cadherin-catenin
complexes reliably only in the presence of ABD,
we conclude that multiple cadherin-catenin
complexes may be required for actin filament
binding to occur at an observable rate. The in-
creased on-rates for individual complexes in the
presence of ABD may be due to changes in the
actin filament induced by cooperative binding
of ABD as reported previously (9), although fur-
ther experiments are needed to show this
unequivocally.
We next asked how the presence of ABDmight

alter the interaction of the actin filament with
many surface-bound cadherin-catenin complexes.
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Fig. 4. Force-lifetime distribution of Dr cadherin-catenin complex/F-actin
bonds and lifetime survival analysis. (A) Two-dimensional histogram of Dr
cadherin-catenin complex/F-actin bond force-lifetime values measured from
the last piecewise constant segment in multistep unbinding events, as shown
in Fig. 3A.Tick labels on the color bar are bin counts (17 force bins, 32 lifetime
bins, and n = 803 observations). (B) Kinetic schemes representing dissociation
from either one bound state (blue) or two bound states (red). (C) Survival

frequencies of Dr cadherin-catenin complex/F-actin bond lifetimes from three
force bins indicated in Fig. 4A (black arrows, n = 188 observations in bin F1, 185 in
F2, and 129 in F3; errors are SEM). Red lines are least-square fits of a biexponential
function (two bound states), and blue lines are those of a single exponential
function (one bound state). R2 > 0.90 for the biexponential function in all force
bins, and the additional parameters of the biexponential function are justified (P ~
0 in F test). Additional force bins are shown in fig. S2A.
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decreased abruptly when less than 10 nM Dr aE-
catenin was added to the flow cell (table S1). The
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resulted in binding activity was ~5 nM. Even at
this minimal concentration, however, unbinding
events still comprised a few stepwise changes (sim-
ilar to Fig. 3A), indicating that binding by several
complexes was favored over binding by a single
complex (table S1).
To investigatewhethermultiple cadherin-catenin

complexes might bind F-actin more readily than
a single, isolated complex, we introduced the actin-
binding domain (ABD) of aE-catenin into the
reaction buffer. Because ABDbinds cooperatively
to F-actin but does not bind to b-catenin (9), we

reasoned that the presence of ABD would mimic
the effect of having many aE-catenin molecules
bound to F-actin. When we prepared flow cells
with 1 nM Dr aE-catenin to reconstitute the
cadherin-catenin complex, none of the micro-
sphere platforms interacted with the actin fila-
ment. However, when we included 100 nM of
ABD in the assay buffer, we observedmany bind-
ing interactions that dissociated in a single step
(Fig. 3C), indicative of the interaction of a single
cadherin-catenin complex with the actin filament.
Under these conditions, approximately 1 in 10
platforms interacted with the actin filament,
providing further evidence that the large major-
ity of the platforms contained at most one active
cadherin-catenin complex (supplementary text).
These observations indicate that addition of ABD

was sufficient to replicate the presence of multi-
ple cadherin-catenin complexes interacting with
the actin filament. Additionally, because we could
observe unbinding of single cadherin-catenin
complexes reliably only in the presence of ABD,
we conclude that multiple cadherin-catenin
complexes may be required for actin filament
binding to occur at an observable rate. The in-
creased on-rates for individual complexes in the
presence of ABD may be due to changes in the
actin filament induced by cooperative binding
of ABD as reported previously (9), although fur-
ther experiments are needed to show this
unequivocally.
We next asked how the presence of ABDmight

alter the interaction of the actin filament with
many surface-bound cadherin-catenin complexes.
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Fig. 4. Force-lifetime distribution of Dr cadherin-catenin complex/F-actin
bonds and lifetime survival analysis. (A) Two-dimensional histogram of Dr
cadherin-catenin complex/F-actin bond force-lifetime values measured from
the last piecewise constant segment in multistep unbinding events, as shown
in Fig. 3A.Tick labels on the color bar are bin counts (17 force bins, 32 lifetime
bins, and n = 803 observations). (B) Kinetic schemes representing dissociation
from either one bound state (blue) or two bound states (red). (C) Survival

frequencies of Dr cadherin-catenin complex/F-actin bond lifetimes from three
force bins indicated in Fig. 4A (black arrows, n = 188 observations in bin F1, 185 in
F2, and 129 in F3; errors are SEM). Red lines are least-square fits of a biexponential
function (two bound states), and blue lines are those of a single exponential
function (one bound state). R2 > 0.90 for the biexponential function in all force
bins, and the additional parameters of the biexponential function are justified (P ~
0 in F test). Additional force bins are shown in fig. S2A.
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concentration of Dr aE-catenin used to recon-
stitute the complexes, but the binding frequency
decreased abruptly when less than 10 nM Dr aE-
catenin was added to the flow cell (table S1). The
lowest concentration of Dr aE-catenin that still
resulted in binding activity was ~5 nM. Even at
this minimal concentration, however, unbinding
events still comprised a few stepwise changes (sim-
ilar to Fig. 3A), indicating that binding by several
complexes was favored over binding by a single
complex (table S1).
To investigatewhethermultiple cadherin-catenin

complexes might bind F-actin more readily than
a single, isolated complex, we introduced the actin-
binding domain (ABD) of aE-catenin into the
reaction buffer. Because ABDbinds cooperatively
to F-actin but does not bind to b-catenin (9), we

reasoned that the presence of ABD would mimic
the effect of having many aE-catenin molecules
bound to F-actin. When we prepared flow cells
with 1 nM Dr aE-catenin to reconstitute the
cadherin-catenin complex, none of the micro-
sphere platforms interacted with the actin fila-
ment. However, when we included 100 nM of
ABD in the assay buffer, we observedmany bind-
ing interactions that dissociated in a single step
(Fig. 3C), indicative of the interaction of a single
cadherin-catenin complex with the actin filament.
Under these conditions, approximately 1 in 10
platforms interacted with the actin filament,
providing further evidence that the large major-
ity of the platforms contained at most one active
cadherin-catenin complex (supplementary text).
These observations indicate that addition of ABD

was sufficient to replicate the presence of multi-
ple cadherin-catenin complexes interacting with
the actin filament. Additionally, because we could
observe unbinding of single cadherin-catenin
complexes reliably only in the presence of ABD,
we conclude that multiple cadherin-catenin
complexes may be required for actin filament
binding to occur at an observable rate. The in-
creased on-rates for individual complexes in the
presence of ABD may be due to changes in the
actin filament induced by cooperative binding
of ABD as reported previously (9), although fur-
ther experiments are needed to show this
unequivocally.
We next asked how the presence of ABDmight

alter the interaction of the actin filament with
many surface-bound cadherin-catenin complexes.
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Fig. 4. Force-lifetime distribution of Dr cadherin-catenin complex/F-actin
bonds and lifetime survival analysis. (A) Two-dimensional histogram of Dr
cadherin-catenin complex/F-actin bond force-lifetime values measured from
the last piecewise constant segment in multistep unbinding events, as shown
in Fig. 3A.Tick labels on the color bar are bin counts (17 force bins, 32 lifetime
bins, and n = 803 observations). (B) Kinetic schemes representing dissociation
from either one bound state (blue) or two bound states (red). (C) Survival

frequencies of Dr cadherin-catenin complex/F-actin bond lifetimes from three
force bins indicated in Fig. 4A (black arrows, n = 188 observations in bin F1, 185 in
F2, and 129 in F3; errors are SEM). Red lines are least-square fits of a biexponential
function (two bound states), and blue lines are those of a single exponential
function (one bound state). R2 > 0.90 for the biexponential function in all force
bins, and the additional parameters of the biexponential function are justified (P ~
0 in F test). Additional force bins are shown in fig. S2A.

RESEARCH | RESEARCH ARTICLE



Thomas LECUIT   2017-2018

Remarkably, in experiments using 5 nM ofDr aE-
catenin to reconstitute the cadherin-catenin com-
plex, addition of ABD greatly increased the total
bound times of the cadherin-catenin complex/F-
actin bonds (Fig. 3, D and E). This observation
indicates that cooperative interactions between
neighboring cadherin-catenin complexes and the
actin filament enhanced the load-bearing capacity
of cadherin-catenin/F-actin bonds by substantial-
ly extending their total bound time (Fig. 3D).

Two bound states in
force-lifetime distributions

The duration of the last segment of stepwise un-
binding events (black arrow in Fig. 3A) repre-
sented the lifetime of a single cadherin-catenin
complex/F-actin bond, and the displacement from
baseline represented the load experienced by the
bond. The distribution of lifetimes of the last
segment in multistep unbinding events revealed
the existence of at least two bound states: a sub-
population of short-lived events at all forces and

a subpopulation of long-lived events (up to 25 s)
at forces between 5 pN and 10 pN (Fig. 4A).
These results formed the basis for testing sev-

eralmodels to explain the distribution of cadherin-
catenin complex/F-actin bond lifetimes. Models
in which dissociation occurs from a single bound
state (state 1) result in a bond survival probability
that is described by a single exponential func-
tion. In contrast, dissociation from two distinct
bound states (states 1 and 2) results in a survival
probability that is described by a biexponential
function, with a separate exponential decay rate
corresponding to each bound state (Fig. 4B). In
both of these models, state 0 represents the un-
bound state.
Bond survival probabilities over a broad range

of forces were better fit by a biexponential func-
tion than a single exponential function; the im-
proved fit was not due to chance (P ~ 0 in F test)
(Fig. 4C and fig. S2). Furthermore, the biexpo-
nential function fits identified 24% of the life-
times in the 4-pN bin as long-lived, 43% in the

6.8-pN bin, and 45% in the 13.7-pN bin. Based on
this analysis, we conclude that (i) a model with a
single bound state did not explain the distribu-
tion of cadherin-catenin complex/F-actin bond
lifetimes, and (ii) models with two-bound states
must recapitulate how the ratio of short-lived to
long-lived lifetimes depended on force.

Two-state catch-bond model

Several quantitativemodels have been developed
to account for the effect of force on how fast a
bond dissociates. Most models are based on
the Bell equation (33–35):

kijðFÞ ¼ k0ij expðFxij=kBTÞ

In this equation, kijðFÞ is the rate of transition
from state i to state j at force F, k0ij the rate con-
stant, xij the distance to the transition state, kB
Boltzmann's constant, and T the absolute tem-
perature. As formulated, the Bell equation fits the
behavior of slip bonds, in which dissociation rates
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Fig. 5. Two-state catch-bond model. (A) Kinetic
schematics of the two-bound state models that were
considered. In a two-state catch-bond model (left),
states 1 and 2 are weakly and strongly bound states,
respectively. State 0 is the unbound state. Unbinding
rates k10 and k20 increase exponentially with respect to
force.Transitions between states 1 and 2 occur at rates
k12 and k21.The transition rate k12 increases exponen-
tially with force, whereas k21 does the opposite. These
transitions do not occur in the independently bound
states model (right). (B) Averages of Dr cadherin-

catenin complex/F-actin bond lifetimes binned by force (blackdots, error bars are SEM, and n=803bond force–lifetimemeasurements).The red curves show the
mean lifetime distributions predicted by the two-state catch-bondmodel (solid red) and a two independently bound statesmodel (dashed red).Model parameters
were computed using maximum likelihood estimation. (C) Survival frequencies of Dr cadherin-catenin complex/F-actin bond lifetimes from Fig. 4C, compared
with survival probability curves predicted by the two-state catch-bond model (red lines, R2 > 0.90 for all bins except for the 4 pN bin, R2 = 0.67). (D) Two-state
catch-bond model dissociation rates as functions of force. (E) Table of maximum likelihood–estimated parameters of the two-state catch-bond model and their
95% confidence intervals determined by parametric bootstrapping.
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• catch-bond model:  exponential decrease of dissociation rate of bond under force F
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bound times of the cadherin-catenin complex/F-
actin bonds (Fig. 3, D and E). This observation
indicates that cooperative interactions between
neighboring cadherin-catenin complexes and the
actin filament enhanced the load-bearing capacity
of cadherin-catenin/F-actin bonds by substantial-
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in which dissociation occurs from a single bound
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function, with a separate exponential decay rate
corresponding to each bound state (Fig. 4B). In
both of these models, state 0 represents the un-
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this analysis, we conclude that (i) a model with a
single bound state did not explain the distribu-
tion of cadherin-catenin complex/F-actin bond
lifetimes, and (ii) models with two-bound states
must recapitulate how the ratio of short-lived to
long-lived lifetimes depended on force.

Two-state catch-bond model

Several quantitativemodels have been developed
to account for the effect of force on how fast a
bond dissociates. Most models are based on
the Bell equation (33–35):
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In this equation, kijðFÞ is the rate of transition
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states 1 and 2 are weakly and strongly bound states,
respectively. State 0 is the unbound state. Unbinding
rates k10 and k20 increase exponentially with respect to
force.Transitions between states 1 and 2 occur at rates
k12 and k21.The transition rate k12 increases exponen-
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states model (right). (B) Averages of Dr cadherin-

catenin complex/F-actin bond lifetimes binned by force (blackdots, error bars are SEM, and n=803bond force–lifetimemeasurements).The red curves show the
mean lifetime distributions predicted by the two-state catch-bondmodel (solid red) and a two independently bound statesmodel (dashed red).Model parameters
were computed using maximum likelihood estimation. (C) Survival frequencies of Dr cadherin-catenin complex/F-actin bond lifetimes from Fig. 4C, compared
with survival probability curves predicted by the two-state catch-bond model (red lines, R2 > 0.90 for all bins except for the 4 pN bin, R2 = 0.67). (D) Two-state
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baseline represented the load experienced by the
bond. The distribution of lifetimes of the last
segment in multistep unbinding events revealed
the existence of at least two bound states: a sub-
population of short-lived events at all forces and

a subpopulation of long-lived events (up to 25 s)
at forces between 5 pN and 10 pN (Fig. 4A).
These results formed the basis for testing sev-

eralmodels to explain the distribution of cadherin-
catenin complex/F-actin bond lifetimes. Models
in which dissociation occurs from a single bound
state (state 1) result in a bond survival probability
that is described by a single exponential func-
tion. In contrast, dissociation from two distinct
bound states (states 1 and 2) results in a survival
probability that is described by a biexponential
function, with a separate exponential decay rate
corresponding to each bound state (Fig. 4B). In
both of these models, state 0 represents the un-
bound state.
Bond survival probabilities over a broad range

of forces were better fit by a biexponential func-
tion than a single exponential function; the im-
proved fit was not due to chance (P ~ 0 in F test)
(Fig. 4C and fig. S2). Furthermore, the biexpo-
nential function fits identified 24% of the life-
times in the 4-pN bin as long-lived, 43% in the

6.8-pN bin, and 45% in the 13.7-pN bin. Based on
this analysis, we conclude that (i) a model with a
single bound state did not explain the distribu-
tion of cadherin-catenin complex/F-actin bond
lifetimes, and (ii) models with two-bound states
must recapitulate how the ratio of short-lived to
long-lived lifetimes depended on force.

Two-state catch-bond model

Several quantitativemodels have been developed
to account for the effect of force on how fast a
bond dissociates. Most models are based on
the Bell equation (33–35):

kijðFÞ ¼ k0ij expðFxij=kBTÞ

In this equation, kijðFÞ is the rate of transition
from state i to state j at force F, k0ij the rate con-
stant, xij the distance to the transition state, kB
Boltzmann's constant, and T the absolute tem-
perature. As formulated, the Bell equation fits the
behavior of slip bonds, in which dissociation rates
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Fig. 5. Two-state catch-bond model. (A) Kinetic
schematics of the two-bound state models that were
considered. In a two-state catch-bond model (left),
states 1 and 2 are weakly and strongly bound states,
respectively. State 0 is the unbound state. Unbinding
rates k10 and k20 increase exponentially with respect to
force.Transitions between states 1 and 2 occur at rates
k12 and k21.The transition rate k12 increases exponen-
tially with force, whereas k21 does the opposite. These
transitions do not occur in the independently bound
states model (right). (B) Averages of Dr cadherin-

catenin complex/F-actin bond lifetimes binned by force (blackdots, error bars are SEM, and n=803bond force–lifetimemeasurements).The red curves show the
mean lifetime distributions predicted by the two-state catch-bondmodel (solid red) and a two independently bound statesmodel (dashed red).Model parameters
were computed using maximum likelihood estimation. (C) Survival frequencies of Dr cadherin-catenin complex/F-actin bond lifetimes from Fig. 4C, compared
with survival probability curves predicted by the two-state catch-bond model (red lines, R2 > 0.90 for all bins except for the 4 pN bin, R2 = 0.67). (D) Two-state
catch-bond model dissociation rates as functions of force. (E) Table of maximum likelihood–estimated parameters of the two-state catch-bond model and their
95% confidence intervals determined by parametric bootstrapping.
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2. Mechanotransduction by Cadherins

Adhesion as an active, regulated system
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Figure 1 E-cad herin (E-cad) organizes into stable clusters at the contact rim
in an actin anchoring-dependent manner. (a) Schematic side view of the cell
doublet in the microwell. (b) Contact view of a hetero-doublet E-cad–GFP/
E-cad–RFP (top). Profiles along the ring for E-cad–GFP and E-cad–RFP

(bottom). (c) Contact view of an S180wt doublet expressing E-cad without
a cytoplasmic domain. (d) Contact view of an S180 doublet with ↵-catenin
knockdown. (e) Time-lapse sequence of cell–cell junction formation.
(f) Equatorial plane of the doublet at steady state. Scale bars, 5 µm.

S180-E-cad–GFP, a murine sarcoma cell line (S180wt; refs 31,32)
deprived of endogenous cadherin and stably transfected with E-cad–
GFP. Over 1 h, we observed the radial growth of planar cell–cell
contacts with a three- to sixfold accumulation of E-cad at the contact
rim into distinctly spaced clusters (Fig. 1e). Throughout the contact
area, cadherin presented a relatively homogeneous distribution, with
few very mobile and transient clusters; the average density was close
to that away from the junction in spite of the presence of the two
contacting membranes (Supplementary Fig. 5c). Similar distributions
were also observed in MDCK and embryonic stem cell doublets
(Supplementary Fig. 1c), and in zebrafish epiblasts, as reported in
ref. 26. Hetero-doublets of E-cad–GFP- and E-cad–RFP-expressing
cells exhibited an enhanced cadherin co-localization in each puncta,
which advocated for trans dimerization mainly at the contact edge
(Fig. 1b) and poor co-localization over the contact surface. With
our optical resolution, we could not decipher whether these regions
of enhanced cadherin concentration were true molecular clusters or
aggregates of nanoscopic clusters, as observed previously33. E-cad
clusters were estimated to comprise around 100–300 molecules, based
on the total number of cadherins in the cell (50,000–150,000) and
on the local enrichment in the 0.4 µm2 cluster area (Supplementary
Fig. 5a). The E-cad immobile fraction comprised 59% of the total E-
cad and the recovery time of a single bleached cluster was about 260 s
(Fig. 7a and Supplementary Fig. 4b); this lies in the typical range for
epithelial cells28,34. E-cad anchoring to the actin cortex proved essential
for puncta organization and stability. Indeed, S180wt cell doublets
expressing E-cad without a cytoplasmic domain (truncated at the
transmembrane domain) exhibited scattered clusters over the contact
area, with no accumulation at the rim (Fig. 1c); a similar distribution

was observed on ↵-catenin knockdown (Fig. 1d and Supplementary
Fig. 1d). In both cases, clusters were highly transient and mobile,
confirming the ability of E-cad clusters to form in the absence of actin
anchoring, in line with previous reports25 and 2D simulations24. Our
observations ruled out a passive convection of cadherin by a radial
actin flow and demonstrated that puncta stability at the contact rim
depends on actin anchoring.

To gain further insight into the concomitant reorganization of E-
cad and actin, we followed the dynamics of junction formation in
S180-E-cad–GFP cells. Junction expansion comprised three distinct
steps, as illustrated by the time-lapse images in Fig. 1e and in
Supplementary Video 3. Over the first 1–5 min after physical contact,
the cells exhibited no detectable actin or E-cad reorganization. The
cortex began to deplete at the contact zone concomitant with the
scattered formation of E-cad puncta. Some puncta appeared directly
at the edge whereas others migrated radially to finally accumulate
at the rim. The actin depleted from the contact region but did not
appreciably accumulate at the rim when compared to the rest of the
cortex nor did it under E-cad clusters (Fig. 1f). The contacts attained
their final size within typically 13± 6min (s.d., n= 26). Individual
puncta trajectories were followed by tracing the kymograph along
the orthoradial coordinate of the contact rim (Fig. 2a). Remarkably,
the number of clusters increased proportionally to the contact radius
either by splitting or by intercalation events. Their average centre-to-
centre distance thus remained constant at 1.4± 0.2µm (s.d.) during
the entire process (Fig. 2d). In established junctions, the cluster
positions remained stable, whereas dim mobile clusters transiently
appeared at the contact area. These changes resembled the recently
observed di�erential properties of cadherins located either at the
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S180-E-cad–GFP, a murine sarcoma cell line (S180wt; refs 31,32)
deprived of endogenous cadherin and stably transfected with E-cad–
GFP. Over 1 h, we observed the radial growth of planar cell–cell
contacts with a three- to sixfold accumulation of E-cad at the contact
rim into distinctly spaced clusters (Fig. 1e). Throughout the contact
area, cadherin presented a relatively homogeneous distribution, with
few very mobile and transient clusters; the average density was close
to that away from the junction in spite of the presence of the two
contacting membranes (Supplementary Fig. 5c). Similar distributions
were also observed in MDCK and embryonic stem cell doublets
(Supplementary Fig. 1c), and in zebrafish epiblasts, as reported in
ref. 26. Hetero-doublets of E-cad–GFP- and E-cad–RFP-expressing
cells exhibited an enhanced cadherin co-localization in each puncta,
which advocated for trans dimerization mainly at the contact edge
(Fig. 1b) and poor co-localization over the contact surface. With
our optical resolution, we could not decipher whether these regions
of enhanced cadherin concentration were true molecular clusters or
aggregates of nanoscopic clusters, as observed previously33. E-cad
clusters were estimated to comprise around 100–300 molecules, based
on the total number of cadherins in the cell (50,000–150,000) and
on the local enrichment in the 0.4 µm2 cluster area (Supplementary
Fig. 5a). The E-cad immobile fraction comprised 59% of the total E-
cad and the recovery time of a single bleached cluster was about 260 s
(Fig. 7a and Supplementary Fig. 4b); this lies in the typical range for
epithelial cells28,34. E-cad anchoring to the actin cortex proved essential
for puncta organization and stability. Indeed, S180wt cell doublets
expressing E-cad without a cytoplasmic domain (truncated at the
transmembrane domain) exhibited scattered clusters over the contact
area, with no accumulation at the rim (Fig. 1c); a similar distribution

was observed on ↵-catenin knockdown (Fig. 1d and Supplementary
Fig. 1d). In both cases, clusters were highly transient and mobile,
confirming the ability of E-cad clusters to form in the absence of actin
anchoring, in line with previous reports25 and 2D simulations24. Our
observations ruled out a passive convection of cadherin by a radial
actin flow and demonstrated that puncta stability at the contact rim
depends on actin anchoring.

To gain further insight into the concomitant reorganization of E-
cad and actin, we followed the dynamics of junction formation in
S180-E-cad–GFP cells. Junction expansion comprised three distinct
steps, as illustrated by the time-lapse images in Fig. 1e and in
Supplementary Video 3. Over the first 1–5 min after physical contact,
the cells exhibited no detectable actin or E-cad reorganization. The
cortex began to deplete at the contact zone concomitant with the
scattered formation of E-cad puncta. Some puncta appeared directly
at the edge whereas others migrated radially to finally accumulate
at the rim. The actin depleted from the contact region but did not
appreciably accumulate at the rim when compared to the rest of the
cortex nor did it under E-cad clusters (Fig. 1f). The contacts attained
their final size within typically 13± 6min (s.d., n= 26). Individual
puncta trajectories were followed by tracing the kymograph along
the orthoradial coordinate of the contact rim (Fig. 2a). Remarkably,
the number of clusters increased proportionally to the contact radius
either by splitting or by intercalation events. Their average centre-to-
centre distance thus remained constant at 1.4± 0.2µm (s.d.) during
the entire process (Fig. 2d). In established junctions, the cluster
positions remained stable, whereas dim mobile clusters transiently
appeared at the contact area. These changes resembled the recently
observed di�erential properties of cadherins located either at the
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Figure 2 The contact is under tension. (a) Kymograph of the E-cad distribution
along the contact perimeter during formation (scale bar 4 µm). Zoomed-
in view of a punctum undergoing splitting (right). (b) Schematic of the
force balance at the junction. (c) Kymograph of the E-cad distribution on
contractility inhibition with Y27632 at 10 µM (scale bar 4 µm). Zoomed-
in view of two puncta undergoing merging (right). (d) Inter-cluster distance
as a function of the contact radius during formation, with a sampling rate

1t =2min, n=26 kinetics of formation (colours correspond to individual
formation) and a total of 585 time points. (e) Inter-cluster distance as a
function of the contact radius at steady state in control conditions (n=214
doublets, grey circles) and after contractility inhibition with Y27632 at 2 µM
(n=49 doublets, 5 µM (n=47 doublets), 10 µM (n=44 doublets) and 20 µM
(n=23 doublets) (green circles) and blebbistatin at 1 µM (n=22 doublets),
5 µM (n=17 doublets) and 50 µM (n=12 doublets; blue circles).

apical or lateral regions of the epithelial junctions22. Monitoring the
changes of the steady state of the stereotypical distribution of clusters
enabled us to quantitatively evaluate E-cad recruitment under internal
force variations.

Contractility favours contact expansion
Given the absence of extracellular matrix adhesion and the existence
of a weak cortex on the junction area, we can assume that the forces
borne by the cell–cell contact result solely from the tension generated
by the cortical actin as described in Fig. 2b. The mean cortical tension
measured by pipette aspiration was 900 pN µm�1 (Supplementary
Fig. 5d). The total intercellular force exerted on the junction perimeter
(44µm on average) is thus 40 nN. This value falls into the low range
of the integrated normal forces exerted at epithelial cell–cell junctions
as inferred from the traction forces measured by traction force
microscopy35,36. On contractility inhibition (Y27632 at 10 µM), the
contact size shrank by 25%and the cortical tension reduced by twofold,
consistent with previous reports37. We concluded that the contact
region was under extension forces generated by myosin II. The inter-
cluster distance remained constant at 1.4±0.2µm (s.d) independently
of the inhibitor concentration (Fig. 2e). Cluster fusion during
contact shrinking (Fig. 2c) maintained their constant linear density,
mirroring the contact expansion. Interestingly, contact expansion
was matched with an increase in the intensity of individual clusters,
whereas contact shrinking in response to contractility inhibition
led to a sharp decrease of E-cad recruitment. We then further
characterized the quantitative relationship between E-cad recruitment
and contractility.

Gradient of myosin II activity induces anisotropic recruitment
of E-cad and E-cad partners
In control cells, the contact rim appeared brighter in some regions
leading to an anisotropic distribution of E-cad (Fig. 3a). We examined
whether these heterogeneities of E-cad density were related to
variations in the local level of contractility.We thus correlated the local
gradient of phosphorylated myosin with the anisotropy of the E-cad
distribution. Anisotropy wasmeasured by a vector a pointing from the

centre of the contact to the centroid of the E-cad distribution along the
ring. Myosin II activity was then mapped in doublets immunostained
against the phosphorylated form of myosin light chain. The ring
images were rescaled and reoriented (n = 19) along their E-cad
anisotropy (Supplementary Fig. 2a,b). On average, we observed a
twofold increase in E-cad intensity on the bright side as comparedwith
the dim side (Fig. 4a,b). Ultimately, the asymmetric E-cad distribution
seemed to be highly correlated with a gradient of pMLC (Fig. 4a,b).
However, the myosin II gradient was not solely localized at the contact
but extended vertically over a few micrometres. The localization of
other junctional proteins tagged with RFP was also examined in
vivo. The average static E-cad anisotropy was closely mirrored by the
asymmetric distribution of ↵-catenin and p120 catenin, which merely
localized at the contact rim. The myosin II gradient correlated with
actin, myosin VI and EPLIN distributions, which extended along the
cell cortex away from the contact. Vinculin was also present at the
junction but its distribution exhibited no distinguishable asymmetry.
The existence of an asymmetry in E-cad suggested the possibility,
in this context, for an additional regulation mechanism to the ones
already reported27,38 that was not specifically associated with vinculin
recruitment. We investigated the possibility of a non-local regulation
mechanism of E-cad recruitment based on internal forces generated
by myosin II.

The existence of a myosin II gradient led to dynamic spontaneous
deformations of the doublets due to the imbalance of contractile
stresses along the contact. These deformations occurred in bursts
separated by quiescent periods around a preferential direction possibly
imposed by the position of the doublet in the microwell. Wemeasured
deformation d1 (respectively, d2) to the top (respectively, bottom) cell
relative to the contact area (Fig. 3b and Supplementary Fig. 2c–e). The
overall deformation d=(d1+d2)/2 (±64�) and the E-cad anisotropy
vector a (±47�; Fig. 3c,d and Supplementary Fig. 2f) proved collinear
and correlated over time.Our results set the upper limit of the dynamic
time scale of E-cad recruitment below 8 s because no significant
phase shift between the fluctuations of d and a could be detected.
The causality between force generation and E-cad recruitment was
further investigated.
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Figure 2 The contact is under tension. (a) Kymograph of the E-cad distribution
along the contact perimeter during formation (scale bar 4 µm). Zoomed-
in view of a punctum undergoing splitting (right). (b) Schematic of the
force balance at the junction. (c) Kymograph of the E-cad distribution on
contractility inhibition with Y27632 at 10 µM (scale bar 4 µm). Zoomed-
in view of two puncta undergoing merging (right). (d) Inter-cluster distance
as a function of the contact radius during formation, with a sampling rate

1t =2min, n=26 kinetics of formation (colours correspond to individual
formation) and a total of 585 time points. (e) Inter-cluster distance as a
function of the contact radius at steady state in control conditions (n=214
doublets, grey circles) and after contractility inhibition with Y27632 at 2 µM
(n=49 doublets, 5 µM (n=47 doublets), 10 µM (n=44 doublets) and 20 µM
(n=23 doublets) (green circles) and blebbistatin at 1 µM (n=22 doublets),
5 µM (n=17 doublets) and 50 µM (n=12 doublets; blue circles).

apical or lateral regions of the epithelial junctions22. Monitoring the
changes of the steady state of the stereotypical distribution of clusters
enabled us to quantitatively evaluate E-cad recruitment under internal
force variations.

Contractility favours contact expansion
Given the absence of extracellular matrix adhesion and the existence
of a weak cortex on the junction area, we can assume that the forces
borne by the cell–cell contact result solely from the tension generated
by the cortical actin as described in Fig. 2b. The mean cortical tension
measured by pipette aspiration was 900 pN µm�1 (Supplementary
Fig. 5d). The total intercellular force exerted on the junction perimeter
(44µm on average) is thus 40 nN. This value falls into the low range
of the integrated normal forces exerted at epithelial cell–cell junctions
as inferred from the traction forces measured by traction force
microscopy35,36. On contractility inhibition (Y27632 at 10 µM), the
contact size shrank by 25%and the cortical tension reduced by twofold,
consistent with previous reports37. We concluded that the contact
region was under extension forces generated by myosin II. The inter-
cluster distance remained constant at 1.4±0.2µm (s.d) independently
of the inhibitor concentration (Fig. 2e). Cluster fusion during
contact shrinking (Fig. 2c) maintained their constant linear density,
mirroring the contact expansion. Interestingly, contact expansion
was matched with an increase in the intensity of individual clusters,
whereas contact shrinking in response to contractility inhibition
led to a sharp decrease of E-cad recruitment. We then further
characterized the quantitative relationship between E-cad recruitment
and contractility.

Gradient of myosin II activity induces anisotropic recruitment
of E-cad and E-cad partners
In control cells, the contact rim appeared brighter in some regions
leading to an anisotropic distribution of E-cad (Fig. 3a). We examined
whether these heterogeneities of E-cad density were related to
variations in the local level of contractility.We thus correlated the local
gradient of phosphorylated myosin with the anisotropy of the E-cad
distribution. Anisotropy wasmeasured by a vector a pointing from the

centre of the contact to the centroid of the E-cad distribution along the
ring. Myosin II activity was then mapped in doublets immunostained
against the phosphorylated form of myosin light chain. The ring
images were rescaled and reoriented (n = 19) along their E-cad
anisotropy (Supplementary Fig. 2a,b). On average, we observed a
twofold increase in E-cad intensity on the bright side as comparedwith
the dim side (Fig. 4a,b). Ultimately, the asymmetric E-cad distribution
seemed to be highly correlated with a gradient of pMLC (Fig. 4a,b).
However, the myosin II gradient was not solely localized at the contact
but extended vertically over a few micrometres. The localization of
other junctional proteins tagged with RFP was also examined in
vivo. The average static E-cad anisotropy was closely mirrored by the
asymmetric distribution of ↵-catenin and p120 catenin, which merely
localized at the contact rim. The myosin II gradient correlated with
actin, myosin VI and EPLIN distributions, which extended along the
cell cortex away from the contact. Vinculin was also present at the
junction but its distribution exhibited no distinguishable asymmetry.
The existence of an asymmetry in E-cad suggested the possibility,
in this context, for an additional regulation mechanism to the ones
already reported27,38 that was not specifically associated with vinculin
recruitment. We investigated the possibility of a non-local regulation
mechanism of E-cad recruitment based on internal forces generated
by myosin II.

The existence of a myosin II gradient led to dynamic spontaneous
deformations of the doublets due to the imbalance of contractile
stresses along the contact. These deformations occurred in bursts
separated by quiescent periods around a preferential direction possibly
imposed by the position of the doublet in the microwell. Wemeasured
deformation d1 (respectively, d2) to the top (respectively, bottom) cell
relative to the contact area (Fig. 3b and Supplementary Fig. 2c–e). The
overall deformation d=(d1+d2)/2 (±64�) and the E-cad anisotropy
vector a (±47�; Fig. 3c,d and Supplementary Fig. 2f) proved collinear
and correlated over time.Our results set the upper limit of the dynamic
time scale of E-cad recruitment below 8 s because no significant
phase shift between the fluctuations of d and a could be detected.
The causality between force generation and E-cad recruitment was
further investigated.
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Figure 3 E-cad dynamic recruitment following spontaneous deformation.
(a) Typical anisotropy for the distribution of the intensity of E-cad
puncta (scale bar 5 µm). (b) Schematic doublet undergoing deformation.
Side view with top and bottom cell deformation calculated on a slice
taken 1.5 µm above and below the junction (left). Top view with

mean deformation and anisotropy vectors (right). (c) Angle distribution
between the mean deformation and the anisotropy vector taken during
formation and at steady state (n=28 doublets with a total of 572 time
points). (d) Typical variation over time of the mean deformation and
anisotropy orientation.

Modulation of actin turnover regulates E-cad immobilization
E-cad local accumulation proved concomitant with marked changes
in E-cad dynamics. Using fluorescence recovery after photobleaching
(FRAP), we simultaneously monitored the dynamics of individual
clusters in the bright and dim region (Fig. 5a) once the junction
had reached a steady state (reduced fluctuations). Kymographs of
the recovery are shown in Fig. 5b and Supplementary Fig. 4a. The
immobile fraction (IF; no recovery after 12min) of cadherins is
significantly higher in the bright regions (Fig. 5c). We estimated the
pool of immobile cadherins (IP) per unit length as the immobile
fraction times the normalized intensity of the region ireg before
bleaching: IP= IF. ireg

hiiring , where hiiring is the average intensity of the
ring. Figure 5d clearly demonstrated the asymmetric distribution of
the immobile pool whereas the mobile pool was uniformly distributed
along the ring. We concluded that the local accumulation of cadherins
in the bright region originated from a local immobilization of E-
cad as demonstrated in Fig. 5c,d. Recovery times are shown in
Supplementary Fig. 4d. The relative enrichment of the immobile pool,
1IP/IPdim, scaled linearly with the relative intensity 1i/idim, namely

1IP/IPdim=1.21i/idim (1)

(Fig. 5e). As E-cad enrichment correlated with changes in E-cad
dynamic properties, we reasoned that the immobilization stemmed
from a change in the turnover rate of the underlying cortical
actin. Indeed, the actin recovery after photobleaching (Fig. 5g)
measured on S180-E-cad–GFP cells transfected with actin–RFP was
asymmetric with longer times found in the E-cad bright regions
(Fig. 5f,i). The actin mobile fraction in both regions was constant. The
strong correlation between actin turnover and E-cad recruitment was
uncovered by the proportionality between the degrees of anisotropy,
as captured by the relative increment in intensity and the relative
increment in actin recovery time, namely

1i/idim=1.71⌧/⌧dim (2)

(Fig. 5j). Using the relationship between equation (1) and equation
(2), we found that 1IP/IPdim = 2.0± 0.31⌧/⌧dim. Our data clearly
demonstrate that E-cad immobilization is directly correlated with the
modulation of actin dynamics. Taken together, these findings suggest
that myosin II activity, actin dynamics and sequestration of E-cad in
the adherent puncta are involved in a feedback loop.

Myosin II activity regulates E-cad immobilization by modulation
of actin turnover
We then used drugs to modulate the global cell contractility and
sought to determine the correlative changes in E-cad recruitment
and in actin dynamics at the junction. Contractility inhibition using
blebbistatin and Y27632 led to a decrease of the contact radius as
well as a reduction in the concentration of E-cad in individual puncta
in a concentration-dependent manner (Fig. 6a and Supplementary
Fig. 5b). The reversibility of the process was further confirmed by
subsequent drug removal, resulting in contact expansion and E-
cad upregulation. Independent of drug treatment, we unveiled a
clear correlation between the relative variation in the mean E-cad
fluorescence along the ring Idrug/Ivehicle versus that in the contact radius
Rdrug/Rvehicle (Fig. 6b and Supplementary Fig. 5b). Reciprocally, under
contractility stimulation by nocodazole39, the contact enlarged and the
E-cad recruitment was enhanced (Fig. 6a,b). In addition, systematic
measurements of cortical tension by pipette aspiration for all drug
treatment conditions were performed. The results demonstrated that
contact size was directly correlated to cortical tension (Fig. 6c and
Supplementary Fig. 5d).

We then tested whether E-cad recruitment resulted directly from
changes in the level of the intercellular force or indirectly through the
modulation of actin dynamics. Systematic FRAPmeasurements on E-
cad and actin were performed after Y27632 treatment. The increase
in E-cad recruitment with contractility was essentially accounted
for by E-cad sequestration (Fig. 7a,b and Supplementary Fig. 4b).
Correlatively, the actin turnover time was reduced with contractility
(Fig. 7d), whereas the actin mobile fraction remained unchanged
(Fig. 7c). As shown in Fig. 7e, the relative increment in the immobile
pool on drug treatment IPdrug with respect to IPvehicle scaled linearly
with the relative increment in actin turnover following drug treatment
⌧drug with respect to ⌧vehicle; namely:1IP/IPvehicle=2.0±0.21⌧/⌧vehicle.
This relationship is quantitatively similar to the one established along
the myosin II gradient in control doublets. We concluded that myosin
II contractility can regulate both the rate of actin turnover and
E-cad recruitment.

To prove that actin turnover can regulate the level of E-cad
recruitment independently of the application of a mechanical force
at the junction, we directly altered actin dynamics using latrunculin
(1µM) and jasplakinolide (100 nM). In both cases, the cortical tension
was reduced and led to shrinkage of the contact. However, the drugs
created an antagonistic e�ect on the dynamic of actin. Latrunculin,
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Figure 4Mapping of E-cad key partners. (a) Average localization of E-cad (n=
142 doublets), phospho-MLC (n=19 doublets), ↵-catenin (n=7 doublets),
p120 (n=10 doublets), myosin VI (n=18 doublets), actin (n=27 doublets),
EPLIN (n=15 doublets) and vinculin (n=20 doublets) once superimposed

after alignment along the E-cad anisotropy. Side view (top) and contact view
(bottom; scale bar 2 µm). (b) Quantification of the anisotropy measured by
the ratio of intensity between the bright side and dim side in the region
surrounding the junction (as shown in a) for E-cad and key E-cad partners.
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Figure 5 Comparative E-cad and actin dynamics on the same junction.
(a) Localization of the two regions of interest (dim and bright) used to perform
FRAP measurements on E-cad. (b) Typical kymograph of E-cad recovery after
photobleaching. (c) E-cad immobile fraction in the dim and bright regions
(n=22 doublets). (d) E-cad mobile (light) and immobile (dark) pools in
the dim and bright regions (n=22 doublets). (e) Ratio of E-cad immobile
pool between bright and dim regions versus ratio of E-cad intensity between
bright and dim regions (n=22 doublets). (f) Localization of the two regions
of interest (E-cad dim and bright sides) used to perform FRAP measurements

on actin. (g) Typical kymographs of the actin recovery after photobleaching of
the E-cad bright and dim regions. (h) Actin mobile fractions in the dim and
bright regions (n=8 doublets). (i) Actin recovery time in the dim and bright
region (n=8 doublets). (j) Ratio of E-cad intensity between bright and dim
regions versus ratio of actin recovery time between bright and dim regions
(n=8 doublets). e,j provides a relationship between the relative increment in
the E-cad immobile pool and the relative increment in actin recovery time
The P values in c, d and i are calculated from paired Student’s t-tests.
Scale bars, 5 µm.

preventing actin polymerization, increased actin turnover (Fig. 7d)
and induced a marked downregulation of E-cad recruitment (Fig. 6b).
In contrast, a low dose of jasplakinolide, stabilizing F-actin, decreased
actin turnover (Fig. 7d) and increased E-cad recruitment (Fig. 6b). In
both cases, recruitment variations stemmed from changes in the E-
cad immobile pool (Fig. 7a,b). The actin mobile fraction remained
fairly constant (Fig. 7c). We concluded that the modulation of actin
dynamics can directly regulate the sequestration of E-cad at the
junction (Fig. 7e). Overall, our data suggest thatmyosin II contractility
is able to modulate actin turnover, which, in turn, regulates E-cad
immobilization at adherens junctions.

DISCUSSION
Our data demonstrate a causal link between actin dynamics and E-
cad recruitment. The slowdown of the actin turnover induces the
increase of E-cad recruitment at themembrane. This e�ect is observed
at the contacting and non-contactingmembrane alike (Supplementary
Fig. 5c). Changes in actin dynamics translate into the sequestration
of E-cad exclusively at adhesion foci, probably due to stabilization
by trans-dimerization. Furthermore, the local enrichment of E-cad
in puncta of constant size as observed here (Supplementary Fig. 5a)
biases the trans-dimerization equilibrium towards dimer formation,
potentially providing a positive feedback loop towards sequestration.
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Figure 4Mapping of E-cad key partners. (a) Average localization of E-cad (n=
142 doublets), phospho-MLC (n=19 doublets), ↵-catenin (n=7 doublets),
p120 (n=10 doublets), myosin VI (n=18 doublets), actin (n=27 doublets),
EPLIN (n=15 doublets) and vinculin (n=20 doublets) once superimposed

after alignment along the E-cad anisotropy. Side view (top) and contact view
(bottom; scale bar 2 µm). (b) Quantification of the anisotropy measured by
the ratio of intensity between the bright side and dim side in the region
surrounding the junction (as shown in a) for E-cad and key E-cad partners.
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Figure 5 Comparative E-cad and actin dynamics on the same junction.
(a) Localization of the two regions of interest (dim and bright) used to perform
FRAP measurements on E-cad. (b) Typical kymograph of E-cad recovery after
photobleaching. (c) E-cad immobile fraction in the dim and bright regions
(n=22 doublets). (d) E-cad mobile (light) and immobile (dark) pools in
the dim and bright regions (n=22 doublets). (e) Ratio of E-cad immobile
pool between bright and dim regions versus ratio of E-cad intensity between
bright and dim regions (n=22 doublets). (f) Localization of the two regions
of interest (E-cad dim and bright sides) used to perform FRAP measurements

on actin. (g) Typical kymographs of the actin recovery after photobleaching of
the E-cad bright and dim regions. (h) Actin mobile fractions in the dim and
bright regions (n=8 doublets). (i) Actin recovery time in the dim and bright
region (n=8 doublets). (j) Ratio of E-cad intensity between bright and dim
regions versus ratio of actin recovery time between bright and dim regions
(n=8 doublets). e,j provides a relationship between the relative increment in
the E-cad immobile pool and the relative increment in actin recovery time
The P values in c, d and i are calculated from paired Student’s t-tests.
Scale bars, 5 µm.

preventing actin polymerization, increased actin turnover (Fig. 7d)
and induced a marked downregulation of E-cad recruitment (Fig. 6b).
In contrast, a low dose of jasplakinolide, stabilizing F-actin, decreased
actin turnover (Fig. 7d) and increased E-cad recruitment (Fig. 6b). In
both cases, recruitment variations stemmed from changes in the E-
cad immobile pool (Fig. 7a,b). The actin mobile fraction remained
fairly constant (Fig. 7c). We concluded that the modulation of actin
dynamics can directly regulate the sequestration of E-cad at the
junction (Fig. 7e). Overall, our data suggest thatmyosin II contractility
is able to modulate actin turnover, which, in turn, regulates E-cad
immobilization at adherens junctions.

DISCUSSION
Our data demonstrate a causal link between actin dynamics and E-
cad recruitment. The slowdown of the actin turnover induces the
increase of E-cad recruitment at themembrane. This e�ect is observed
at the contacting and non-contactingmembrane alike (Supplementary
Fig. 5c). Changes in actin dynamics translate into the sequestration
of E-cad exclusively at adhesion foci, probably due to stabilization
by trans-dimerization. Furthermore, the local enrichment of E-cad
in puncta of constant size as observed here (Supplementary Fig. 5a)
biases the trans-dimerization equilibrium towards dimer formation,
potentially providing a positive feedback loop towards sequestration.
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Figure 4Mapping of E-cad key partners. (a) Average localization of E-cad (n=
142 doublets), phospho-MLC (n=19 doublets), ↵-catenin (n=7 doublets),
p120 (n=10 doublets), myosin VI (n=18 doublets), actin (n=27 doublets),
EPLIN (n=15 doublets) and vinculin (n=20 doublets) once superimposed

after alignment along the E-cad anisotropy. Side view (top) and contact view
(bottom; scale bar 2 µm). (b) Quantification of the anisotropy measured by
the ratio of intensity between the bright side and dim side in the region
surrounding the junction (as shown in a) for E-cad and key E-cad partners.
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Figure 5 Comparative E-cad and actin dynamics on the same junction.
(a) Localization of the two regions of interest (dim and bright) used to perform
FRAP measurements on E-cad. (b) Typical kymograph of E-cad recovery after
photobleaching. (c) E-cad immobile fraction in the dim and bright regions
(n=22 doublets). (d) E-cad mobile (light) and immobile (dark) pools in
the dim and bright regions (n=22 doublets). (e) Ratio of E-cad immobile
pool between bright and dim regions versus ratio of E-cad intensity between
bright and dim regions (n=22 doublets). (f) Localization of the two regions
of interest (E-cad dim and bright sides) used to perform FRAP measurements

on actin. (g) Typical kymographs of the actin recovery after photobleaching of
the E-cad bright and dim regions. (h) Actin mobile fractions in the dim and
bright regions (n=8 doublets). (i) Actin recovery time in the dim and bright
region (n=8 doublets). (j) Ratio of E-cad intensity between bright and dim
regions versus ratio of actin recovery time between bright and dim regions
(n=8 doublets). e,j provides a relationship between the relative increment in
the E-cad immobile pool and the relative increment in actin recovery time
The P values in c, d and i are calculated from paired Student’s t-tests.
Scale bars, 5 µm.

preventing actin polymerization, increased actin turnover (Fig. 7d)
and induced a marked downregulation of E-cad recruitment (Fig. 6b).
In contrast, a low dose of jasplakinolide, stabilizing F-actin, decreased
actin turnover (Fig. 7d) and increased E-cad recruitment (Fig. 6b). In
both cases, recruitment variations stemmed from changes in the E-
cad immobile pool (Fig. 7a,b). The actin mobile fraction remained
fairly constant (Fig. 7c). We concluded that the modulation of actin
dynamics can directly regulate the sequestration of E-cad at the
junction (Fig. 7e). Overall, our data suggest thatmyosin II contractility
is able to modulate actin turnover, which, in turn, regulates E-cad
immobilization at adherens junctions.

DISCUSSION
Our data demonstrate a causal link between actin dynamics and E-
cad recruitment. The slowdown of the actin turnover induces the
increase of E-cad recruitment at themembrane. This e�ect is observed
at the contacting and non-contactingmembrane alike (Supplementary
Fig. 5c). Changes in actin dynamics translate into the sequestration
of E-cad exclusively at adhesion foci, probably due to stabilization
by trans-dimerization. Furthermore, the local enrichment of E-cad
in puncta of constant size as observed here (Supplementary Fig. 5a)
biases the trans-dimerization equilibrium towards dimer formation,
potentially providing a positive feedback loop towards sequestration.
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Figure 4Mapping of E-cad key partners. (a) Average localization of E-cad (n=
142 doublets), phospho-MLC (n=19 doublets), ↵-catenin (n=7 doublets),
p120 (n=10 doublets), myosin VI (n=18 doublets), actin (n=27 doublets),
EPLIN (n=15 doublets) and vinculin (n=20 doublets) once superimposed

after alignment along the E-cad anisotropy. Side view (top) and contact view
(bottom; scale bar 2 µm). (b) Quantification of the anisotropy measured by
the ratio of intensity between the bright side and dim side in the region
surrounding the junction (as shown in a) for E-cad and key E-cad partners.
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Figure 5 Comparative E-cad and actin dynamics on the same junction.
(a) Localization of the two regions of interest (dim and bright) used to perform
FRAP measurements on E-cad. (b) Typical kymograph of E-cad recovery after
photobleaching. (c) E-cad immobile fraction in the dim and bright regions
(n=22 doublets). (d) E-cad mobile (light) and immobile (dark) pools in
the dim and bright regions (n=22 doublets). (e) Ratio of E-cad immobile
pool between bright and dim regions versus ratio of E-cad intensity between
bright and dim regions (n=22 doublets). (f) Localization of the two regions
of interest (E-cad dim and bright sides) used to perform FRAP measurements

on actin. (g) Typical kymographs of the actin recovery after photobleaching of
the E-cad bright and dim regions. (h) Actin mobile fractions in the dim and
bright regions (n=8 doublets). (i) Actin recovery time in the dim and bright
region (n=8 doublets). (j) Ratio of E-cad intensity between bright and dim
regions versus ratio of actin recovery time between bright and dim regions
(n=8 doublets). e,j provides a relationship between the relative increment in
the E-cad immobile pool and the relative increment in actin recovery time
The P values in c, d and i are calculated from paired Student’s t-tests.
Scale bars, 5 µm.

preventing actin polymerization, increased actin turnover (Fig. 7d)
and induced a marked downregulation of E-cad recruitment (Fig. 6b).
In contrast, a low dose of jasplakinolide, stabilizing F-actin, decreased
actin turnover (Fig. 7d) and increased E-cad recruitment (Fig. 6b). In
both cases, recruitment variations stemmed from changes in the E-
cad immobile pool (Fig. 7a,b). The actin mobile fraction remained
fairly constant (Fig. 7c). We concluded that the modulation of actin
dynamics can directly regulate the sequestration of E-cad at the
junction (Fig. 7e). Overall, our data suggest thatmyosin II contractility
is able to modulate actin turnover, which, in turn, regulates E-cad
immobilization at adherens junctions.

DISCUSSION
Our data demonstrate a causal link between actin dynamics and E-
cad recruitment. The slowdown of the actin turnover induces the
increase of E-cad recruitment at themembrane. This e�ect is observed
at the contacting and non-contactingmembrane alike (Supplementary
Fig. 5c). Changes in actin dynamics translate into the sequestration
of E-cad exclusively at adhesion foci, probably due to stabilization
by trans-dimerization. Furthermore, the local enrichment of E-cad
in puncta of constant size as observed here (Supplementary Fig. 5a)
biases the trans-dimerization equilibrium towards dimer formation,
potentially providing a positive feedback loop towards sequestration.

588 NATURE CELL BIOLOGY VOLUME 16 | NUMBER 6 | JUNE 2014

ART ICLES

1.0

1.5

2.0

a

b

1.0

1.5

2.0

1.0

1.5

2.0

E-cad α-catpMLC p120 Myosin VI Actin EPLIN Vinculin

E-cadE-cadE-cadE-cadE-cadE-cadE-cadE-cad α-catpMLC p120 Myo VI Actin eplin Vinculin
1.0

1.5

2.0

i b
rig

ht
/i d

im

1.0

1.5

2.0

1.0

1.5

2.0

1.0

1.5

2.0

1.0

1.5

2.0

ibrightidim

Figure 4Mapping of E-cad key partners. (a) Average localization of E-cad (n=
142 doublets), phospho-MLC (n=19 doublets), ↵-catenin (n=7 doublets),
p120 (n=10 doublets), myosin VI (n=18 doublets), actin (n=27 doublets),
EPLIN (n=15 doublets) and vinculin (n=20 doublets) once superimposed

after alignment along the E-cad anisotropy. Side view (top) and contact view
(bottom; scale bar 2 µm). (b) Quantification of the anisotropy measured by
the ratio of intensity between the bright side and dim side in the region
surrounding the junction (as shown in a) for E-cad and key E-cad partners.
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Figure 5 Comparative E-cad and actin dynamics on the same junction.
(a) Localization of the two regions of interest (dim and bright) used to perform
FRAP measurements on E-cad. (b) Typical kymograph of E-cad recovery after
photobleaching. (c) E-cad immobile fraction in the dim and bright regions
(n=22 doublets). (d) E-cad mobile (light) and immobile (dark) pools in
the dim and bright regions (n=22 doublets). (e) Ratio of E-cad immobile
pool between bright and dim regions versus ratio of E-cad intensity between
bright and dim regions (n=22 doublets). (f) Localization of the two regions
of interest (E-cad dim and bright sides) used to perform FRAP measurements

on actin. (g) Typical kymographs of the actin recovery after photobleaching of
the E-cad bright and dim regions. (h) Actin mobile fractions in the dim and
bright regions (n=8 doublets). (i) Actin recovery time in the dim and bright
region (n=8 doublets). (j) Ratio of E-cad intensity between bright and dim
regions versus ratio of actin recovery time between bright and dim regions
(n=8 doublets). e,j provides a relationship between the relative increment in
the E-cad immobile pool and the relative increment in actin recovery time
The P values in c, d and i are calculated from paired Student’s t-tests.
Scale bars, 5 µm.

preventing actin polymerization, increased actin turnover (Fig. 7d)
and induced a marked downregulation of E-cad recruitment (Fig. 6b).
In contrast, a low dose of jasplakinolide, stabilizing F-actin, decreased
actin turnover (Fig. 7d) and increased E-cad recruitment (Fig. 6b). In
both cases, recruitment variations stemmed from changes in the E-
cad immobile pool (Fig. 7a,b). The actin mobile fraction remained
fairly constant (Fig. 7c). We concluded that the modulation of actin
dynamics can directly regulate the sequestration of E-cad at the
junction (Fig. 7e). Overall, our data suggest thatmyosin II contractility
is able to modulate actin turnover, which, in turn, regulates E-cad
immobilization at adherens junctions.

DISCUSSION
Our data demonstrate a causal link between actin dynamics and E-
cad recruitment. The slowdown of the actin turnover induces the
increase of E-cad recruitment at themembrane. This e�ect is observed
at the contacting and non-contactingmembrane alike (Supplementary
Fig. 5c). Changes in actin dynamics translate into the sequestration
of E-cad exclusively at adhesion foci, probably due to stabilization
by trans-dimerization. Furthermore, the local enrichment of E-cad
in puncta of constant size as observed here (Supplementary Fig. 5a)
biases the trans-dimerization equilibrium towards dimer formation,
potentially providing a positive feedback loop towards sequestration.
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Figure 4Mapping of E-cad key partners. (a) Average localization of E-cad (n=
142 doublets), phospho-MLC (n=19 doublets), ↵-catenin (n=7 doublets),
p120 (n=10 doublets), myosin VI (n=18 doublets), actin (n=27 doublets),
EPLIN (n=15 doublets) and vinculin (n=20 doublets) once superimposed

after alignment along the E-cad anisotropy. Side view (top) and contact view
(bottom; scale bar 2 µm). (b) Quantification of the anisotropy measured by
the ratio of intensity between the bright side and dim side in the region
surrounding the junction (as shown in a) for E-cad and key E-cad partners.
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Figure 5 Comparative E-cad and actin dynamics on the same junction.
(a) Localization of the two regions of interest (dim and bright) used to perform
FRAP measurements on E-cad. (b) Typical kymograph of E-cad recovery after
photobleaching. (c) E-cad immobile fraction in the dim and bright regions
(n=22 doublets). (d) E-cad mobile (light) and immobile (dark) pools in
the dim and bright regions (n=22 doublets). (e) Ratio of E-cad immobile
pool between bright and dim regions versus ratio of E-cad intensity between
bright and dim regions (n=22 doublets). (f) Localization of the two regions
of interest (E-cad dim and bright sides) used to perform FRAP measurements

on actin. (g) Typical kymographs of the actin recovery after photobleaching of
the E-cad bright and dim regions. (h) Actin mobile fractions in the dim and
bright regions (n=8 doublets). (i) Actin recovery time in the dim and bright
region (n=8 doublets). (j) Ratio of E-cad intensity between bright and dim
regions versus ratio of actin recovery time between bright and dim regions
(n=8 doublets). e,j provides a relationship between the relative increment in
the E-cad immobile pool and the relative increment in actin recovery time
The P values in c, d and i are calculated from paired Student’s t-tests.
Scale bars, 5 µm.

preventing actin polymerization, increased actin turnover (Fig. 7d)
and induced a marked downregulation of E-cad recruitment (Fig. 6b).
In contrast, a low dose of jasplakinolide, stabilizing F-actin, decreased
actin turnover (Fig. 7d) and increased E-cad recruitment (Fig. 6b). In
both cases, recruitment variations stemmed from changes in the E-
cad immobile pool (Fig. 7a,b). The actin mobile fraction remained
fairly constant (Fig. 7c). We concluded that the modulation of actin
dynamics can directly regulate the sequestration of E-cad at the
junction (Fig. 7e). Overall, our data suggest thatmyosin II contractility
is able to modulate actin turnover, which, in turn, regulates E-cad
immobilization at adherens junctions.

DISCUSSION
Our data demonstrate a causal link between actin dynamics and E-
cad recruitment. The slowdown of the actin turnover induces the
increase of E-cad recruitment at themembrane. This e�ect is observed
at the contacting and non-contactingmembrane alike (Supplementary
Fig. 5c). Changes in actin dynamics translate into the sequestration
of E-cad exclusively at adhesion foci, probably due to stabilization
by trans-dimerization. Furthermore, the local enrichment of E-cad
in puncta of constant size as observed here (Supplementary Fig. 5a)
biases the trans-dimerization equilibrium towards dimer formation,
potentially providing a positive feedback loop towards sequestration.
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Figure 3 E-cad dynamic recruitment following spontaneous deformation.
(a) Typical anisotropy for the distribution of the intensity of E-cad
puncta (scale bar 5 µm). (b) Schematic doublet undergoing deformation.
Side view with top and bottom cell deformation calculated on a slice
taken 1.5 µm above and below the junction (left). Top view with

mean deformation and anisotropy vectors (right). (c) Angle distribution
between the mean deformation and the anisotropy vector taken during
formation and at steady state (n=28 doublets with a total of 572 time
points). (d) Typical variation over time of the mean deformation and
anisotropy orientation.

Modulation of actin turnover regulates E-cad immobilization
E-cad local accumulation proved concomitant with marked changes
in E-cad dynamics. Using fluorescence recovery after photobleaching
(FRAP), we simultaneously monitored the dynamics of individual
clusters in the bright and dim region (Fig. 5a) once the junction
had reached a steady state (reduced fluctuations). Kymographs of
the recovery are shown in Fig. 5b and Supplementary Fig. 4a. The
immobile fraction (IF; no recovery after 12min) of cadherins is
significantly higher in the bright regions (Fig. 5c). We estimated the
pool of immobile cadherins (IP) per unit length as the immobile
fraction times the normalized intensity of the region ireg before
bleaching: IP= IF. ireg

hiiring , where hiiring is the average intensity of the
ring. Figure 5d clearly demonstrated the asymmetric distribution of
the immobile pool whereas the mobile pool was uniformly distributed
along the ring. We concluded that the local accumulation of cadherins
in the bright region originated from a local immobilization of E-
cad as demonstrated in Fig. 5c,d. Recovery times are shown in
Supplementary Fig. 4d. The relative enrichment of the immobile pool,
1IP/IPdim, scaled linearly with the relative intensity 1i/idim, namely

1IP/IPdim=1.21i/idim (1)

(Fig. 5e). As E-cad enrichment correlated with changes in E-cad
dynamic properties, we reasoned that the immobilization stemmed
from a change in the turnover rate of the underlying cortical
actin. Indeed, the actin recovery after photobleaching (Fig. 5g)
measured on S180-E-cad–GFP cells transfected with actin–RFP was
asymmetric with longer times found in the E-cad bright regions
(Fig. 5f,i). The actin mobile fraction in both regions was constant. The
strong correlation between actin turnover and E-cad recruitment was
uncovered by the proportionality between the degrees of anisotropy,
as captured by the relative increment in intensity and the relative
increment in actin recovery time, namely

1i/idim=1.71⌧/⌧dim (2)

(Fig. 5j). Using the relationship between equation (1) and equation
(2), we found that 1IP/IPdim = 2.0± 0.31⌧/⌧dim. Our data clearly
demonstrate that E-cad immobilization is directly correlated with the
modulation of actin dynamics. Taken together, these findings suggest
that myosin II activity, actin dynamics and sequestration of E-cad in
the adherent puncta are involved in a feedback loop.

Myosin II activity regulates E-cad immobilization by modulation
of actin turnover
We then used drugs to modulate the global cell contractility and
sought to determine the correlative changes in E-cad recruitment
and in actin dynamics at the junction. Contractility inhibition using
blebbistatin and Y27632 led to a decrease of the contact radius as
well as a reduction in the concentration of E-cad in individual puncta
in a concentration-dependent manner (Fig. 6a and Supplementary
Fig. 5b). The reversibility of the process was further confirmed by
subsequent drug removal, resulting in contact expansion and E-
cad upregulation. Independent of drug treatment, we unveiled a
clear correlation between the relative variation in the mean E-cad
fluorescence along the ring Idrug/Ivehicle versus that in the contact radius
Rdrug/Rvehicle (Fig. 6b and Supplementary Fig. 5b). Reciprocally, under
contractility stimulation by nocodazole39, the contact enlarged and the
E-cad recruitment was enhanced (Fig. 6a,b). In addition, systematic
measurements of cortical tension by pipette aspiration for all drug
treatment conditions were performed. The results demonstrated that
contact size was directly correlated to cortical tension (Fig. 6c and
Supplementary Fig. 5d).

We then tested whether E-cad recruitment resulted directly from
changes in the level of the intercellular force or indirectly through the
modulation of actin dynamics. Systematic FRAPmeasurements on E-
cad and actin were performed after Y27632 treatment. The increase
in E-cad recruitment with contractility was essentially accounted
for by E-cad sequestration (Fig. 7a,b and Supplementary Fig. 4b).
Correlatively, the actin turnover time was reduced with contractility
(Fig. 7d), whereas the actin mobile fraction remained unchanged
(Fig. 7c). As shown in Fig. 7e, the relative increment in the immobile
pool on drug treatment IPdrug with respect to IPvehicle scaled linearly
with the relative increment in actin turnover following drug treatment
⌧drug with respect to ⌧vehicle; namely:1IP/IPvehicle=2.0±0.21⌧/⌧vehicle.
This relationship is quantitatively similar to the one established along
the myosin II gradient in control doublets. We concluded that myosin
II contractility can regulate both the rate of actin turnover and
E-cad recruitment.

To prove that actin turnover can regulate the level of E-cad
recruitment independently of the application of a mechanical force
at the junction, we directly altered actin dynamics using latrunculin
(1µM) and jasplakinolide (100 nM). In both cases, the cortical tension
was reduced and led to shrinkage of the contact. However, the drugs
created an antagonistic e�ect on the dynamic of actin. Latrunculin,
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Figure 4Mapping of E-cad key partners. (a) Average localization of E-cad (n=
142 doublets), phospho-MLC (n=19 doublets), ↵-catenin (n=7 doublets),
p120 (n=10 doublets), myosin VI (n=18 doublets), actin (n=27 doublets),
EPLIN (n=15 doublets) and vinculin (n=20 doublets) once superimposed

after alignment along the E-cad anisotropy. Side view (top) and contact view
(bottom; scale bar 2 µm). (b) Quantification of the anisotropy measured by
the ratio of intensity between the bright side and dim side in the region
surrounding the junction (as shown in a) for E-cad and key E-cad partners.
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Figure 5 Comparative E-cad and actin dynamics on the same junction.
(a) Localization of the two regions of interest (dim and bright) used to perform
FRAP measurements on E-cad. (b) Typical kymograph of E-cad recovery after
photobleaching. (c) E-cad immobile fraction in the dim and bright regions
(n=22 doublets). (d) E-cad mobile (light) and immobile (dark) pools in
the dim and bright regions (n=22 doublets). (e) Ratio of E-cad immobile
pool between bright and dim regions versus ratio of E-cad intensity between
bright and dim regions (n=22 doublets). (f) Localization of the two regions
of interest (E-cad dim and bright sides) used to perform FRAP measurements

on actin. (g) Typical kymographs of the actin recovery after photobleaching of
the E-cad bright and dim regions. (h) Actin mobile fractions in the dim and
bright regions (n=8 doublets). (i) Actin recovery time in the dim and bright
region (n=8 doublets). (j) Ratio of E-cad intensity between bright and dim
regions versus ratio of actin recovery time between bright and dim regions
(n=8 doublets). e,j provides a relationship between the relative increment in
the E-cad immobile pool and the relative increment in actin recovery time
The P values in c, d and i are calculated from paired Student’s t-tests.
Scale bars, 5 µm.

preventing actin polymerization, increased actin turnover (Fig. 7d)
and induced a marked downregulation of E-cad recruitment (Fig. 6b).
In contrast, a low dose of jasplakinolide, stabilizing F-actin, decreased
actin turnover (Fig. 7d) and increased E-cad recruitment (Fig. 6b). In
both cases, recruitment variations stemmed from changes in the E-
cad immobile pool (Fig. 7a,b). The actin mobile fraction remained
fairly constant (Fig. 7c). We concluded that the modulation of actin
dynamics can directly regulate the sequestration of E-cad at the
junction (Fig. 7e). Overall, our data suggest thatmyosin II contractility
is able to modulate actin turnover, which, in turn, regulates E-cad
immobilization at adherens junctions.

DISCUSSION
Our data demonstrate a causal link between actin dynamics and E-
cad recruitment. The slowdown of the actin turnover induces the
increase of E-cad recruitment at themembrane. This e�ect is observed
at the contacting and non-contactingmembrane alike (Supplementary
Fig. 5c). Changes in actin dynamics translate into the sequestration
of E-cad exclusively at adhesion foci, probably due to stabilization
by trans-dimerization. Furthermore, the local enrichment of E-cad
in puncta of constant size as observed here (Supplementary Fig. 5a)
biases the trans-dimerization equilibrium towards dimer formation,
potentially providing a positive feedback loop towards sequestration.
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Figure 6 Myosin II activity and F-actin stability regulate the level of E-cad
recruitment. (a) E-cad rings at steady state for different drug treatments.
Doublets are formed in normal conditions (respectively in the presence of
Y27632 at 2 µM (n=25 doublets) and 10 µM (n=15 doublets)) (top line)
and subsequently treated with Y27632 at 2 µM (n= 24 doublets), 5 µM
(n=24 doublets), 10 µM (n=29 doublets) and 20 µM (n=23 doublets),
blebbistatin at 1 µM (n=22 doublets), 5 µM (n=17 doublets) and 50 µM
(n=12 doublets), nocodazole at 10 µM (n=40 doublets), latrunculin at
1 µM (n=11 doublets) and 5 µM (n=22 doublets) and jasplakinolide at

100nM (n= 18 doublets) (respectively washed) (bottom line; scale bar
5 µm). (b) Relative variation (between drug treatment and control conditions)
in the average E-cad fluorescence versus relative variation in the contact
radius. (c) Relative variation (between drug treatment and control conditions)
in the contact radius of the doublets versus relative variation of cortical
tension of single cells treated with latrunculin at 1 µM (n= 8 doublets),
Y27632 at 5 µM (n=8 doublets), jasplakinolide at 100nM (n=10 doublets)
and nocodazole at 10 µM (n= 9 doublets). Error bars correspond to the
standard deviation.

This result shed light on the possibility to use the dynamic properties
of the actin cortex as a regulatory process to control the recruitment
of cadherin at the membrane. Our conclusions are consistent with
previous observations in which di�erential stabilization of F-actin
at the apical and lateral regions of epithelial cell contacts leads to a
gradient of cadherin di�usion properties along the lateral membranes
in CaCo-2 cells22. Our results are also consistent with those in a
previous study on Drosophila33. That study statistically inferred the
dynamics of E-cad nanoscopic cluster fusion and fission from the
changes in their size distribution. The mean junctional E-cad density
measured in that study is compatible with ours (around 500molecules
per micrometre). The constant mobile pool we observed by FRAP in
control experiments and on drug treatment echoes the constancy of
monomer concentration for di�erent junctional surface densities and
drug treatments observed in ref. 33. In that study it was argued that
the constancy of monomer concentration results from either strong
binding in the trans configuration or an E-cad clustering that has
a faster rate than the dissociation into monomers. We would add
that if E-cad molecules within large clusters are immobilized (owing
to a slower dynamics of the underlying cortical actin), they do not
contribute in the exchange anymore, thus leading to an e�ective shift
of the binding equilibrium. We observed that the regulation of the
level of recruitment occurs by immobilizing E-cad molecules when
the authors of ref. 33 see an enrichment in larger clusters in similar
conditions. Assuming a slower turnover dynamics for larger clusters
reconciles both observations, althoughwe could not detect nanoscopic

clusters with our observation method. For fast actin turnover (actin
depolymerization), the E-cad density drops whereas for slow actin
turnover (stabilization of F-actin), the E-cad density increases. The
modulation of actin dynamic in Drosophila embryos leads to the
shift of the mean junctional E-cad density in the same way as in
our experiments.

We also demonstrated how the regulation of cadherin recruitment
by actin dynamics participates in the mechanosensitive response
of the adherens junction to intercellular forces. We propose that
changes in myosin II contractility a�ect cortical actin turnover that
in turn regulates E-cad recruitment. This mechanism corresponds to a
mechanosensitive regulation of the adhesion strength and significantly
di�ers from the present understanding of the mechanosensitive
reinforcement of cell–cell adhesion based on the recruitment of
additional actin at the junction. The best understood mechanisms for
such recruitment are related to protein conformational changes such as
those typical in ↵-catenin, which, on stretching, exposes a cryptic site
for vinculin leading to subsequent actin binding27. It is then assumed
that a higher concentration of actin would result in an enhanced
recruitment of trans-membrane binders. The contractility-mediated
actin turnover modulation that we have established is not exclusive of
other well-established mechanosensitive mechanisms such as the one
mentioned here and is expected to act in parallel or in a feedback loop.

With our approach, we could further decouple the role of tension
and actin dynamics onto the E-cad recruitment. We showed that
the direct modulation of the actin turnover dynamics can induce
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Figure 6 Myosin II activity and F-actin stability regulate the level of E-cad
recruitment. (a) E-cad rings at steady state for different drug treatments.
Doublets are formed in normal conditions (respectively in the presence of
Y27632 at 2 µM (n=25 doublets) and 10 µM (n=15 doublets)) (top line)
and subsequently treated with Y27632 at 2 µM (n= 24 doublets), 5 µM
(n=24 doublets), 10 µM (n=29 doublets) and 20 µM (n=23 doublets),
blebbistatin at 1 µM (n=22 doublets), 5 µM (n=17 doublets) and 50 µM
(n=12 doublets), nocodazole at 10 µM (n=40 doublets), latrunculin at
1 µM (n=11 doublets) and 5 µM (n=22 doublets) and jasplakinolide at

100nM (n= 18 doublets) (respectively washed) (bottom line; scale bar
5 µm). (b) Relative variation (between drug treatment and control conditions)
in the average E-cad fluorescence versus relative variation in the contact
radius. (c) Relative variation (between drug treatment and control conditions)
in the contact radius of the doublets versus relative variation of cortical
tension of single cells treated with latrunculin at 1 µM (n= 8 doublets),
Y27632 at 5 µM (n=8 doublets), jasplakinolide at 100nM (n=10 doublets)
and nocodazole at 10 µM (n= 9 doublets). Error bars correspond to the
standard deviation.

This result shed light on the possibility to use the dynamic properties
of the actin cortex as a regulatory process to control the recruitment
of cadherin at the membrane. Our conclusions are consistent with
previous observations in which di�erential stabilization of F-actin
at the apical and lateral regions of epithelial cell contacts leads to a
gradient of cadherin di�usion properties along the lateral membranes
in CaCo-2 cells22. Our results are also consistent with those in a
previous study on Drosophila33. That study statistically inferred the
dynamics of E-cad nanoscopic cluster fusion and fission from the
changes in their size distribution. The mean junctional E-cad density
measured in that study is compatible with ours (around 500molecules
per micrometre). The constant mobile pool we observed by FRAP in
control experiments and on drug treatment echoes the constancy of
monomer concentration for di�erent junctional surface densities and
drug treatments observed in ref. 33. In that study it was argued that
the constancy of monomer concentration results from either strong
binding in the trans configuration or an E-cad clustering that has
a faster rate than the dissociation into monomers. We would add
that if E-cad molecules within large clusters are immobilized (owing
to a slower dynamics of the underlying cortical actin), they do not
contribute in the exchange anymore, thus leading to an e�ective shift
of the binding equilibrium. We observed that the regulation of the
level of recruitment occurs by immobilizing E-cad molecules when
the authors of ref. 33 see an enrichment in larger clusters in similar
conditions. Assuming a slower turnover dynamics for larger clusters
reconciles both observations, althoughwe could not detect nanoscopic

clusters with our observation method. For fast actin turnover (actin
depolymerization), the E-cad density drops whereas for slow actin
turnover (stabilization of F-actin), the E-cad density increases. The
modulation of actin dynamic in Drosophila embryos leads to the
shift of the mean junctional E-cad density in the same way as in
our experiments.

We also demonstrated how the regulation of cadherin recruitment
by actin dynamics participates in the mechanosensitive response
of the adherens junction to intercellular forces. We propose that
changes in myosin II contractility a�ect cortical actin turnover that
in turn regulates E-cad recruitment. This mechanism corresponds to a
mechanosensitive regulation of the adhesion strength and significantly
di�ers from the present understanding of the mechanosensitive
reinforcement of cell–cell adhesion based on the recruitment of
additional actin at the junction. The best understood mechanisms for
such recruitment are related to protein conformational changes such as
those typical in ↵-catenin, which, on stretching, exposes a cryptic site
for vinculin leading to subsequent actin binding27. It is then assumed
that a higher concentration of actin would result in an enhanced
recruitment of trans-membrane binders. The contractility-mediated
actin turnover modulation that we have established is not exclusive of
other well-established mechanosensitive mechanisms such as the one
mentioned here and is expected to act in parallel or in a feedback loop.

With our approach, we could further decouple the role of tension
and actin dynamics onto the E-cad recruitment. We showed that
the direct modulation of the actin turnover dynamics can induce
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Figure 6 Myosin II activity and F-actin stability regulate the level of E-cad
recruitment. (a) E-cad rings at steady state for different drug treatments.
Doublets are formed in normal conditions (respectively in the presence of
Y27632 at 2 µM (n=25 doublets) and 10 µM (n=15 doublets)) (top line)
and subsequently treated with Y27632 at 2 µM (n= 24 doublets), 5 µM
(n=24 doublets), 10 µM (n=29 doublets) and 20 µM (n=23 doublets),
blebbistatin at 1 µM (n=22 doublets), 5 µM (n=17 doublets) and 50 µM
(n=12 doublets), nocodazole at 10 µM (n=40 doublets), latrunculin at
1 µM (n=11 doublets) and 5 µM (n=22 doublets) and jasplakinolide at

100nM (n= 18 doublets) (respectively washed) (bottom line; scale bar
5 µm). (b) Relative variation (between drug treatment and control conditions)
in the average E-cad fluorescence versus relative variation in the contact
radius. (c) Relative variation (between drug treatment and control conditions)
in the contact radius of the doublets versus relative variation of cortical
tension of single cells treated with latrunculin at 1 µM (n= 8 doublets),
Y27632 at 5 µM (n=8 doublets), jasplakinolide at 100nM (n=10 doublets)
and nocodazole at 10 µM (n= 9 doublets). Error bars correspond to the
standard deviation.

This result shed light on the possibility to use the dynamic properties
of the actin cortex as a regulatory process to control the recruitment
of cadherin at the membrane. Our conclusions are consistent with
previous observations in which di�erential stabilization of F-actin
at the apical and lateral regions of epithelial cell contacts leads to a
gradient of cadherin di�usion properties along the lateral membranes
in CaCo-2 cells22. Our results are also consistent with those in a
previous study on Drosophila33. That study statistically inferred the
dynamics of E-cad nanoscopic cluster fusion and fission from the
changes in their size distribution. The mean junctional E-cad density
measured in that study is compatible with ours (around 500molecules
per micrometre). The constant mobile pool we observed by FRAP in
control experiments and on drug treatment echoes the constancy of
monomer concentration for di�erent junctional surface densities and
drug treatments observed in ref. 33. In that study it was argued that
the constancy of monomer concentration results from either strong
binding in the trans configuration or an E-cad clustering that has
a faster rate than the dissociation into monomers. We would add
that if E-cad molecules within large clusters are immobilized (owing
to a slower dynamics of the underlying cortical actin), they do not
contribute in the exchange anymore, thus leading to an e�ective shift
of the binding equilibrium. We observed that the regulation of the
level of recruitment occurs by immobilizing E-cad molecules when
the authors of ref. 33 see an enrichment in larger clusters in similar
conditions. Assuming a slower turnover dynamics for larger clusters
reconciles both observations, althoughwe could not detect nanoscopic

clusters with our observation method. For fast actin turnover (actin
depolymerization), the E-cad density drops whereas for slow actin
turnover (stabilization of F-actin), the E-cad density increases. The
modulation of actin dynamic in Drosophila embryos leads to the
shift of the mean junctional E-cad density in the same way as in
our experiments.

We also demonstrated how the regulation of cadherin recruitment
by actin dynamics participates in the mechanosensitive response
of the adherens junction to intercellular forces. We propose that
changes in myosin II contractility a�ect cortical actin turnover that
in turn regulates E-cad recruitment. This mechanism corresponds to a
mechanosensitive regulation of the adhesion strength and significantly
di�ers from the present understanding of the mechanosensitive
reinforcement of cell–cell adhesion based on the recruitment of
additional actin at the junction. The best understood mechanisms for
such recruitment are related to protein conformational changes such as
those typical in ↵-catenin, which, on stretching, exposes a cryptic site
for vinculin leading to subsequent actin binding27. It is then assumed
that a higher concentration of actin would result in an enhanced
recruitment of trans-membrane binders. The contractility-mediated
actin turnover modulation that we have established is not exclusive of
other well-established mechanosensitive mechanisms such as the one
mentioned here and is expected to act in parallel or in a feedback loop.

With our approach, we could further decouple the role of tension
and actin dynamics onto the E-cad recruitment. We showed that
the direct modulation of the actin turnover dynamics can induce
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Figure 6 Myosin II activity and F-actin stability regulate the level of E-cad
recruitment. (a) E-cad rings at steady state for different drug treatments.
Doublets are formed in normal conditions (respectively in the presence of
Y27632 at 2 µM (n=25 doublets) and 10 µM (n=15 doublets)) (top line)
and subsequently treated with Y27632 at 2 µM (n= 24 doublets), 5 µM
(n=24 doublets), 10 µM (n=29 doublets) and 20 µM (n=23 doublets),
blebbistatin at 1 µM (n=22 doublets), 5 µM (n=17 doublets) and 50 µM
(n=12 doublets), nocodazole at 10 µM (n=40 doublets), latrunculin at
1 µM (n=11 doublets) and 5 µM (n=22 doublets) and jasplakinolide at

100nM (n= 18 doublets) (respectively washed) (bottom line; scale bar
5 µm). (b) Relative variation (between drug treatment and control conditions)
in the average E-cad fluorescence versus relative variation in the contact
radius. (c) Relative variation (between drug treatment and control conditions)
in the contact radius of the doublets versus relative variation of cortical
tension of single cells treated with latrunculin at 1 µM (n= 8 doublets),
Y27632 at 5 µM (n=8 doublets), jasplakinolide at 100nM (n=10 doublets)
and nocodazole at 10 µM (n= 9 doublets). Error bars correspond to the
standard deviation.

This result shed light on the possibility to use the dynamic properties
of the actin cortex as a regulatory process to control the recruitment
of cadherin at the membrane. Our conclusions are consistent with
previous observations in which di�erential stabilization of F-actin
at the apical and lateral regions of epithelial cell contacts leads to a
gradient of cadherin di�usion properties along the lateral membranes
in CaCo-2 cells22. Our results are also consistent with those in a
previous study on Drosophila33. That study statistically inferred the
dynamics of E-cad nanoscopic cluster fusion and fission from the
changes in their size distribution. The mean junctional E-cad density
measured in that study is compatible with ours (around 500molecules
per micrometre). The constant mobile pool we observed by FRAP in
control experiments and on drug treatment echoes the constancy of
monomer concentration for di�erent junctional surface densities and
drug treatments observed in ref. 33. In that study it was argued that
the constancy of monomer concentration results from either strong
binding in the trans configuration or an E-cad clustering that has
a faster rate than the dissociation into monomers. We would add
that if E-cad molecules within large clusters are immobilized (owing
to a slower dynamics of the underlying cortical actin), they do not
contribute in the exchange anymore, thus leading to an e�ective shift
of the binding equilibrium. We observed that the regulation of the
level of recruitment occurs by immobilizing E-cad molecules when
the authors of ref. 33 see an enrichment in larger clusters in similar
conditions. Assuming a slower turnover dynamics for larger clusters
reconciles both observations, althoughwe could not detect nanoscopic

clusters with our observation method. For fast actin turnover (actin
depolymerization), the E-cad density drops whereas for slow actin
turnover (stabilization of F-actin), the E-cad density increases. The
modulation of actin dynamic in Drosophila embryos leads to the
shift of the mean junctional E-cad density in the same way as in
our experiments.

We also demonstrated how the regulation of cadherin recruitment
by actin dynamics participates in the mechanosensitive response
of the adherens junction to intercellular forces. We propose that
changes in myosin II contractility a�ect cortical actin turnover that
in turn regulates E-cad recruitment. This mechanism corresponds to a
mechanosensitive regulation of the adhesion strength and significantly
di�ers from the present understanding of the mechanosensitive
reinforcement of cell–cell adhesion based on the recruitment of
additional actin at the junction. The best understood mechanisms for
such recruitment are related to protein conformational changes such as
those typical in ↵-catenin, which, on stretching, exposes a cryptic site
for vinculin leading to subsequent actin binding27. It is then assumed
that a higher concentration of actin would result in an enhanced
recruitment of trans-membrane binders. The contractility-mediated
actin turnover modulation that we have established is not exclusive of
other well-established mechanosensitive mechanisms such as the one
mentioned here and is expected to act in parallel or in a feedback loop.

With our approach, we could further decouple the role of tension
and actin dynamics onto the E-cad recruitment. We showed that
the direct modulation of the actin turnover dynamics can induce
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Figure 6 Myosin II activity and F-actin stability regulate the level of E-cad
recruitment. (a) E-cad rings at steady state for different drug treatments.
Doublets are formed in normal conditions (respectively in the presence of
Y27632 at 2 µM (n=25 doublets) and 10 µM (n=15 doublets)) (top line)
and subsequently treated with Y27632 at 2 µM (n= 24 doublets), 5 µM
(n=24 doublets), 10 µM (n=29 doublets) and 20 µM (n=23 doublets),
blebbistatin at 1 µM (n=22 doublets), 5 µM (n=17 doublets) and 50 µM
(n=12 doublets), nocodazole at 10 µM (n=40 doublets), latrunculin at
1 µM (n=11 doublets) and 5 µM (n=22 doublets) and jasplakinolide at

100nM (n= 18 doublets) (respectively washed) (bottom line; scale bar
5 µm). (b) Relative variation (between drug treatment and control conditions)
in the average E-cad fluorescence versus relative variation in the contact
radius. (c) Relative variation (between drug treatment and control conditions)
in the contact radius of the doublets versus relative variation of cortical
tension of single cells treated with latrunculin at 1 µM (n= 8 doublets),
Y27632 at 5 µM (n=8 doublets), jasplakinolide at 100nM (n=10 doublets)
and nocodazole at 10 µM (n= 9 doublets). Error bars correspond to the
standard deviation.

This result shed light on the possibility to use the dynamic properties
of the actin cortex as a regulatory process to control the recruitment
of cadherin at the membrane. Our conclusions are consistent with
previous observations in which di�erential stabilization of F-actin
at the apical and lateral regions of epithelial cell contacts leads to a
gradient of cadherin di�usion properties along the lateral membranes
in CaCo-2 cells22. Our results are also consistent with those in a
previous study on Drosophila33. That study statistically inferred the
dynamics of E-cad nanoscopic cluster fusion and fission from the
changes in their size distribution. The mean junctional E-cad density
measured in that study is compatible with ours (around 500molecules
per micrometre). The constant mobile pool we observed by FRAP in
control experiments and on drug treatment echoes the constancy of
monomer concentration for di�erent junctional surface densities and
drug treatments observed in ref. 33. In that study it was argued that
the constancy of monomer concentration results from either strong
binding in the trans configuration or an E-cad clustering that has
a faster rate than the dissociation into monomers. We would add
that if E-cad molecules within large clusters are immobilized (owing
to a slower dynamics of the underlying cortical actin), they do not
contribute in the exchange anymore, thus leading to an e�ective shift
of the binding equilibrium. We observed that the regulation of the
level of recruitment occurs by immobilizing E-cad molecules when
the authors of ref. 33 see an enrichment in larger clusters in similar
conditions. Assuming a slower turnover dynamics for larger clusters
reconciles both observations, althoughwe could not detect nanoscopic

clusters with our observation method. For fast actin turnover (actin
depolymerization), the E-cad density drops whereas for slow actin
turnover (stabilization of F-actin), the E-cad density increases. The
modulation of actin dynamic in Drosophila embryos leads to the
shift of the mean junctional E-cad density in the same way as in
our experiments.

We also demonstrated how the regulation of cadherin recruitment
by actin dynamics participates in the mechanosensitive response
of the adherens junction to intercellular forces. We propose that
changes in myosin II contractility a�ect cortical actin turnover that
in turn regulates E-cad recruitment. This mechanism corresponds to a
mechanosensitive regulation of the adhesion strength and significantly
di�ers from the present understanding of the mechanosensitive
reinforcement of cell–cell adhesion based on the recruitment of
additional actin at the junction. The best understood mechanisms for
such recruitment are related to protein conformational changes such as
those typical in ↵-catenin, which, on stretching, exposes a cryptic site
for vinculin leading to subsequent actin binding27. It is then assumed
that a higher concentration of actin would result in an enhanced
recruitment of trans-membrane binders. The contractility-mediated
actin turnover modulation that we have established is not exclusive of
other well-established mechanosensitive mechanisms such as the one
mentioned here and is expected to act in parallel or in a feedback loop.

With our approach, we could further decouple the role of tension
and actin dynamics onto the E-cad recruitment. We showed that
the direct modulation of the actin turnover dynamics can induce
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This result shed light on the possibility to use the dynamic properties
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of cadherin at the membrane. Our conclusions are consistent with
previous observations in which di�erential stabilization of F-actin
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drug treatments observed in ref. 33. In that study it was argued that
the constancy of monomer concentration results from either strong
binding in the trans configuration or an E-cad clustering that has
a faster rate than the dissociation into monomers. We would add
that if E-cad molecules within large clusters are immobilized (owing
to a slower dynamics of the underlying cortical actin), they do not
contribute in the exchange anymore, thus leading to an e�ective shift
of the binding equilibrium. We observed that the regulation of the
level of recruitment occurs by immobilizing E-cad molecules when
the authors of ref. 33 see an enrichment in larger clusters in similar
conditions. Assuming a slower turnover dynamics for larger clusters
reconciles both observations, althoughwe could not detect nanoscopic

clusters with our observation method. For fast actin turnover (actin
depolymerization), the E-cad density drops whereas for slow actin
turnover (stabilization of F-actin), the E-cad density increases. The
modulation of actin dynamic in Drosophila embryos leads to the
shift of the mean junctional E-cad density in the same way as in
our experiments.

We also demonstrated how the regulation of cadherin recruitment
by actin dynamics participates in the mechanosensitive response
of the adherens junction to intercellular forces. We propose that
changes in myosin II contractility a�ect cortical actin turnover that
in turn regulates E-cad recruitment. This mechanism corresponds to a
mechanosensitive regulation of the adhesion strength and significantly
di�ers from the present understanding of the mechanosensitive
reinforcement of cell–cell adhesion based on the recruitment of
additional actin at the junction. The best understood mechanisms for
such recruitment are related to protein conformational changes such as
those typical in ↵-catenin, which, on stretching, exposes a cryptic site
for vinculin leading to subsequent actin binding27. It is then assumed
that a higher concentration of actin would result in an enhanced
recruitment of trans-membrane binders. The contractility-mediated
actin turnover modulation that we have established is not exclusive of
other well-established mechanosensitive mechanisms such as the one
mentioned here and is expected to act in parallel or in a feedback loop.

With our approach, we could further decouple the role of tension
and actin dynamics onto the E-cad recruitment. We showed that
the direct modulation of the actin turnover dynamics can induce
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Figure 7 Comparative E-cad and actin dynamics following modulation of
myosin II activity and F-actin stability. (a) E-cad immobile fraction for
doublets treated with latrunculin at 1 µM (n=15 doublets), with Y27632
at 5 µM (n= 21 doublets), in control conditions (n= 24 doublets), with
nocodazole at 10 µM (n=15 doublets) and with jasplakinolide at 100nM
(n=12 doublets). (b) E-cad mobile and immobile pools. (c) Actin mobile
fraction for doublets treated with latrunculin at 1 µM (n=15 doublets), with

Y27632 at 5 µM (n=21 doublets), in control conditions (n=20 doublets),
with nocodazole at 10 µM (n=22 doublets) and with jasplakinolide at 100nM
(n=11 doublets). (d) Actin recovery time. (e) Ratio between E-cad immobile
pool on drug treatment and E-cad immobile pool in control conditions versus
ratio of actin recovery time following drug treatment and actin recovery time
in control conditions for all drugs tested. The P values in a, b and d are
calculated from unpaired Student’s t-tests.

a large recruitment of E-cad at the junction by sequestration
without a concomitant increase of the cortical tension (jaspakinolide
treatment). Moreover we reported situations (ROCK inhibitor
versus jasplakinolide treatment) where cell doublets exhibited equal
cortical tension and similar contact size and yet showed significant
variations of E-cad sequestration induced by di�erent actin turnover.
This observation is in line with the argument of refs 11,26 that
demonstrated that the cohesive energy does not contribute to the
force balance determining the contact size and should not be
regarded as a driving force for contact extension. It suggests that the
mechanosensitive regulation of adhesion, even though required to
maintain the junction integrity and transmission of forces, does not
influence the junction morphology in this context.

Last our data suggest that, in addition to the structural properties
of actin (meshwork density, branching and spatial extension of
bundles), the dynamic properties of the actin meshwork are
also an important parameter to be considered to understand
how forces are generated and transmitted by the cortical actin.
Taken together, our results advocate for the importance of actin
rheological properties in understanding the regulation and strength of
cell–cell adhesion. ⇤

METHODS
Methods and any associated references are available in the online
version of the paper.

Note: Supplementary Information is available in the online version of the paper
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Figure 7 Comparative E-cad and actin dynamics following modulation of
myosin II activity and F-actin stability. (a) E-cad immobile fraction for
doublets treated with latrunculin at 1 µM (n=15 doublets), with Y27632
at 5 µM (n= 21 doublets), in control conditions (n= 24 doublets), with
nocodazole at 10 µM (n=15 doublets) and with jasplakinolide at 100nM
(n=12 doublets). (b) E-cad mobile and immobile pools. (c) Actin mobile
fraction for doublets treated with latrunculin at 1 µM (n=15 doublets), with

Y27632 at 5 µM (n=21 doublets), in control conditions (n=20 doublets),
with nocodazole at 10 µM (n=22 doublets) and with jasplakinolide at 100nM
(n=11 doublets). (d) Actin recovery time. (e) Ratio between E-cad immobile
pool on drug treatment and E-cad immobile pool in control conditions versus
ratio of actin recovery time following drug treatment and actin recovery time
in control conditions for all drugs tested. The P values in a, b and d are
calculated from unpaired Student’s t-tests.

a large recruitment of E-cad at the junction by sequestration
without a concomitant increase of the cortical tension (jaspakinolide
treatment). Moreover we reported situations (ROCK inhibitor
versus jasplakinolide treatment) where cell doublets exhibited equal
cortical tension and similar contact size and yet showed significant
variations of E-cad sequestration induced by di�erent actin turnover.
This observation is in line with the argument of refs 11,26 that
demonstrated that the cohesive energy does not contribute to the
force balance determining the contact size and should not be
regarded as a driving force for contact extension. It suggests that the
mechanosensitive regulation of adhesion, even though required to
maintain the junction integrity and transmission of forces, does not
influence the junction morphology in this context.

Last our data suggest that, in addition to the structural properties
of actin (meshwork density, branching and spatial extension of
bundles), the dynamic properties of the actin meshwork are
also an important parameter to be considered to understand
how forces are generated and transmitted by the cortical actin.
Taken together, our results advocate for the importance of actin
rheological properties in understanding the regulation and strength of
cell–cell adhesion. ⇤

METHODS
Methods and any associated references are available in the online
version of the paper.

Note: Supplementary Information is available in the online version of the paper
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Figure 7 Comparative E-cad and actin dynamics following modulation of
myosin II activity and F-actin stability. (a) E-cad immobile fraction for
doublets treated with latrunculin at 1 µM (n=15 doublets), with Y27632
at 5 µM (n= 21 doublets), in control conditions (n= 24 doublets), with
nocodazole at 10 µM (n=15 doublets) and with jasplakinolide at 100nM
(n=12 doublets). (b) E-cad mobile and immobile pools. (c) Actin mobile
fraction for doublets treated with latrunculin at 1 µM (n=15 doublets), with

Y27632 at 5 µM (n=21 doublets), in control conditions (n=20 doublets),
with nocodazole at 10 µM (n=22 doublets) and with jasplakinolide at 100nM
(n=11 doublets). (d) Actin recovery time. (e) Ratio between E-cad immobile
pool on drug treatment and E-cad immobile pool in control conditions versus
ratio of actin recovery time following drug treatment and actin recovery time
in control conditions for all drugs tested. The P values in a, b and d are
calculated from unpaired Student’s t-tests.

a large recruitment of E-cad at the junction by sequestration
without a concomitant increase of the cortical tension (jaspakinolide
treatment). Moreover we reported situations (ROCK inhibitor
versus jasplakinolide treatment) where cell doublets exhibited equal
cortical tension and similar contact size and yet showed significant
variations of E-cad sequestration induced by di�erent actin turnover.
This observation is in line with the argument of refs 11,26 that
demonstrated that the cohesive energy does not contribute to the
force balance determining the contact size and should not be
regarded as a driving force for contact extension. It suggests that the
mechanosensitive regulation of adhesion, even though required to
maintain the junction integrity and transmission of forces, does not
influence the junction morphology in this context.

Last our data suggest that, in addition to the structural properties
of actin (meshwork density, branching and spatial extension of
bundles), the dynamic properties of the actin meshwork are
also an important parameter to be considered to understand
how forces are generated and transmitted by the cortical actin.
Taken together, our results advocate for the importance of actin
rheological properties in understanding the regulation and strength of
cell–cell adhesion. ⇤
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Methods and any associated references are available in the online
version of the paper.

Note: Supplementary Information is available in the online version of the paper
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2. Mechanotransduction by Cadherins

Adhesion as an active, regulated system

• Suggests a positive Feedback Loop: E-cadherin under load modifies the actin 
cytoskeleton which in turn stabilises E-cadherin

derstand that a coarse grained, super-molecular
view of the cell–cell contact is being adopted in
the analysis. The local mechanical stress exerted
on a small area of the contact also has compo-
nents parallel and orthogonal to the contact
surface (Fig. 2). These components approxi-
mately correspond to the average component
of the molecular forces exerted at this surface.
As a consequence of what we have discussed
above, the stress exerted at the “contact” planes
between cadherins can differ significantly from
the stress at the “cortical” plane. Therefore, cad-
herins are unlikely to bear fully the tension of
the underlying cortex. Cortical tension “along”
the cellular contact should not be misinterpret-
ed as the tension that acts “across” the contact.
It also follows that the structure of the cortical F-
actin network that lies orthogonal or parallel
to the junction has to be considered whenever
possible. Therefore, when intercellular stress is
experimentally reported, great care should be

taken to understand exactly what quantity was
measured.

Techniques to Measure Mechanical Force

With these considerations inmind, it is useful to
review the range of tools that are available to
measuremechanical force at cell–cell junctions,
ideally within intact cells, keeping in mind the
type of cellular stress that is effectively mea-
sured. These broadly fall into two categories:
assays that endeavor to infer mesoscopic (mm-
scale) patterns of force; and those that measure
molecular level forces.

The range of mesoscopic assays for force
include inference of tension from velocities of
recoil after junctions are cut with lasers (Fer-
nandez-Gonzalez et al. 2009; Ratheesh et al.
2012); assays for intercellular stresses that are
inferred from measurement of traction forces
(Liu et al. 2010); and inference of forces from

Molecular force borne
by the trans-cellular bond

Viscoelastic resistance of the cortex
and the cadherin cluster

Traction force exterted
on the cadherin/actin binding site

- E-cadherin - β-catenin

- F-actin - Open-conformation α-catenin

Figure 1.Molecular forces exerted on singlemolecular bonds. They are likely exerted on the cytoplasmic domain
of E-cadherin when it is attached to F-actin networks. Molecular reporters such as Forster resonance energy
transfer (FRET) sensors are expected to be sensitive to this local force. Due to its embedding in the plasma
membrane and lateral clusters, the force exerted on the extracellular domain of E-cadherin and transmitted to
the neighboring cells might differ significantly from the traction force applied to its intracellular domain.

Force Sensing at Cell–Cell Junctions
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2. Mechanotransduction by Cadherins: 
tension feedback loop

Adhesion as an active, regulated system

Leerberg JM et al Yap, AS., Curr Biol, 24:1689. 2014

vinculin-binding site, increasing
vinculin recruitment (Figure 1B).

Cells thus have a mechanism built
into AJs to sense tension. How do they
respond? One danger faced by cells
is that the dynamic forces involved
in morphogenesis will exceed the
resistance of junctional–actin
connections and thus disrupt
connections. This is exactly what
one observes in situations when
levels of putative actin crosslinkers,
like a-catenin or Afadin/Canoe, are
reduced. How then do cells react
to tension to prevent junctional
disruption? In the new study, Leerberg
et al. [1] find that contractility supports
and tunes actin assembly at AJs [1]
(Figure 1B,C). In their polarized
colon cell model, there is a rich
perijunctional F-actin pool at AJs,
and they find that both steady-state
F-actin and actin assembly at the AJ
is stimulated by myosin-based
contractility. The authors thus
hypothesized integral roles for both
actin-binding proteins and proteins
promoting actin polymerization. Based
on its tension-dependent localization
to AJs, they considered vinculin as a
candidate modulator. Strikingly, they
found that vinculin accumulated at
AJs in a tension-dependent manner,
via its interaction with a-catenin
(Figure 1A). More importantly,
vinculin was required for the increase
in steady-state F-actin and new
actin polymerization in response
to myosin-based tension. They
confirmed this by demonstrating that
an a-catenin mutant unable to
bind vinculin cannot support
tension-dependent increases in
actin assembly.

The tension-dependent increase
in F-actin suggested that
actin-nucleating/polymerizing proteins
might be recruited by vinculin. The
authors quickly ruled out Arp2/3 as the
direct actin modulator and thus turned
to Ena/VASP proteins [1]. They found
that both Mena and VASP co-localized
with vinculin at AJs and that vinculin
was the dominant mechanism for their
AJ recruitment (Figure 1A). They went
on to reveal that Mena and VASP
are necessary for vinculin’s ability to
regulate junctional actin (following
simultaneous inactivation of Mena
and VASP by forced recruitment
to mitochondria). Furthermore,
engineering vinculin-independent
Mena/VASP recruitment to AJs
was sufficient to render junctional

actin assembly resistant to myosin
inhibition, and thus making it
independent of tension. Thus, Ena/
VASP proteins appear to be the
dominant players in tension-dependent
actin regulation.

To cap off this work, the authors
asked what role tension-dependent
actin assembly plays in epithelial
integrity, tying it back to potential
roles in morphogenesis [1]. They
found that Mena/VASP-dependent
actin assembly is necessary for AJ
stabilization of E-cadherin, reflecting
the two-way feedback noted above
between cadherin–catenins and the
underlying actin. Finally, they used
elegant laser surgery to cut AJs and
directly measure junctional tension,
finding that recruitment of Mena/VASP
to AJs is both necessary and sufficient
to support junctional contractile

tension. Together, these data reveal
a highly novel feedback mechanism,
supporting a model in which a-catenin,
when under tension, undergoes a
conformational change and recruits
vinculin (and perhaps actin directly) [1].
Vinculin, in turn, can both bind F-actin
and recruit Mena/VASP to barbed
ends. The resulting linear actin array
at AJs provides a parallel actin network
favorable for myosin, thus creating
more tension and promotingmore actin
assembly (Figure 1A).
These novel insights into a

tension-generated feedback loop
help us understand how cells resist
force during the dynamic events of
morphogenesis, and also raise many
new questions. At the mechanistic
level, it will be important to further
probe aspects of the model, including
the hypothesized conformational

Low tension
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E-cadherin
F-actin

β-catenin

Vinculin

Mena/VASP

Myosin

Current Biology

α-catenin

Uniform low tension Uniform high tension Unbalanced tension
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Figure 1. Model for tension feedback loop at adherens junctions.

(A) Under low tension, a-catenin is associated with b-catenin and E-cadherin in a closed
conformation. In this state, the ability of a-catenin to bind actin is unclear. Under high tension,
a conformational change allows a-catenin to recruit vinculin, which in turn binds Mena and
VASP, promoting actin polymerization at barbed ends. This increased unbranched actin is
favorable for myosin recruitment and action, thus generating more force, inciting a positive
feedback loop between tension and actin polymerization. (B) Cell sheets experiencing uniform
low, uniform high or unbalanced tension. Increased tension straightens cell borders. Red
arrows indicate force exerted on neighbors. (C) Close-up diagram of cell borders under low,
high or orthogonal F-actin-mediated tension (F-actin, gray lines). E-cadherin (red lines)
accumulates at junctions under high tension and is enriched at tricellular junctions.
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(A) Under low tension, a-catenin is associated with b-catenin and E-cadherin in a closed
conformation. In this state, the ability of a-catenin to bind actin is unclear. Under high tension,
a conformational change allows a-catenin to recruit vinculin, which in turn binds Mena and
VASP, promoting actin polymerization at barbed ends. This increased unbranched actin is
favorable for myosin recruitment and action, thus generating more force, inciting a positive
feedback loop between tension and actin polymerization. (B) Cell sheets experiencing uniform
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arrows indicate force exerted on neighbors. (C) Close-up diagram of cell borders under low,
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• Tension feedback loop involves 
tension sensing by a-catenin and 
vinculin, and recruitment of actin 
elongation factor VASP.
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Adhesion as an active, regulated system
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Dynamic interplay between E-cadherin and Actomyosin networks at cell contacts
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What are the determinants of adhesion strength?

However:
- All interactions have relatively low affinity: mM to µM
- « Design »: many dynamic, weak bonds.

Adhesion and the regulation of dissipation

• Strength of Molecular interactions: E-cad-E-cad, E-cad-Factin coupling
- Number of bonds
- Strength of bonds: but this depends on how fast one 

pulls on a chemical bond.
- Nature of bonds: catch versus slip bonds. 
- Mechanical feedback: vinculin based reinforcement

• Molecular organisation: 
- Clusters enable phase transition between seemingly 

« free » monomers and clusters. Change effective 
affinity be few orders of magnitude. 

- Avidity effect: entropic effects vs binding energy.
- Molecular clutch: strong coupling to F-actin and 

feedback control of tension on cluster density.
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Adhesion and the regulation of dissipation

• Energy dissipation at adhesion clusters: many weak bonds
- E-cadherin turnover: 20s. Rebinding and bond exchange
- Actin turnover: <10s. Polymer dissipation
- Active (motor) and passive cross linkers turnover: 5-20s

• Adhesion clusters with actomyosin cortex are viscoelastic 
aggregates. 

- elastic on short time scale (seconds), but behave like viscous 
fluids on longer times scales than turnover time. 

- on short time scale, depends chiefly on strength of molecular 
bonds. But: 

- The faster stress is applied, the greater the force to 
rupture interactions (Evans).

- Stress induces molecular strain (a-catenin, Talin, Titin etc) 
that reinforces molecular interactions.

- on long time scales (morphogenetic time scales (10 s - minutes), 
              energy is dissipated and adhesive interface remains strong.
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more immobile and relatively slow recovery properties of
membrane bound E-cadherin, b-catenin, and a-catenin
(Figure 5D).

The high mobility of actin observed at the membrane may
be due to rapid exchange with the large pool of cytoplasmic
actin. To eliminate the high fluorescence signal of cytoplas-
mic GFP-actin that might prevent observation of a less dy-
namic, membrane-associated pool, we expressed actin
tagged with photoactivatible GFP (PAGFP-actin). Photoacti-
vation of PAGFP-actin at cell-cell contacts was immediately
followed by a rapid loss of the GFP signal from the activated
spot at a rate (t1/2 = 0.27 ± 0.02 min) closer to that of GFP-
actin than that of the cadherin-catenin complex (Figure 5B;

Movie S7). Lateral diffusion at the activated spot of
PAGFP-actin was not observed. Significantly, the signal
from minimally activated PAGFP-actin decayed with a single
exponential function that reached complete depletion of
fluorescence at the contact site (S.Y., unpublished data),
indicating that a there is a single reaction step consistent
with the simple exchange of actin between the membrane-
associated and cytosolic pools.
Although GFP-actin polymerizes inefficiently, GFP-actin

can copolymerize with endogenous actin (Westphal et al.,
1997) and colocalized with endogenous actin filaments (Fig-
ures 5 and 6). Nevertheless, to circumvent potential prob-
lems associated with drawing conclusions from kinetics of

Figure 5. Dynamics of E-Cadherin, Catenins, and Actin at Cell-Cell Contacts
(A) Western blots of stable cell lines used in each experiment; circles and stars indicate endogenous and GFP-tagged proteins, respectively. Percent ex-

pression level of GFP-tagged protein of the total GFP-tagged and corresponding endogenous proteins is: Ecad-GFP (45%), GFP-bcat (31%), GFP-acat

(23%), GFP-actin (3%), and PAGFP-actin (3%).

(B) Representative examples of photobleaching of GFP-labeled E-cadherin, b-catenin, a-catenin, actin, and microinjected rhodamine-labeled actin and

photoactivation of photoactivatable-GFP labeled actin at cell-cell contacts. Arrows point to photobleached or photoactivated spots; scale bar in (B) and

(C) is 10 mm. Kymographs show the evolution of the GFP intensity profile along cell-cell contacts (vertical axis), and numbers indicate time in minutes after

photobleaching or photoactivation (horizontal axis). The fluorescence intensity scale is pseudocolored.

(C) Saponin-permeabilized cells were incubated with FITC-labeled actin, then fixed and stained with Alexa 546-phalloidin.

(D) Quantification of fluorescence recovery after photobleaching (FRAP). The numbers of cells (n) quantified are: Ecad-GFP (n = 30), EcadDC-tdDsR (n = 4),

GFP-bcat (n = 28), GFP-acat (n = 41), GFP-acatDC (n = 28), GFP-actin (n = 30), and Rhod-actin (n = 16). Error bars show SEM.
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All component of the Adhesion complexes undergo extensive
and rapid turnover

Yamada et al , Nelson WJ. Cell, 2005
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Adhesion and the regulation of dissipation



• Cells have evolved means to control the modes of dissipation at adhesive interfaces to 
prevent formation/propagation of fractures: 

     - orientation: tension or sheer stress
     - length scale. 

• Cells can actively control the rheology of the adhesive cortex and thereby actively 
control dissipation:

- Cortex stiffening: actin polymerisation (ENA/Vasp).
- Cortex fluidisation: motors (Rho1 regulation)
- E-cadherin stabilisation (via actin?)
- E-cadherin turnover: endocytosis (actin and motor dependent)

• Clusters of E-cadherin: weak interactions (mM range), but many (10  - 10  ) within 
10-100nm, with rapid rebinding kinetics ensure high local dissipation while maintaining 
sufficient coupling between cell surfaces

l= (        )

a 
b 
g 
d 
e 
z 
h 
w 
 

/

a 
b 
g 
d 
e 
z 
h 
w 
 

½

a 
b 
g 
d 
e 
z 
h 
w 
 

a 
b 
g 
d 
e 
z 
h 
w 
 

: viscosity : friction

Thomas LECUIT   2017-2018

changes in junctional morphology (Otani et al.
2006) or direct measurement of the elasticity of
the junctional membrane using laser tweezers
(Bambardekar et al. 2015). These can be com-
plemented with other approaches that address
the mechanical properties of junctions, includ-
ing atomic forcemicroscopy (Harris et al. 2014),
and estimation of hydrodynamic couplingusing
fiduciary markers, such as beads microinjected
into cells (He et al. 2014). These are powerful
approaches, but it is important to emphasize
that they generally carry some assumptions.
For example, to infer tension from recoil mea-
surements, it is necessary to correct for potential
viscoelastic dissipation, an approach that is typ-
ically performed by using mechanical models
(Fernandez-Gonzalez et al. 2009). Similarly, in-
ference of intercellular stress from the imbalance
of the stress measured on the substrate (traction

forces) relies on the assumption that viscous
drag caused by cell motion is negligible and
that mechanical forces must therefore equili-
brate. Finally, it is important to emphasize that
these mesoscopic assays do not provide direct
information on the molecules that are bearing
force. Even when an adhesion molecule, such as
green fluorescent protein (GFP)-tagged E-cad-
herin, is used to monitor junctional recoil after
laser ablation, any changes in tension reflect
changes in the membrane structure within
which E-cadherin is embedded, and not neces-
sarily changes in themolecular-level force acting
on E-cadherin itself.

An important advance in efforts to monitor
specific molecular level forces has come from
the development of genetically encodable ten-
sion sensors that use Forster resonance energy
transfer (FRET) (Grashoff et al. 2010). These

Localization area of the mechanical stress
that depends on cortex viscoelastic properties

Mesoscopic stress
component

disrupting the junction Transmitted stress

Mesoscopic shear and traction stresses resulting
from external stress and/or local contractility of the cortex

Cell 2

Cell 1

Figure 2. Molecular forces at the supramolecular scale. At a larger scale the mechanical stress generated by the
contractility of the cortical actin on a junction can be decomposed into a shear stress parallel to the junction and
into a tensional stress orthogonal to the junction (orange branched arrow). These two stresses are expected to
have different effects on the junction behavior. The transmission of these stresses to and across the junction (dark
gray branched arrow) also depends on the local geometry and rheological properties of the junction. An external
disruptive stress (blue arrows), for example, is borne differently by the junction cadherins depending the angle of
disruption. The viscoelastic properties of the cortex, the rate at which the stress is exerted, and the lability of the
cadherin trans bonds, will also regulate the spatial extent over which the disruptive stress is supported.
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Similarities between cell-cell and cell-substrate adhesion

CB26CH13-Gardel ARI 3 September 2010 19:29

actomyosin cytoskeleton is coordinated with
FA dynamics to support directed cell migration.

ACTIN DYNAMICS IN
MIGRATING CELLS
The F-actin cytoskeleton in migrating mes-
enchymal cells forms two distinct functional

modules that mediate the protrusive and con-
tractile steps in the migration cycle (Figure 1)
(Gupton et al. 2005, Ponti et al. 2004, Salmon
et al. 2002). The protrusive module may consist
of either a lamellipodial F-actin network or
filopodial F-actin bundles at the leading cell
edge (Faix & Rottner 2006, Gupton & Gertler
2007, Pollard & Borisy 2003). The contractile

LamellaLamellaLamella

Lamellipodium

NCA
DSF

TDA NA
FC

FA

MR

**

Distal

Proximal

Actin Paxillin

MLC

5 μm

Figure 1
Organization of the actomyosin cytoskeleton and adhesions in the leading edge of a migrating human
osteosarcoma (U2OS) cell shown via double indirect immunolabeling of paxillin (red ) and myosin light chain
(MLC, blue) as well as fluorescent phalloidin staining of actin filaments ( green). In each image the boxed area
is shown magnified in the inset. (Upper left) The yellow dashed line highlights the lamellipodium-lamella
border, and the asterisk highlights a junction between a dorsal stress fiber (DSF) and a transverse dorsal arc
(TDA). NCA, network-contraction array; NA, nascent adhesion; FC, focal complex; FA, focal adhesion;
MR, myosin II ribbon. In the merged image (lower right), the distal and proximal directions are highlighted.
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REV I EW

The lateral force of retrograde flow has been hypothesized to help 
drive integrin activation by separating α- and β-integrin cytoplasmic 
tails90. Integrin activation can be initiated by the binding of cytoplasmic 
proteins, such as talin, to the β-integrin tail (‘inside-out’ activation) or 
by the binding of integrins to their extracellular ligand (‘outside-in’ acti-
vation)50,91–93. However, integrin inactivation and constitutive activation 
with small molecules or antibodies both decrease migration speeds94, 
suggesting that a carefully regulated cycle of integrin activation and 
inactivation is required for proper cell migration. Integrin activation 
involves a dramatic conformational change between an inactive low-
affinity conformation with the extracellular domain folded close to the 
plasma membrane and an activated high-affinity conformation with the 
extracellular domain extended away from the plasma membrane50,93,95. 
However, both inside-out and outside-in integrin activation correspond 
to a lateral separation of the α- and β-integrin cytoplasmic tails that 
can be measured by a loss in intermolecular fluorescence resonance 
energy transfer (FRET)96. Furthermore, introducing an artificial 14 nm 
separation between the α5 and β1 cytoplasmic domains is sufficient to 
induce high-affinity binding to fibronectin in vitro, and simulations of 
molecular dynamics suggest that the lateral force of actin retrograde 
flow linked to the β tail by a clutch molecule could pull the β tail away 
from the α tail to stabilize integrin heterodimers in an open, high-affin-
ity conformation49,90. This force-dependent model of integrin activation 
predicts that integrin cytoplasmic tails would open in the direction of 
retrograde actin flow, resulting in a polarized and oriented population 
of active integrins in FAs.

Actin polymerization also controls the formation of initial macro-
molecular nascent FAs. FA formation and stability in the lamellipodia 
requires active actin polymerization62,86, and loss of Arp2/3 complex 
activity reduces FA assembly and results in disorganized, abnormal 

adhesions that do not support haptotactic migration up a surface-bound 
gradient of ECM97,98. Both FAK and vinculin can bind directly to the 
Arp2/3 complex, suggesting a direct molecular link between Arp2/3 
activity and FAs99,100. Nevertheless, more research is needed to under-
stand precisely how Arp2/3 regulates nascent FA assembly.

Actin also regulates FA growth and maturation. Although most nas-
cent FAs disassemble at the  base of the lamellipodium, a subset stabi-
lize and undergo maturation at the border between the lamellipodium 
and the lamellum62,101. Thus, a row of maturing FAs spatially defines the 
lamellipodium–lamellum border and contributes to the abrupt slowing 
of actin retrograde flow speeds in the lamellum28,84,86. During maturation, 
FAs undergo a compositional change as they grow and elongate in the 
direction of retrograde flow58,61,62,64,102. FAs grow at a rate directly propor-
tional to actin flow, independently of specific molecular perturbations; 
thus, faster retrograde flow results in faster FA elongation103. This sug-
gests that FA growth, and therefore local integrin activation, is limited by 
the distance of actin retrograde movement, in agreement with the lateral-
force model of integrin activation90. FA maturation requires tension to 
be applied across FAs, either from intracellular myosin contractility or 
extracellular pulling104–109, and FA size correlates to the amount of applied 
force85. During FA maturation, α-actinin is recruited to cross-link actin 
filaments62. Mature FAs remain attached to actin stress fibres throughout 
their lifetime, and their maintenance requires association with contrac-
tile F-actin bundles33,64,88. Disruption of dorsal stress fibres generated by 
mDia2 (mammalian diaphanous-related, a member of the formin family 
of proteins) leads to abnormal FA morphology and dynamics33,110, and 
several other formin family members have been found in biochemically 
isolated FAs58. Further work is needed to clarify the role of specific actin 
nucleators and F-actin structures in regulating the different stages of 
FA assembly, growth and disassembly in the lamellipodia and lamella.
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Figure 2 Nano-scale architecture of the focal adhesion clutch. Focal adhesions 
(FAs) are organized into 3D ‘nano-domains’ with unique protein compositions 
and mechanical signatures. The distal tip of the FA facing the leading edge 
is where lamellipodial dendritic actin interacts with the FA, and contains an 
enrichment of phosphorylated paxillin, rapid retrograde flow and high traction 
forces. The proximal tip of the FA interacts with the actin stress fibre and is 
enriched with the actin binding proteins α-actinin, zyxin and VASP, and is 
characterized by slow retrograde flow and low traction forces. Additionally, 
proteins are stratified in the axis perpendicular to the cell plasma membrane 

(PM). Paxillin, FAK and the talin head domain are co-localized with integrin 
cytoplasmic tails near the plasma membrane in the integrin signalling layer. 
Actin and actin-binding proteins are localized >50 nm above the plasma 
membrane in the actin regulatory layer. Talin and vinculin reside in the 
force transduction layer that spans between the integrin signalling and actin 
regulatory layers. Talin is oriented with the N-terminus near the plasma 
membrane and the C-terminus ~30 nm higher and extended towards the FA 
proximal tip. The colour bar shows the vertical distance from the extracellular 
matrix, whereas the scale bar denotes the distance across the xy plane. 
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Figure 6 Integration of mechanical and biochemical signals by vinculin
regulates mechanical properties of cell–cell contacts. (a) MDCK cells were
cultured on fibronectin-coated substrate to form confluent monolayers,
with cell–cell contacts labelled by ZO-1 fused with either mEmerald or
mCherry. Cells were co-transfected with vinculin constructs or treated with
pharmacological inhibitors as indicated. A montage of consecutive frames
(interval: 2 s) is shown with junction excision at t =0 s. Recoiling edges
of the junctions (red circles) were used to quantify the recoil trajectory.
Untreated MDCK (ctrl) were compared with MDCK stably expressing shRNA
against vinculin (MDCK Vcl-KD), MDCK Vcl-KD rescued with Y822F,
Y88E, or T12 vinculin mutants, MDCK cells treated with nocodazole (to
promote contractility, 10 µM for 1 h), and RK682 (PTP1B inhibitor to
inhibit Tyr822 dephosphorylation, 10 µgml�1 for 1 h). Scale bar, 5 µm.
(b,c) Junction recoil (b) and initial recoil rate (c) following laser ablation
of native cell–cell junctions in MDCK epithelial monolayers, with vinculin
mutants, or pharmacological treatment. The colours of the plots in b
correspond to the bar graphs in c. Ablation occurred at 0 s. Data in b

and c represent mean ± error bars (s.e.m.). n= 19 (ctrl); 18 (Vcl-KD);
16 (Vcl-KD + Y822F); 17 (Vcl-KD+Y822E); 18 (Vcl-KD+Vcl-T12); 11
(+Nocodazole); 24 (+RK682). ⇤⇤P <0.005, ⇤⇤⇤⇤P=5⇥10�5. Statistics in
Supplementary Tables 6 and 7. (d) Fluorescence micrographs of MDCK
vinculin KD epithelial monolayers rescued with vinculin wt, vinculin Y822F
(non-phosphorylatable), vinculin Y822E (phosphomimetic) fusion constructs
to demonstrate their localization at native adherens junctions. Cells were
co-transfected with ZO-1 constructs. Scale bar, 10 µm. (e) Fluorescence
intensity line profiles along the lines (white) in d, showing co-localization
of vinculin (red) with ZO-1 (green) at the cell–cell junctions. (f) Diagram of
vinculin conformational regulation by tension and Tyr822 phosphorylation,
and a putative positive feedback loop. (g) Schematic models of protein
organization in cadherin-based adhesions, with stratified compartments along
the vertical axis at empirically determined z-positions, for MDCK E-cadherin-
based adhesions (left, with compact vinculin) and C2C12 N-cadherin-based
adhesions (right, with extended vinculin). Note that the model does not depict
protein stoichiometry.
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Figure6Integrationofmechanicalandbiochemicalsignalsbyvinculin
regulatesmechanicalpropertiesofcell–cellcontacts.(a)MDCKcellswere
culturedonfibronectin-coatedsubstratetoformconfluentmonolayers,
withcell–cellcontactslabelledbyZO-1fusedwitheithermEmeraldor
mCherry.Cellswereco-transfectedwithvinculinconstructsortreatedwith
pharmacologicalinhibitorsasindicated.Amontageofconsecutiveframes
(interval:2s)isshownwithjunctionexcisionatt=0s.Recoilingedges
ofthejunctions(redcircles)wereusedtoquantifytherecoiltrajectory.
UntreatedMDCK(ctrl)werecomparedwithMDCKstablyexpressingshRNA
againstvinculin(MDCKVcl-KD),MDCKVcl-KDrescuedwithY822F,
Y88E,orT12vinculinmutants,MDCKcellstreatedwithnocodazole(to
promotecontractility,10µMfor1h),andRK682(PTP1Binhibitorto
inhibitTyr822dephosphorylation,10µgml�1for1h).Scalebar,5µm.
(b,c)Junctionrecoil(b)andinitialrecoilrate(c)followinglaserablation
ofnativecell–celljunctionsinMDCKepithelialmonolayers,withvinculin
mutants,orpharmacologicaltreatment.Thecoloursoftheplotsinb
correspondtothebargraphsinc.Ablationoccurredat0s.Datainb

andcrepresentmean±errorbars(s.e.m.).n=19(ctrl);18(Vcl-KD);
16(Vcl-KD+Y822F);17(Vcl-KD+Y822E);18(Vcl-KD+Vcl-T12);11
(+Nocodazole);24(+RK682).⇤⇤P<0.005,⇤⇤⇤⇤P=5⇥10�5.Statisticsin
SupplementaryTables6and7.(d)FluorescencemicrographsofMDCK
vinculinKDepithelialmonolayersrescuedwithvinculinwt,vinculinY822F
(non-phosphorylatable),vinculinY822E(phosphomimetic)fusionconstructs
todemonstratetheirlocalizationatnativeadherensjunctions.Cellswere
co-transfectedwithZO-1constructs.Scalebar,10µm.(e)Fluorescence
intensitylineprofilesalongthelines(white)ind,showingco-localization
ofvinculin(red)withZO-1(green)atthecell–celljunctions.(f)Diagramof
vinculinconformationalregulationbytensionandTyr822phosphorylation,
andaputativepositivefeedbackloop.(g)Schematicmodelsofprotein
organizationincadherin-basedadhesions,withstratifiedcompartmentsalong
theverticalaxisatempiricallydeterminedz-positions,forMDCKE-cadherin-
basedadhesions(left,withcompactvinculin)andC2C12N-cadherin-based
adhesions(right,withextendedvinculin).Notethatthemodeldoesnotdepict
proteinstoichiometry.
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Figure 6 Integration of mechanical and biochemical signals by vinculin
regulates mechanical properties of cell–cell contacts. (a) MDCK cells were
cultured on fibronectin-coated substrate to form confluent monolayers,
with cell–cell contacts labelled by ZO-1 fused with either mEmerald or
mCherry. Cells were co-transfected with vinculin constructs or treated with
pharmacological inhibitors as indicated. A montage of consecutive frames
(interval: 2 s) is shown with junction excision at t =0 s. Recoiling edges
of the junctions (red circles) were used to quantify the recoil trajectory.
Untreated MDCK (ctrl) were compared with MDCK stably expressing shRNA
against vinculin (MDCK Vcl-KD), MDCK Vcl-KD rescued with Y822F,
Y88E, or T12 vinculin mutants, MDCK cells treated with nocodazole (to
promote contractility, 10 µM for 1 h), and RK682 (PTP1B inhibitor to
inhibit Tyr822 dephosphorylation, 10 µgml�1 for 1 h). Scale bar, 5 µm.
(b,c) Junction recoil (b) and initial recoil rate (c) following laser ablation
of native cell–cell junctions in MDCK epithelial monolayers, with vinculin
mutants, or pharmacological treatment. The colours of the plots in b
correspond to the bar graphs in c. Ablation occurred at 0 s. Data in b

and c represent mean ± error bars (s.e.m.). n= 19 (ctrl); 18 (Vcl-KD);
16 (Vcl-KD + Y822F); 17 (Vcl-KD+Y822E); 18 (Vcl-KD+Vcl-T12); 11
(+Nocodazole); 24 (+RK682). ⇤⇤P <0.005, ⇤⇤⇤⇤P=5⇥10�5. Statistics in
Supplementary Tables 6 and 7. (d) Fluorescence micrographs of MDCK
vinculin KD epithelial monolayers rescued with vinculin wt, vinculin Y822F
(non-phosphorylatable), vinculin Y822E (phosphomimetic) fusion constructs
to demonstrate their localization at native adherens junctions. Cells were
co-transfected with ZO-1 constructs. Scale bar, 10 µm. (e) Fluorescence
intensity line profiles along the lines (white) in d, showing co-localization
of vinculin (red) with ZO-1 (green) at the cell–cell junctions. (f) Diagram of
vinculin conformational regulation by tension and Tyr822 phosphorylation,
and a putative positive feedback loop. (g) Schematic models of protein
organization in cadherin-based adhesions, with stratified compartments along
the vertical axis at empirically determined z-positions, for MDCK E-cadherin-
based adhesions (left, with compact vinculin) and C2C12 N-cadherin-based
adhesions (right, with extended vinculin). Note that the model does not depict
protein stoichiometry.
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Similarities between cell-cell and cell-substrate adhesion

• Clustering: discretisation and 
compartmentation of mechanics

• Actin coupling and force transmission

• Adhesive function and tension 
transmission function

• Mechano-sensation and transduction: 
clutch mechanism

• Control of dissipation

CB27CH07-Lecuit ARI 5 September 2011 8:41

the core of the receptor module, which binds
ECM components. The cytoplasmic domain
of the β-integrin subunit binds to talin, which
connects integrin with actin. Talin binding
can trigger conformational changes of the α-
integrin/β-integrin dimers to an active state
with strongly increased affinity to ECM ligands
(Tadokoro et al. 2003, Wegener et al. 2007;
Figure 3b,d, f ).

Maturation of focal complexes into focal ad-
hesions relies on the binding of other cyto-
plasmic partners such as vinculin (Chen et al.
2005, Humphries et al. 2007, Izard et al. 2004),
which promote clustering of nascent com-
plexes and reinforce the integrin links to actin
(Figure 3b,d, f ). The signaling module of cell-
ECM adhesions consists of several components
including kinases and phosphatases that are able
to initiate a cascade of events. This results in
local changes in cytoskeleton dynamics and the
generation of mechanical force, which in turn
modify adhesion (see below).

The organization of adhesion molecules in
finitely sized clusters is also a striking feature
of cell-cell adhesion. Similar to integrins, cad-
herins form dense protein clusters connected
to the actin network. E-cadherin clusters
have been observed in cultured epithelial
mammalian cells and in early epithelia of

−−−−−−−−−−−−−−−−−−−−−−−−−−−−−−−−−−→

Figure 3
Cell-cell and cell-extracellular matrix (ECM)
adhesion clusters and their interaction with
actomyosin networks. Cell-cell and cell-ECM
adhesion initiate by homophilic binding of
E-cadherin (a) and by binding of integrin to ECM
(b), respectively. Actin-dependent protrusions are
important in these processes. Next, E-cadherin
binds actin filaments through adaptor proteins such
as β-catenin, α-catenin, and vinculin (c). Similarly,
integrin binds the actin cytoskeleton through
proteins such as talin and vinculin (d ). Actomyosin
contractility produces pulling forces on adhesion
complexes. These forces can induce conformational
changes in α-catenin and talin, thereby exposing
buried vinculin-binding sites. In turn, vinculin
binding promotes further binding of actin filaments
to adhesion clusters (e,f ). This feedback mechanism
enhances the mechanical coupling between
actomyosin networks and adhesion clusters.

nonvertebrates. In migrating cells undergoing
mesenchymal to epithelial transitions, nascent
adhesions of E-cadherin organize in puncta
(Angres et al. 1996, Kametani & Takeichi
2007). These puncta are thought to represent
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Similarities between cell-cell and cell-substrate adhesion

Figure 7 Effect of tumour necrosis factor (TNF)-a and confluence on discontinuous adherens junctions, stress fibres and focal
adhesions. Confluent unstimulated human umbilical vein endothelial cells (HUVECs) (A), or HUVECs stimulated with 10 ng/ml TNF-a for 20 h (B)
in growth medium, were scratched with a plastic tip and after 5 h cells were fixed and stained for actin filament, paxillin and b-catenin. All
images are projections of z-stacks of confocal images. Left images show a general view of five confocal fields sequentially acquired and
superimposed from the scratch edge (top) into the confluent monolayer (bottom). Black lines on left indicate the edges of each confocal field.
Right panels show the boxed areas at higher magnification, either at the scratch edge (1 and 3) or within the confluent monolayer (2 and 4).
Arrowheads show stress fibre tips associated to paxillin clusters, empty arrowheads points to the tips of the same stress fibres associated to
discontinuous junctions on the other side.

Figure 8 Quantitation of the effect of tumour necrosis factor (TNF)-a and confluence on stress fibres and focal adhesions (FAs) during
the scratch asssay. Quantitation of actin filament levels (A) and FA-like paxillin clusters (B) from confocal images of cells at the scratch edge
(scratch) and cells in confluent areas (confluent) with and without TNF-a. AU, arbitrary units.

Millán et al. BMC Biology 2010, 8:11
http://www.biomedcentral.com/1741-7007/8/11
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Cells often exhibit both types of adhesion
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Conclusions

• Cadherin based adhesion is an out-of-equilibrium system whereby 
active processes control the dynamic organisation in clusters.

• Cadherin clusters transmit cortical tension and response to force:
    -cluster organisation: turnover, density
    -molecular coupling: catch bond , strain dependent reinforcement etc

• Energy is constantly dissipated at adhesion sites:
-turnover of all molecular components (~10 seconds)
-many weak bonds (low affinity interactions) concentrated locally

• Viscoelastic properties of adhesion sites underlie organisation/plasticity  
paradox of tissue dynamics (see Lecture 1). 



Thomas LECUIT   2017-2018

ADHESION: Questions/Problems

• Why do multicellular adhesive systems adopt near thermodynamic 
equilibrium configurations?

- separation of time scales between molecular and cellular 
processes (1 to 2 orders of magnitude)?

• What underlies the modes of energy dissipation at adhesive interfaces?
- spatial modes: xy, xz?
- time scales of energy dissipation?
- impact of molecular organisation?
- mechano-chemical feedbacks?

• What underlies the mechanical adaptation of adhesion sites?
- time scales of feedbacks.

• What sets tissue mechanical length scale and how is this tuned by the 
viscoelastic properties of adhesion and the modes of energy 
dissipation?  
Does this scale with tissue size? e.g. during tissue growth?
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Conclusions

Next Lecture: 21 November 2017

« Cellular Tension »


