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Summary- tissue organisation and plasticity
• Organisation: 

• Cells adopt morphologies and configurations that tend to 
approach minimal surface energy

• Reflects balance between:
         -hydrostatic/turgor pressure + protrusive forces
         -cortical tension
         -cell walls/cortex stiffness

   - cell-cell adhesion
         
    

• Dynamics: 
• Cell connectedness varies so tissues can be modelled as gaz, 

viscoelastic fluids or elastic solids. 
• Reflects differences in cell-cell adhesion.
• Cell shape changes and cell movements are driven by active 

contractile systems in animals. 
• Cell-cell adhesion resists active remodelling and maintains 

tissue cohesion under stress.

• But Adhesion molecules also transmit sub cellular contractile 
tension. Adhesion and Cortical tension are interdependent
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Summary: Adhesion as an active, dissipative process

• Cadherin based adhesion is an out-of-equilibrium system whereby 
active processes control the dynamic organisation in clusters.

• Cadherin clusters transmit cortical tension and response to force:
    -cluster organisation: turnover, density
    -molecular coupling: catch bond , strain dependent reinforcement etc

• Energy is constantly dissipated at adhesion sites:
-turnover of all molecular components (~10 seconds)
-many weak bonds (low affinity interactions) concentrated locally

• Viscoelastic properties of adhesion sites underlie organisation/plasticity  
paradox of tissue dynamics. 
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Mechanics of Cell shape - Geometry & Dynamics

• Dimensionality reduction and unifying model of cell shape?
• Cells « morpho-space » is a huge multidimensional space

Physical parameters

Biological parameters

……

• How many parameters for description of and control over cell shape
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Mechanics of Cell shape - Geometry and Size variation
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How big is a human cell? 
 
 
 
 
A human is, according to the most recent estimates, an assortment of 
3.7±0.8x1013 cells (BNID 109716), plus a similar complement of allied 
microbes. The identities of the human cells are distributed amongst more 
than 200 different cell types (BNID 103626, 106155) which perform a 
staggering variety of functions. The shapes and sizes of cells span a large 
range as shown in Table 1. Size and shape, in turn, are intimately tied to 
the function of each type of cell. Red blood cells need to squeeze through 
narrow capillaries and their small size and biconcave disk shape achieve 
that while also maximizing the surface area to volume ratio. Neurons need 
to transport signals and when connecting our brains to our legs can reach 
lengths of over a meter (BNID 104901) but with a width of only about 10 
µm. Cells that serve for storage, like fat cells and oocytes have very large 
volumes. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
The different shapes also enable us to recognize the cell types. For 
example, the leukocytes of the immune system are approximately 
spherical in shape while adherent tissue cells on a microscope slide 

Table 1: Characteristic average volumes of human cells of different types. Large cell-

cell variation of up to an order of magnitude or more can exist for some cell types such 

as neurons or fat cells whereas for others the volume varies by much less, for example 

red blood cells. The value for beta cell comes from a rat but we still present it because 

average cell sizes usually changes relatively little among mammals.  
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What is the range of cell sizes and 
shapes?  
 
 
 
 
Cells come in a dazzling variety of shapes and sizes. As we have already 
seen, deep insights into the workings of life have come from focused 
studies on key “model” types such as E. coli, budding (baker’s) yeast and 
certain human cancer cell lines. These model systems have helped 
develop a precise feel for the size, shape and contents of cells. However, 
undue focus on model organisms can give a deeply warped view of the 
diversity of life. Stated simply, there is no easier way to dispel the myth of 
“the cell”, that is the idea that what we say about one cell type is true for 
all others, than to show examples of the bizarre gallery of different cell 
types found both in unicellular and multicellular organisms.  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure 1: A gallery of microbial cell shapes. These drawings are based upon microscopy images 
from the original literature. (A) Stella strain IFAM1312 (380); (B) Microcyclus (a genus since 
renamed Ancylobacter) flavus (367); (C) Bifidobacterium bifidum; (D) Clostridium cocleatum; (E) 
Aquaspirillum autotrophicum; (F) Pyroditium abyssi (380); (G) Escherichia coli; (H) Bifidobacterium 
sp.; (I) transverse section of ratoon stunt-associated bacterium; (J) Planctomyces sp. (133); (K) 
Nocardia opaca; (L) Chain of ratoon stunt-associated bacteria; (M) Caulobacter sp. (380); (N) 
Spirochaeta halophila; (O) Prosthecobacter fusiformis; (P) Methanogenium cariaci; (Q) 
Arthrobacter globiformis growth cycle; (R) gram-negative Alphaproteobacteria from marine 
sponges (240); (S) Ancalomicrobium sp. (380); (T) Nevskia ramosa (133); (U) Rhodomicrobium 
vanniellii; (V) Streptomyces sp.; (W) Caryophanon latum; (X) Calothrix sp. (Y) A schematic of part 
of the giant bacterium Thiomargarita namibiensis (290). All images are drawn to the same scale. 
(Adapted from K. D. Young, Microbiology & Molecular Bio. Rev., 70:660, 2006.)  
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Perhaps the most elementary measure of shape is cell size with sizes 
running from sub-micron to meters, exhibiting roughly a seven order of 
magnitude variability in cell sizes across the different domains of life as 
shown in Figure 4. Though prokaryotes are typically several microns in 
size, sometimes they can be much larger. Similarly, even though 
eukaryotes typically span the range from 5 to 50 microns, they too have a 
much wider range of sizes, with the eggs of eukaryotes and the cells of the 
nervous system providing a measure of just how large individual cells can 
be. Clearly one of the most interesting challenges that remains in 
understanding the diversity of all of these sizes and shapes is to get a 
sense of the their functional implications and the evolutionary trajectories 
that gave rise to them.  
 
 
 
 
 
 
 

Figure 3: Protist diversity. This figure illustrates the morphological diversity of free-living 
protists. The various organisms are drawn to scale relative to the head of a pin about 1.5mm 
in diameter. (Adapted from B. J. Finlay, Science 296:1061, 2002.) A gallery of microbial cell 
shapes. These drawings are based upon microscopy images from the original literature and 
are an adaptation from an article by K. Young (2006). (A) Stella strain IFAM1312 (380); All 
images are drawn to the same scale.  

Microbial cell shape and size

Protists

Mammalian cells

Cell Biology by the numbers.  Ron Milo, Rob Phillips, illustrated by Nigel Orme. Garland Science 2012

1.5 mm
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Membrane Tension

Cell Shape and Cell Tension

Cortex Tension

Surface Tension
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• Minimisation of surface energy E
• Minimisation of surface S
• Surface tension

• Thermodynamic description: near equilibrium/quasi-static

d’Arcy W Thompson, On Growth and Form, chapter V, 1917

Cell shape and Surface Tension: Statics

J. Plateau, Statique expérimentale et théorique des liquides…, 1870
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Pattern formation of biological structures involves organizing different types of cells into a spatial configuration. In this study, we
investigate the physical basis of biological patterning of the Drosophila retina in vivo. We demonstrate that E- and N-cadherins
mediate apical adhesion between retina epithelial cells. Differential expression of N-cadherin within a sub-group of retinal cells
(cone cells) causes them to form an overall shape that minimizes their surface contact with surrounding cells. The cells within this
group, in both normal and experimentally manipulated conditions, pack together in the same way as soap bubbles do. The shaping
of the cone cell group and packing of its components precisely imitate the physical tendency for surfaces to be minimized. Thus,
simple patterned expression of N-cadherin results in a complex spatial pattern of cells owing to cellular surface mechanics.

Pattern formation is the process by which cells are spatially arranged
into elaborate biological structures. Whereas significant advances
have been made in understanding how different cell types become
determined, less is understood about how cells are configured into
the characteristic shapes found in many organs. Signal transduction
networks under genetic control are known to regulate cell shape and
form through the cytoskeleton1,2. On the other hand, sporadic
descriptive analysis over the past century has suggested that cells
can be configured bymechanisms following physical principles. The
notion that cells organize themselves within structures that mini-
mize their total surface area is a recurring one.

The similarities between the patterns adopted by simple cell
aggregates and soap bubbles have long been remarked upon3. A
set of rules governing the behaviour of soap bubbles was first
developed by Plateau4. He found that in stable systems of bubbles,
junctions ofmore than three bubbles at a point were never observed.
He observed that three and only three bubbles meet at any junction
within a two-dimensional array of bubbles. The mathematical
and physical justifications for this phenomenon are based on
minimizing surface area for a given group of bubbles5. Plateau
also observed that the meeting point of any three bubbles was
symmetrical. The surface free energy of each of the three contact
surfaces is equal to the others, meaning that the three surfaces meet
at an intersection point, forming angles of 1208 (Fig. 1a). Because
the bubble membranes (soap films) are identical, the interactions
between neighbouring bubbles are identical and little complexity
can be generated by the system. However, many simple tissues and
multicellular aggregates in nature that closely resemble the packing
pattern seen with soap bubbles have been documented3 (Fig. 1b).
This correlation suggested that cells pack together in configurations
that minimize their overall surface area.

A different manifestation of surface minimization is seen when
mixtures of dissociated embryonic cells aggregate in vitro. As first
pointed out by Steinberg6, cells aggregate inways that closely imitate
the mixing of immiscible liquids. When two immiscible liquids are
mixed together, the liquid with the greater surface energy will round
up into a circle or sphere surrounded by the other. This shape
minimizes the liquid’s surface area. Likewise, dissociated cells
migrate and aggregate into an overall spherical shape if they are
able to adhere to one another; this process correlates with the
aggregate’s total surface energy7–9. Thus, a group of cells will adopt
an overall shape that minimizes the group’s surface area.

A wide variety of biological structures might be patterned
following minimization principles. Cells in epithelial sheets and

early embryos join in three-way junctions, as do lobules in a liver.
Epidermal scales and hair follicles are organized as circular struc-
tures, and cell groups within glands frequently adopt circular
shapes. Despite this circumstantial evidence, there is limited experi-
mental data that surface mechanics influences patterning in vivo.
Moreover, many complex biological patterns emerge in epithelia

Figure 1 Pattern formation in different tissues. a, The configuration of three soap
bubbles. The interfaces (a,b,c) are oriented at 1208-angles from each other. b, Packing
symmetry in an eight-cell mollusc embryo40. c, d, Schematic Drosophila ommatidium at

35% of pupal life. Cross-section view at the level of the adherens junction (c), and the side
view is equatorial to the midplane (d). Cone cells (eqc, equatorial; pc, posterior; plc, polar;
ac, anterior) are surrounded by two primary pigment cells (pp) plus secondary pigment

(sp), tertiary pigment (tp) cells and bristles (b). The cone cells sit over a cluster of

photoreceptor cells (R). e, A retina stained with cobalt sulphide. f, An ommatidium with an

arrow marking the junctional interface between cone cells. g, A cluster of four soap

bubbles, with an arrow marking the junctional interface.
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> « Justified » by separation of time scales between molecular and cellular processes?
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amount of work done per unit of surface change:
Biological significance?
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taken with the shutter half opened at 16 frames per second 
(see figs. 6 and 7 in the first paper of this series). The result- 
ing system (B in fig. 1)  with the oil drop inside the egg is 
permanent. The subsequent changes which take place are 
not important for this discussion. The egg may or may not 
undergo cytolysis depending on the size of the oil drop, nature 
of the oil and the nature of the aqueous phase. The oil drop 
also may be partially or complctely ejected. This ejection, 
however, is not spontaneous. 

It is well known that liquid drops upon contact have a 
tendency to coalesce. The energy changes resulting from 
the coalescence of liquid spheres have been determined by 
Taylor ( '21). In a simple case, if the diameters of the 2 drops 

A e 
Fig. 1 A, oil drop in contact with egg's surface before coalescence and 

B, oil drop inside egg following coalescence. I, oil drop; 2, egg, and 3, aqueous 
phase. 

are equal, the drop possessing the higher tension at its surface 
will be engulfed by the drop having the lower tension. The 
resulting energy change, E, will be : 

where S is the surface area of each drop before coalescence; 
S1 is the surface area of the drop following coalescence; Ti13 
and T2/3 are tensions at the surfaces of each drop and TlI2 
is the tension at the interface of the two drops. In  this 
case TIl3 is higher than TZl3, also If the 
surface areas are in square centimeters and the tensions are 
in dynes per centimeter, the energy will be in ergs. 

Since the Arbacia egg engulfs the oil drop it is clear that 
we are dealing with liquid drops. I f  the egg behaved as a 

E = S  (T1/3 f T 2 / 3 ) - ( S T 1 / 2  + S i T 2 / 3 )  

- TZl3 > 
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Energy change

If 2 drops have similar surface S before coalescence, 
and the engulfing drop has surface S1 after coalescence

 and T1/3 > T2/3  and T1/3 - T1/2 > T2/3

350 M. J. KOPAC AND ROBERT CHAMBERS 

solid it would be unable to engulf the oil. Solids possess 
mechanical strength and rigidity. These internal forces would 
resist the tendency of the egg to engulf the oil. If the egg-oil 
system were essentially a solid-liquid system, then the oil 
drop might come to an equilibrium by spreading over the egg 
so as to increase the area of the oil/egg-surface interface. 
This phenomenon has been reported (Dawson and Belkin, '29) 
to occur when the oil drops are applied to the surfaces of 
Amoeba dubia, and we have found it to occur with exovates 
of Asterias ova (see below). 

The potential energy, E,, of system A (fig. 1) calculated 
from its surface forces would be : 

where d, and d2 *are the diameters of the oil drop and egg, 
respectively; TlI3 is the tension at the surface of the oil drop 
and TZl3 is the tension at the surface of the egg. 

E * = T  [di*T1/3 +d, lT2/31  

The potential energy, E, of system B (fig. 1) would be: 
E ~ = T  [&*T1/2 + (a:+&') J T2/31 

where Tl12 is the tension at the surface of the oil in contact 
with cytoplasm. In  this paper and in all succeeding papers of 
this series, the subscripts 1, 2 and 3, always refer to the oil 
drop, egg, and aqueous phase, respectively. 

There are available, at present, sufficient data to permit 
us to evaluate these energy changes. According to Harvey 
('31) and Cole ('32) the tension at the surface of an un- 
fertilized Arbacia egg is approximately 0.2 dyne per centi- 
meter. Harvey and Shapiro ('34) calculated the oil/cyto- 
plasm interfacial tension from the flattening, while under the 
influence of centrifugal acceleration, of an intracellular oil 
vacuole normally present in the mackerel egg. They find that 
the most probable value is 0.6 dyne per centimeter, the range 
being from 0.1 to 2.6 dynes per centimeter. This is the only 
published data available on oil/cytoplasm interfacial tensions. 
Work is now in progress in our laboratory to determine the 
tensions at the oil/cytoplasm interfaces, using various oils 
and echinoderm eggs. I n  our technique of applying oil drops 
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THE COALESCENCE O F  LIVING CELLS WITH 
OIL DROPS 

11. ARBACIA EGGS IMMERSED IN ACID OR ALKALINE CALCIUM 
SOLUTIONS 

M. J. KOPAC AND ROBERT CHAMBERS 
Eli Lilly Research Diuision, Woods Hole, Xassachusetts and Washington Square 

College, New Pork University 

ONE FIQURE 

INTRODUCTION 

The technical details including preliminary treatment and 
subsequent immersion of eggs in experimental solutions, and 
the methods of applying oil drops to these eggs were described 
in the first paper of this series (Chambers and Kopac, '37). In  
this paper the penetration of oil drops into naked, mature and 
unfertilized Arbacia eggs immersed in either acid (pH 6) or  
alkaline (pH 9) calcium chloride solutions is compared 
with eggs immersed in acid sea water (pH 6 and 6.8) and 
natural sea water (pH 8.2). 

The two calcium solutions were prepared by adding appro- 
priate buffers to a solution of calcium chloride made isosmotic 
with Woods Hole sea water. Phosphate and borate buffers 
were added to obtain the acid and alkaline solutions respec- 
tively. These solutions were isosmotic with 97% sea water; 
the concentration of the buffer in them being approximately 
0.015 molar. 

Two oils, namely, olive oil B and oleic acid were used in 
obtaining the data for this series of experiments. Both oils 
were samples of those used in the experiments dealing with 
eggs immersed in sea water (loc. cit.). The tensions at the 
surfaces of these oils in contact with the various aqueous 
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PLATE 1 

Arbacia

Cell Surface Tension: historical evidence

T1/2: 0.6 dyn/cm (=0.6. 10   N/m)
T2/3: 0.2 dyn/cm
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of entry. The importance of accurate data on the sizes of 
penetrating oil drops is brought out in the discussion. 

The average diameters, d,, of the smallest drops (based on 
the measurements of oil drops penetrating fifteen to twenty 
eggs immersed in each of the various experimental fluids) 
penetrating the eggs for  each immersion solution, are sum- 
marized in table 2. When no penetration occurred, the sign, 0, 
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is given in the d, column of the table. Each series as shown 
in table 2 represents the measurements which were obtained 
from one batch within a short period of time (10 to 15 minutes). 
The eggs within a batch behaved very uniformly, but there 
were considerable variations among the various batches of 
eggs used. For  this reason, the different series cannot be 
compared with one another, but the values within a series are 
comparable. 

T1/3: measured for oleic oil/acid

Fusion if EA/EB >1

360 M. J. KOPAO AND ROBERT CHAMBERS 

our present method of measuring the diameters of penetrat- 
ing oil drops. 

Succeeding papers of this series, now in preparation, in- 
clude: 1) determination of tension at the surface of oil drops 
in contact with cytoplasm, 2) determination of tension at the 
surface of naked Arbacia eggs, and 3) a discussion of the 
protoplasmic surface in reference to the existence of extrane- 
ous coatings. 

SUMMARY 

Oil drops penetrate naked Arbacia eggs immersed in acid 
(pH 6 )  or alkaline (pH 9)  calcium chloride solutions with 
greater ease than in acid (pH 6) and natural (pH 8.2) sea 
water. This phenomenon is discussed from the standpoint of 
spontaneous coalescence of liquid spheres. An oil drop ap- 
plied to the egg’s surface gives a system of 2 drops in contact 
which are immersed in an aqueous phase but immiscible with 
it. The potential energy of this system is higher than when 
the oil drop is within the egg. This results from the reduc- 
tion in the tension at the surface of the oil drop when in 
contact with cytoplasm. Therefore, the, oil drop enters spon- 
taneously. The capping phenomenon which occurs with cer- 
tain cells is considered to indicate the presence of a solid 
surface on the cell. I n  those cases where spontaneous coa- 
lescence occurs, the phenomenon is considered to indicate the 
existence of a liquid surface. 
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THE COALESCENCE O F  LIVING CELLS WITH 
OIL DROPS 

I. ARBACIA EGGS IMMERSED IN SEA WATER 

ROBERT CHAMBERS AND M. J. KOPAG 
Eli I illy Research Division, Woods Hole, Nassachwetts and Washington Square 

College, New Pork University 

ONE PLATE (SIXTEEN FIOIJRE6) 

INTRODUCTION 

Chambers ('35) reported that a fresh drop of oil when 
applied to the naked surface of an unfertilized, mature Arbacia 
egg snaps into it. But if the oil drop is allowed to remain a 
few seconds in the sea water before touching the egg surface, 
the penetration of the oil does not occur. Later, Chambers 
('36) reported that with olive oil an increased acidity of the 
sea water (pH 4) greatly enhances the penetration of oil 
into the egg while an  increased alkalinity (pH 9) decreases or 
inhibits the effect. The eggs must be freed of extraneous 
membranes so that the naked protoplasmic surface is exposed. 

We retested this phenomenon by using various oils on eggs 
immersed in sea water buffered at different pH levels. Other 
polar oils behaved similarly to olive oil with respect to the 
pH of the immersion solution. Mineral oils behaved inde- 
pendently of the pH. This behavior immediately suggested 
that the tension at the oil/aqueous-phase interface is an im- 
portant factor which determines whether or not an oil drop 
will penetrate a naked Arbacia egg. It is well known that the 
interfacial tensions of polar oils which contain fatty acids 
become lower when the pH of the aqueous phase is increased. 
The interfacial tensions of pure mineral or other apolar oils 
are independent of pH (Peters, '31 ; Hartridge and Peters, 
722). 
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cytoskeleton in live cells with pharmacological agents that affect actin
dynamics or myosin activity. The different treatments elicited stati-
stically significant morphological changes (Supplementary Fig. 1),
but their extent was rather small. In particular, the natural shape
variation in the population (Fig. 1) was substantially larger than
the shifts induced by any of the perturbations (Supplementary
Fig. 1). Furthermore, whereas the shape of an individual cell can be
significantly affected by such perturbations11, the phase space of cell

shapes under the perturbations tested was nearly identical to that
spanned by the population of unperturbed cells (Supplementary
Fig. 1). This led us to focus on the phenotypic variability in unper-
turbed populations, which, as described, provided significant insight
into the underlying mechanisms of shape determination.

Cell shape is dynamically determined

The natural phenotypic variability described presents a spectrum of
possible functional states of the system. To better characterize these
states, we measured cell speed, area, aspect ratio and other morpho-
logical features in a large number of live cells (Fig. 2a) and correlated
these traits across the population (Fig. 2b; see also the Supplementary
Information). To relate these measures to cellular actin dynamics, we
concurrently examined the distribution of actin filaments along the
leading edge. To visualize actin filaments in live cells, we used low
levels of tetramethylrhodamine (TMR)-derivatized kabiramide C,
which at low concentrations binds as a complex with G-actin to free
barbed ends of actin filaments20,21, so that along the leading edge the
measured fluorescence intensity is proportional to the local density of
filaments.
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Shape mode 3
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2.5% of total variance Shape Mode 4 0.9% of total variance

b

10 µm
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Figure 1 | Keratocyte shapes are described by four primary shape modes.
a, Phase-contrast images of different live keratocytes illustrate the natural
shape variation in the population. b, The first four principal modes of
keratocyte shape variation, as determined by principal components analysis
of 710 aligned outlines of live keratocytes, are shown. These modes—cell
area (shape mode 1), ‘D’ versus ‘canoe’ shape (shape mode 2), cell-body
position (shape mode 3), and left–right asymmetry (shape mode 4)—are
highly reproducible; subsequentmodes seem to be noise. For eachmode, the
mean cell shape is shown alongside reconstructions of shapes one and two
standard deviations away from the mean in each direction along the given
mode. The variation accounted for by each mode is indicated. (Modes one
and two are scaled as in a; modes three and four are 50% smaller.)
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Figure 2 | Quantitative and correlative analysis of keratocyte morphology
and speed. a, The distributions of measures across a population of live
keratocytes (left panels) are contrasted with values through time for 11
individual cells (right). Within each histogram, the population mean6 one
standard deviation is shown by the left vertical bar, whereas the population
mean6 the average standard deviation exhibited by individual cells over
5min is shown by the right bar. b, Significant pair-wise correlations
(P, 0.05; bootstrap confidence intervals) within a population of
keratocytes are diagrammed (left panel). Two additional measures are
included: front roughness, which measures the local irregularity of the
leading edge, and actin ratio, which represents the peakedness of the actin
distribution along the leading edge. The correlations indicate that, apart
from size differences, cells lie along a single phenotypic continuum (right
panel), from ‘decoherent’ to ‘coherent’. Decoherent cells move slowly and
assume rounded shapes with low aspect ratios and high lamellipodial
curvatures. The actin network is less ordered, with ragged leading edges and
low actin ratios. Coherent cells move faster and have lower lamellipodial
curvature. The actin network is highly ordered with smooth leading edges
and high actin ratios. c, Phase-contrast images depict a cell transiently
treated with DMSO (Supplementary Movie 1), which caused a reversible
inhibition of motility and loss of the lamellipodium. Images shown
correspond to before (20 s), during (610 s) and two time points after (830 s
and 1,230 s) the perturbation. d, Time traces of area, aspect ratio and speed
for the cell in c show that shape and speed are regained post perturbation.
Dashed lines show time points from c; arrowheads indicate the time of
perturbation. e, Area, aspect ratio and speed of nine cells are shown as
averages obtained from one-minute windows before, during and after
DMSO treatment (shown sequentially from left to right for each cell). The
cell shown in c and d is highlighted.
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However: Cell shape is dynamically determined

cytoskeleton in live cells with pharmacological agents that affect actin
dynamics or myosin activity. The different treatments elicited stati-
stically significant morphological changes (Supplementary Fig. 1),
but their extent was rather small. In particular, the natural shape
variation in the population (Fig. 1) was substantially larger than
the shifts induced by any of the perturbations (Supplementary
Fig. 1). Furthermore, whereas the shape of an individual cell can be
significantly affected by such perturbations11, the phase space of cell

shapes under the perturbations tested was nearly identical to that
spanned by the population of unperturbed cells (Supplementary
Fig. 1). This led us to focus on the phenotypic variability in unper-
turbed populations, which, as described, provided significant insight
into the underlying mechanisms of shape determination.

Cell shape is dynamically determined

The natural phenotypic variability described presents a spectrum of
possible functional states of the system. To better characterize these
states, we measured cell speed, area, aspect ratio and other morpho-
logical features in a large number of live cells (Fig. 2a) and correlated
these traits across the population (Fig. 2b; see also the Supplementary
Information). To relate these measures to cellular actin dynamics, we
concurrently examined the distribution of actin filaments along the
leading edge. To visualize actin filaments in live cells, we used low
levels of tetramethylrhodamine (TMR)-derivatized kabiramide C,
which at low concentrations binds as a complex with G-actin to free
barbed ends of actin filaments20,21, so that along the leading edge the
measured fluorescence intensity is proportional to the local density of
filaments.
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Figure 1 | Keratocyte shapes are described by four primary shape modes.
a, Phase-contrast images of different live keratocytes illustrate the natural
shape variation in the population. b, The first four principal modes of
keratocyte shape variation, as determined by principal components analysis
of 710 aligned outlines of live keratocytes, are shown. These modes—cell
area (shape mode 1), ‘D’ versus ‘canoe’ shape (shape mode 2), cell-body
position (shape mode 3), and left–right asymmetry (shape mode 4)—are
highly reproducible; subsequentmodes seem to be noise. For eachmode, the
mean cell shape is shown alongside reconstructions of shapes one and two
standard deviations away from the mean in each direction along the given
mode. The variation accounted for by each mode is indicated. (Modes one
and two are scaled as in a; modes three and four are 50% smaller.)
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Figure 2 | Quantitative and correlative analysis of keratocyte morphology
and speed. a, The distributions of measures across a population of live
keratocytes (left panels) are contrasted with values through time for 11
individual cells (right). Within each histogram, the population mean6 one
standard deviation is shown by the left vertical bar, whereas the population
mean6 the average standard deviation exhibited by individual cells over
5min is shown by the right bar. b, Significant pair-wise correlations
(P, 0.05; bootstrap confidence intervals) within a population of
keratocytes are diagrammed (left panel). Two additional measures are
included: front roughness, which measures the local irregularity of the
leading edge, and actin ratio, which represents the peakedness of the actin
distribution along the leading edge. The correlations indicate that, apart
from size differences, cells lie along a single phenotypic continuum (right
panel), from ‘decoherent’ to ‘coherent’. Decoherent cells move slowly and
assume rounded shapes with low aspect ratios and high lamellipodial
curvatures. The actin network is less ordered, with ragged leading edges and
low actin ratios. Coherent cells move faster and have lower lamellipodial
curvature. The actin network is highly ordered with smooth leading edges
and high actin ratios. c, Phase-contrast images depict a cell transiently
treated with DMSO (Supplementary Movie 1), which caused a reversible
inhibition of motility and loss of the lamellipodium. Images shown
correspond to before (20 s), during (610 s) and two time points after (830 s
and 1,230 s) the perturbation. d, Time traces of area, aspect ratio and speed
for the cell in c show that shape and speed are regained post perturbation.
Dashed lines show time points from c; arrowheads indicate the time of
perturbation. e, Area, aspect ratio and speed of nine cells are shown as
averages obtained from one-minute windows before, during and after
DMSO treatment (shown sequentially from left to right for each cell). The
cell shown in c and d is highlighted.
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• Low dimensionality of cell shape: 4 modes.
• « Morpho-space » of cells (ie. occupied by functional states) 
    is a small fraction of theoretical shape-space.
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Cell shape is dynamically determined

Keren K. et al, Mogilner A. and Theriot J., Nature, 453:475 (2008) 

• Cells exhibit low variability of shape over time  (despite high cell-cell variability in population)cytoskeleton in live cells with pharmacological agents that affect actin
dynamics or myosin activity. The different treatments elicited stati-
stically significant morphological changes (Supplementary Fig. 1),
but their extent was rather small. In particular, the natural shape
variation in the population (Fig. 1) was substantially larger than
the shifts induced by any of the perturbations (Supplementary
Fig. 1). Furthermore, whereas the shape of an individual cell can be
significantly affected by such perturbations11, the phase space of cell

shapes under the perturbations tested was nearly identical to that
spanned by the population of unperturbed cells (Supplementary
Fig. 1). This led us to focus on the phenotypic variability in unper-
turbed populations, which, as described, provided significant insight
into the underlying mechanisms of shape determination.

Cell shape is dynamically determined

The natural phenotypic variability described presents a spectrum of
possible functional states of the system. To better characterize these
states, we measured cell speed, area, aspect ratio and other morpho-
logical features in a large number of live cells (Fig. 2a) and correlated
these traits across the population (Fig. 2b; see also the Supplementary
Information). To relate these measures to cellular actin dynamics, we
concurrently examined the distribution of actin filaments along the
leading edge. To visualize actin filaments in live cells, we used low
levels of tetramethylrhodamine (TMR)-derivatized kabiramide C,
which at low concentrations binds as a complex with G-actin to free
barbed ends of actin filaments20,21, so that along the leading edge the
measured fluorescence intensity is proportional to the local density of
filaments.
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Figure 1 | Keratocyte shapes are described by four primary shape modes.
a, Phase-contrast images of different live keratocytes illustrate the natural
shape variation in the population. b, The first four principal modes of
keratocyte shape variation, as determined by principal components analysis
of 710 aligned outlines of live keratocytes, are shown. These modes—cell
area (shape mode 1), ‘D’ versus ‘canoe’ shape (shape mode 2), cell-body
position (shape mode 3), and left–right asymmetry (shape mode 4)—are
highly reproducible; subsequentmodes seem to be noise. For eachmode, the
mean cell shape is shown alongside reconstructions of shapes one and two
standard deviations away from the mean in each direction along the given
mode. The variation accounted for by each mode is indicated. (Modes one
and two are scaled as in a; modes three and four are 50% smaller.)
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Figure 2 | Quantitative and correlative analysis of keratocyte morphology
and speed. a, The distributions of measures across a population of live
keratocytes (left panels) are contrasted with values through time for 11
individual cells (right). Within each histogram, the population mean6 one
standard deviation is shown by the left vertical bar, whereas the population
mean6 the average standard deviation exhibited by individual cells over
5min is shown by the right bar. b, Significant pair-wise correlations
(P, 0.05; bootstrap confidence intervals) within a population of
keratocytes are diagrammed (left panel). Two additional measures are
included: front roughness, which measures the local irregularity of the
leading edge, and actin ratio, which represents the peakedness of the actin
distribution along the leading edge. The correlations indicate that, apart
from size differences, cells lie along a single phenotypic continuum (right
panel), from ‘decoherent’ to ‘coherent’. Decoherent cells move slowly and
assume rounded shapes with low aspect ratios and high lamellipodial
curvatures. The actin network is less ordered, with ragged leading edges and
low actin ratios. Coherent cells move faster and have lower lamellipodial
curvature. The actin network is highly ordered with smooth leading edges
and high actin ratios. c, Phase-contrast images depict a cell transiently
treated with DMSO (Supplementary Movie 1), which caused a reversible
inhibition of motility and loss of the lamellipodium. Images shown
correspond to before (20 s), during (610 s) and two time points after (830 s
and 1,230 s) the perturbation. d, Time traces of area, aspect ratio and speed
for the cell in c show that shape and speed are regained post perturbation.
Dashed lines show time points from c; arrowheads indicate the time of
perturbation. e, Area, aspect ratio and speed of nine cells are shown as
averages obtained from one-minute windows before, during and after
DMSO treatment (shown sequentially from left to right for each cell). The
cell shown in c and d is highlighted.
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• Cell shape is independent of cell history: reflects a self-organized dynamics and the 
invariant value of a few cell parameters: e.g. available membrane, concentration of actin 
network components.

Transient DMSO treatment: lamellipodium collapse

cytoskeleton in live cells with pharmacological agents that affect actin
dynamics or myosin activity. The different treatments elicited stati-
stically significant morphological changes (Supplementary Fig. 1),
but their extent was rather small. In particular, the natural shape
variation in the population (Fig. 1) was substantially larger than
the shifts induced by any of the perturbations (Supplementary
Fig. 1). Furthermore, whereas the shape of an individual cell can be
significantly affected by such perturbations11, the phase space of cell

shapes under the perturbations tested was nearly identical to that
spanned by the population of unperturbed cells (Supplementary
Fig. 1). This led us to focus on the phenotypic variability in unper-
turbed populations, which, as described, provided significant insight
into the underlying mechanisms of shape determination.

Cell shape is dynamically determined

The natural phenotypic variability described presents a spectrum of
possible functional states of the system. To better characterize these
states, we measured cell speed, area, aspect ratio and other morpho-
logical features in a large number of live cells (Fig. 2a) and correlated
these traits across the population (Fig. 2b; see also the Supplementary
Information). To relate these measures to cellular actin dynamics, we
concurrently examined the distribution of actin filaments along the
leading edge. To visualize actin filaments in live cells, we used low
levels of tetramethylrhodamine (TMR)-derivatized kabiramide C,
which at low concentrations binds as a complex with G-actin to free
barbed ends of actin filaments20,21, so that along the leading edge the
measured fluorescence intensity is proportional to the local density of
filaments.
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Figure 1 | Keratocyte shapes are described by four primary shape modes.
a, Phase-contrast images of different live keratocytes illustrate the natural
shape variation in the population. b, The first four principal modes of
keratocyte shape variation, as determined by principal components analysis
of 710 aligned outlines of live keratocytes, are shown. These modes—cell
area (shape mode 1), ‘D’ versus ‘canoe’ shape (shape mode 2), cell-body
position (shape mode 3), and left–right asymmetry (shape mode 4)—are
highly reproducible; subsequentmodes seem to be noise. For eachmode, the
mean cell shape is shown alongside reconstructions of shapes one and two
standard deviations away from the mean in each direction along the given
mode. The variation accounted for by each mode is indicated. (Modes one
and two are scaled as in a; modes three and four are 50% smaller.)
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Figure 2 | Quantitative and correlative analysis of keratocyte morphology
and speed. a, The distributions of measures across a population of live
keratocytes (left panels) are contrasted with values through time for 11
individual cells (right). Within each histogram, the population mean6 one
standard deviation is shown by the left vertical bar, whereas the population
mean6 the average standard deviation exhibited by individual cells over
5min is shown by the right bar. b, Significant pair-wise correlations
(P, 0.05; bootstrap confidence intervals) within a population of
keratocytes are diagrammed (left panel). Two additional measures are
included: front roughness, which measures the local irregularity of the
leading edge, and actin ratio, which represents the peakedness of the actin
distribution along the leading edge. The correlations indicate that, apart
from size differences, cells lie along a single phenotypic continuum (right
panel), from ‘decoherent’ to ‘coherent’. Decoherent cells move slowly and
assume rounded shapes with low aspect ratios and high lamellipodial
curvatures. The actin network is less ordered, with ragged leading edges and
low actin ratios. Coherent cells move faster and have lower lamellipodial
curvature. The actin network is highly ordered with smooth leading edges
and high actin ratios. c, Phase-contrast images depict a cell transiently
treated with DMSO (Supplementary Movie 1), which caused a reversible
inhibition of motility and loss of the lamellipodium. Images shown
correspond to before (20 s), during (610 s) and two time points after (830 s
and 1,230 s) the perturbation. d, Time traces of area, aspect ratio and speed
for the cell in c show that shape and speed are regained post perturbation.
Dashed lines show time points from c; arrowheads indicate the time of
perturbation. e, Area, aspect ratio and speed of nine cells are shown as
averages obtained from one-minute windows before, during and after
DMSO treatment (shown sequentially from left to right for each cell). The
cell shown in c and d is highlighted.
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cytoskeleton in live cells with pharmacological agents that affect actin
dynamics or myosin activity. The different treatments elicited stati-
stically significant morphological changes (Supplementary Fig. 1),
but their extent was rather small. In particular, the natural shape
variation in the population (Fig. 1) was substantially larger than
the shifts induced by any of the perturbations (Supplementary
Fig. 1). Furthermore, whereas the shape of an individual cell can be
significantly affected by such perturbations11, the phase space of cell

shapes under the perturbations tested was nearly identical to that
spanned by the population of unperturbed cells (Supplementary
Fig. 1). This led us to focus on the phenotypic variability in unper-
turbed populations, which, as described, provided significant insight
into the underlying mechanisms of shape determination.

Cell shape is dynamically determined

The natural phenotypic variability described presents a spectrum of
possible functional states of the system. To better characterize these
states, we measured cell speed, area, aspect ratio and other morpho-
logical features in a large number of live cells (Fig. 2a) and correlated
these traits across the population (Fig. 2b; see also the Supplementary
Information). To relate these measures to cellular actin dynamics, we
concurrently examined the distribution of actin filaments along the
leading edge. To visualize actin filaments in live cells, we used low
levels of tetramethylrhodamine (TMR)-derivatized kabiramide C,
which at low concentrations binds as a complex with G-actin to free
barbed ends of actin filaments20,21, so that along the leading edge the
measured fluorescence intensity is proportional to the local density of
filaments.
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2.5% of total variance Shape Mode 4 0.9% of total variance
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a

Figure 1 | Keratocyte shapes are described by four primary shape modes.
a, Phase-contrast images of different live keratocytes illustrate the natural
shape variation in the population. b, The first four principal modes of
keratocyte shape variation, as determined by principal components analysis
of 710 aligned outlines of live keratocytes, are shown. These modes—cell
area (shape mode 1), ‘D’ versus ‘canoe’ shape (shape mode 2), cell-body
position (shape mode 3), and left–right asymmetry (shape mode 4)—are
highly reproducible; subsequentmodes seem to be noise. For eachmode, the
mean cell shape is shown alongside reconstructions of shapes one and two
standard deviations away from the mean in each direction along the given
mode. The variation accounted for by each mode is indicated. (Modes one
and two are scaled as in a; modes three and four are 50% smaller.)
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Figure 2 | Quantitative and correlative analysis of keratocyte morphology
and speed. a, The distributions of measures across a population of live
keratocytes (left panels) are contrasted with values through time for 11
individual cells (right). Within each histogram, the population mean6 one
standard deviation is shown by the left vertical bar, whereas the population
mean6 the average standard deviation exhibited by individual cells over
5min is shown by the right bar. b, Significant pair-wise correlations
(P, 0.05; bootstrap confidence intervals) within a population of
keratocytes are diagrammed (left panel). Two additional measures are
included: front roughness, which measures the local irregularity of the
leading edge, and actin ratio, which represents the peakedness of the actin
distribution along the leading edge. The correlations indicate that, apart
from size differences, cells lie along a single phenotypic continuum (right
panel), from ‘decoherent’ to ‘coherent’. Decoherent cells move slowly and
assume rounded shapes with low aspect ratios and high lamellipodial
curvatures. The actin network is less ordered, with ragged leading edges and
low actin ratios. Coherent cells move faster and have lower lamellipodial
curvature. The actin network is highly ordered with smooth leading edges
and high actin ratios. c, Phase-contrast images depict a cell transiently
treated with DMSO (Supplementary Movie 1), which caused a reversible
inhibition of motility and loss of the lamellipodium. Images shown
correspond to before (20 s), during (610 s) and two time points after (830 s
and 1,230 s) the perturbation. d, Time traces of area, aspect ratio and speed
for the cell in c show that shape and speed are regained post perturbation.
Dashed lines show time points from c; arrowheads indicate the time of
perturbation. e, Area, aspect ratio and speed of nine cells are shown as
averages obtained from one-minute windows before, during and after
DMSO treatment (shown sequentially from left to right for each cell). The
cell shown in c and d is highlighted.
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Single Phenotypic continuum

• Cells evolve along single phenotypic continuum: decoherent — coherent states
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Cell shape is dynamically determined

Keren K. et al, Mogilner A. and Theriot J., Nature, 453:475 (2008) 

• What is the underlying mechanical model?
• It depends on:

- Properties of the membrane
- Properties of the underlying actin cytoskeleton
- Interactions between the membrane and the actin cortex

• Cell shape seems to emerge from intermolecular dynamics 
     as a steady state solution: dynamic stability of shape
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Single Cell Tension

Ramkumar N. and Baum B. Nature Rev. Mol. Cell Biol, 2016 

Membrane tension and membrane area are intimately
related. The cell controls membrane tension by modulation
of membrane area and cytoskeletal attachment. Mem-
brane area is first dependent on overall cell shape and
particularly the presence of membrane superstructures,
either supported (e.g., ruffles) or unsupported (e.g., early
forming blebs) by the underlying cytoskeleton. Mem-
brane area is also regulated by membrane trafficking,
with exocytosis and endocytosis expanding or reducing
the surface, respectively. Thus membrane remodeling
and trafficking emerge as key players in controlling cell
shape and migration. Although hundreds of proteins and
lipids have been shown to move in and out of the plasma
membrane during motility or shape changes, it is only
recently that membrane area as a simple physical pa-
rameter has re-emerged [12] as a critical factor in cell
function. In this review, we focus on the regulation of
membrane area and tension, particularly highlighting
the nature of the membrane ‘buffer’ or ‘reservoirs’ and
the membrane trafficking pathways implicated. We also
discuss how an endocytic recycling pathway, defined as a
non-clathrin, non-caveolar pathway, emerges as the ‘de-
fault’ pathway for the cell to rapidly and efficiently
retrieve and recycle membrane area directly under the
control of membrane tension.

Plasma membrane area and plasma membrane
reservoir
As cells change shape, the plasma membrane has to adapt
to the new shape and the membrane area must be redis-
tributed accordingly. This redistribution comes primarily
from the readily available membrane reservoir, or buffer,
present at the surface of the cell in the form of membrane
superstructures [5,13,14].

Membrane folds
During rapid shape changes, the total plasma membrane
area of the cell may remain constant, but membrane will
redistribute toward protruding regions. This phenomenon
is very clear during cell spreading [5] (Figures 1a and 2) or
phagocytosis [15]. Membrane area requirements are pro-
vided through the depletion of existing reservoirs at the
surface in the form of large folds (several micrometers and
visualized by impermeable membrane dyes) without addi-
tion of membrane through exocytosis [5]. This type of
reservoir, although still not well defined, is morphological-
ly similar to microvilli, filipodia, or membrane ruffles
(Figure 1a,b) [5], which are supported by the actin cyto-
skeleton. Why the actin cytoskeleton under those reser-
voirs will disassemble whereas the actin in the protruding
parts of the cell pushes the membrane forward with almost

Box 1. Tension or tension

Cortical tension, the tension state of the cell, membrane tension. . .
Research articles often refer to tension, but it is not always clear
which particular tension is really relevant, particularly with experi-
mental approaches that record parameters in which several types of
cell-mediated tension could be involved (e.g., atomic force micro-
scopy, optical or magnetic tweezers, force sensing devices like arrays
of micro-pillars). In addition to membrane tension (black arrows,
Figure I), in the scope of this review, some tension concepts need to
be defined and interconnections outlined, particularly the notion of
cortical tension and the tension that the cell is able to exert on the
extracellular environment.

Cortical tension (Figure I, red arrows) is mainly due to the actin
cytoskeleton attached to the plasma membrane at the cell cortex. This
actin cytoskeleton can either contract or relax. These fluctuations in
contractility depend on the amount of crosslinking proteins in the
meshwork (filamin, a-actinin) and rely on the balance between actin
polymerization rates and the activities of motor proteins such as
myosin. However, the cortical cytoskeleton is only (directly or
indirectly) attached to cell elements (mainly the plasma membrane)

and not to an external substrate. As such, cortical tension has a huge
influence on membrane tension. If the cytoskeleton contracts inward
(i.e., toward the cell center), cortical tension rises. Assuming cell
shape and volume are maintained, membrane tension will spike and
ultimately will be balanced by local membrane detachment from the
cytoskeleton, inducing blebbing.

By contrast, the cell is able to remodel its extracellular environment
by attaching and exerting tension on it. The actin cytoskeleton
machinery is also responsible for this type of tension (Figure I, blue
arrows). As opposed to cortical tension, the tension is here directed
against the substrate and modulates only weakly membrane or cortical
tension, particularly when attachments to the substrate are strong and
very mature (focal adhesion with large and strong stress fibers).

The balance between these two types of cell-mediated tension is
well illustrated during mitosis (Figure I). When cells round up during
mitosis, as tension onto the substrate weakens [57], cells use cortical
tension as a feedback loop to control shape and divide properly [56].
Accordingly, membrane tension is higher in mitosis than in
interphase [13].

MitosisInterphase Cell rounding

Cor!cal tension

Tension on the substrateMembrane tensionKey:

Ac!n cytoskeleton

Adhesions

TRENDS in Cell Biology 

Figure I. Cell-mediated tension during transition from interphase to mitosis.
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• Cell shape changes are associated with changes in tension on substrate 
> cell division

Traction Force Microscopy

Traction Force Microscopy

Forces derived from displacement of beads in viscoelastic gel
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Single Cell Tension

Membrane tension and membrane area are intimately
related. The cell controls membrane tension by modulation
of membrane area and cytoskeletal attachment. Mem-
brane area is first dependent on overall cell shape and
particularly the presence of membrane superstructures,
either supported (e.g., ruffles) or unsupported (e.g., early
forming blebs) by the underlying cytoskeleton. Mem-
brane area is also regulated by membrane trafficking,
with exocytosis and endocytosis expanding or reducing
the surface, respectively. Thus membrane remodeling
and trafficking emerge as key players in controlling cell
shape and migration. Although hundreds of proteins and
lipids have been shown to move in and out of the plasma
membrane during motility or shape changes, it is only
recently that membrane area as a simple physical pa-
rameter has re-emerged [12] as a critical factor in cell
function. In this review, we focus on the regulation of
membrane area and tension, particularly highlighting
the nature of the membrane ‘buffer’ or ‘reservoirs’ and
the membrane trafficking pathways implicated. We also
discuss how an endocytic recycling pathway, defined as a
non-clathrin, non-caveolar pathway, emerges as the ‘de-
fault’ pathway for the cell to rapidly and efficiently
retrieve and recycle membrane area directly under the
control of membrane tension.

Plasma membrane area and plasma membrane
reservoir
As cells change shape, the plasma membrane has to adapt
to the new shape and the membrane area must be redis-
tributed accordingly. This redistribution comes primarily
from the readily available membrane reservoir, or buffer,
present at the surface of the cell in the form of membrane
superstructures [5,13,14].

Membrane folds
During rapid shape changes, the total plasma membrane
area of the cell may remain constant, but membrane will
redistribute toward protruding regions. This phenomenon
is very clear during cell spreading [5] (Figures 1a and 2) or
phagocytosis [15]. Membrane area requirements are pro-
vided through the depletion of existing reservoirs at the
surface in the form of large folds (several micrometers and
visualized by impermeable membrane dyes) without addi-
tion of membrane through exocytosis [5]. This type of
reservoir, although still not well defined, is morphological-
ly similar to microvilli, filipodia, or membrane ruffles
(Figure 1a,b) [5], which are supported by the actin cyto-
skeleton. Why the actin cytoskeleton under those reser-
voirs will disassemble whereas the actin in the protruding
parts of the cell pushes the membrane forward with almost

Box 1. Tension or tension

Cortical tension, the tension state of the cell, membrane tension. . .
Research articles often refer to tension, but it is not always clear
which particular tension is really relevant, particularly with experi-
mental approaches that record parameters in which several types of
cell-mediated tension could be involved (e.g., atomic force micro-
scopy, optical or magnetic tweezers, force sensing devices like arrays
of micro-pillars). In addition to membrane tension (black arrows,
Figure I), in the scope of this review, some tension concepts need to
be defined and interconnections outlined, particularly the notion of
cortical tension and the tension that the cell is able to exert on the
extracellular environment.

Cortical tension (Figure I, red arrows) is mainly due to the actin
cytoskeleton attached to the plasma membrane at the cell cortex. This
actin cytoskeleton can either contract or relax. These fluctuations in
contractility depend on the amount of crosslinking proteins in the
meshwork (filamin, a-actinin) and rely on the balance between actin
polymerization rates and the activities of motor proteins such as
myosin. However, the cortical cytoskeleton is only (directly or
indirectly) attached to cell elements (mainly the plasma membrane)

and not to an external substrate. As such, cortical tension has a huge
influence on membrane tension. If the cytoskeleton contracts inward
(i.e., toward the cell center), cortical tension rises. Assuming cell
shape and volume are maintained, membrane tension will spike and
ultimately will be balanced by local membrane detachment from the
cytoskeleton, inducing blebbing.

By contrast, the cell is able to remodel its extracellular environment
by attaching and exerting tension on it. The actin cytoskeleton
machinery is also responsible for this type of tension (Figure I, blue
arrows). As opposed to cortical tension, the tension is here directed
against the substrate and modulates only weakly membrane or cortical
tension, particularly when attachments to the substrate are strong and
very mature (focal adhesion with large and strong stress fibers).

The balance between these two types of cell-mediated tension is
well illustrated during mitosis (Figure I). When cells round up during
mitosis, as tension onto the substrate weakens [57], cells use cortical
tension as a feedback loop to control shape and divide properly [56].
Accordingly, membrane tension is higher in mitosis than in
interphase [13].
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Figure I. Cell-mediated tension during transition from interphase to mitosis.
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• Cells experience different kinds of tension

Gauthier N., Masters T. and Sheetz M. Trends in Cell Biol, 22:527. 2012 
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Figure 1. Probing the cell membrane. Representation of a moving cell, showing the acto-myosin organization in the most important
structures in a moving cell: cell cortex, blebs, lamellipodia and filopodia. The main techniques for probing cell membrane and cortex
properties are shown: (a) micropipette aspiration, with an inset concerning the Laplace law used to analyze the experiment, (b) tether
pulling, with the equation relating the tension of the bilayer (σ ) to its bending stiffness (κ) and the tether force (f ) as measured by an optical
trap and (c) interferometry, which measures spontaneous fluctuations of the cell membrane with high spatio-temporal resolution using an
optical trap. Zooms on the cortex and on the base of the tether show the actin network interspersed with myosin minifilaments and bound to
the membrane via links such as ezrin.

membrane that is no longer connected to the actin cytoskeleton
(figure 1) [8, 9]. The free membrane expands outward, and
subsequently the acto-myosin cytoskeleton reforms at the
bleb membrane. The protrusion thus produced can be used
by the cell to pull itself forward, particularly in confined
environments [10]. Lamellipodia (polymerization-based) and
blebs (contraction-based) can co-exist, or combine to give
hybrid modes such as the lobopodia [11].

The close association of the actin cytoskeleton and the
cell membrane means that the membrane could affect the
cytoskeleton for purely mechanical reasons, unrelated to the
role of the membrane in biochemical signaling cascades.
There have been several excellent reviews concerning this
subject[12–14], and our goal here is to provide the latest update
on evolutions in the field over the past few years.

2. Introduction to membrane mechanics

2.1. Energy of membrane deformation

One of the main mechanical characteristics of a membrane
is its bending stiffness κ . The bending stiffness resists the
generation of local membrane curvature, and is a constitutive
parameter that depends on the local composition of the
membrane. The membrane bending energy (per unit area)
can be described by the following expression, dependent on
the bending stiffness and the square of the local membrane
curvature (C): Ebend = (κ/2)C2. Membrane bending stiffness
is generally a few times the thermal energy, around 20 kBT

with kBT ≈ 4 × 10−21 J or 4 pN nm at 24 ◦C, as discussed in
section 2.3.2. Moderate membrane bending therefore occurs

2

Sens P and Plastino J. J. Phys.: Condens. Matter. 27:273103. 2015

Membrane vs Cortical Tension

• Micropipette aspiration:
  -measures chiefly cortical tension

Fibroblasts in suspension:
~400pN/µm in intact cells
~40pN/µm with actin depolymerisation

• Tether pulling:
  -measures membrane tension:
    can extract in-plane tension when no
    actin (bleb, drug)
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Membrane tension measurements: tether forces
FORUM 

Lipid vesicle 

03 Red cell Tether 

Membraie skeleton No mem&ane skeleton 

FIGURE 1 
Diagram illustrating the two mechanisms whereby tether force is generated and 

how tether force can be measured rapidly by the laser tweezers. (a) A bilayer 
tension (T,) is created by a suction pressure (AP) applied to a lipid vesicle that 

results in a tether force (fJ of a magnitude defined by equation (1) that is 
balanced by a force on the bead (fd. The relationship between the pipette 

suction pressure and the tension is given by T,= APD,r,/2(2r,-D,), where D, is 
the diameter of the pipette and r, is the radius of the vesicle. (b) The tether force 

in red cells results from the separation of the fluid tether bilayer from the 
membrane skeleton. (c) A tether formed with a laser tweezer on a rat basophilic 

leukaemia cell. The diagram on the right illustrates how the tether force is 
balanced by the force of the laser tweezers on the bead. The tether force is 

calculated from the displacement of the bead from the centre of the tweezers (Ar). 

Definition of membrane tension 
Tension can be created in unilamellar lipid vesicles 

by the application of a suction pressure through an 
attached micropipette. When a small bead is attached 

86 

to the bilayer surface and pulled away from the 
surface, a thin bilayer tube or tether is generated (see 
Fig. la). The force pulling the bead back onto the 
membrane has been experimentally related to ten- 
sion, and the mathematical relationship has been 
derived for several vesicle geometries5j6. Tether forces 
in cells are more difficult to understand because there 
can be a major contribution to the tension from 
membrane-cytoskeleton adhesion. This is best illus- 
trated by measurements made on erythrocytes, 
which have excess membrane so that they can 
deform, and a flexible cytoskeleton. As a conse- 
quence, their membranes have little or no tension. 
Erythrocytes do have an extensive membrane- 
attached cytoskeleton, and, when tethers are formed, 
the tether forces can reach nearly 50 pN (Ref. 7; see 
Fig. 1). Because cytoskeletal proteins are not pulled 
into the tethers, this indicates that the membrane is 
strongly adherent to the cytoskeleton. In other 
words, the separation of the tether membrane from 
the cytoskeleton puts it into a higher energy state. 
The free-energy difference between lipid in the tether 
and that in the membrane will draw lipid back onto 
the membrane, thereby creating a retractile force on 
the tether. This is analogous to the pressure that 
water creates across a semipermeable membrane, and 
has been described as a membrane osmotic pressure3. 
Thus, both an in-plane tension and membrane-cyto- 
skeleton interaction can contribute to the tether force. 

In considering whether in-plane tension can be 
separated from the membrane-cytoskeleton contri- 
bution to tether force, there are major difficulties in 
cells with complex shapes. Most cells contain folds 
or invaginations. If the in-plane tension exceeds the 
adhesive force between the membrane and the 
cytoskeleton, then the membrane pulls away from 
portions of the cytoskeleton, as shown in Figure 2. 
This explains the very slow change of tether force 
with tether length that is observed experimentally; 
however, it means that in-plane tension and mem- 
brane-cytoskeleton adhesion are linked. Conse- 
quently, we have combined both into a single mem- 
brane tension term (T,). In addition, the bending 
stiffness (B) of the membrane resists tether for- 
mation. A simplified treatment of the relationship 
between the tether force (f,), bending stiffness (B) 
and membrane tension (T,) is given below: 

f,, = 2nR;T, + nB/R, (1) 

where R, is the radius of the tether4. Because the con- 
tributions from bending stiffness and membrane ten- 
sion are equa14, the same equation can be used to 
determine both membrane tension and bending stiff- 
ness from measurements of the tether force and 
tether radius, or to remove the tether radius from the 
equation: 

f 0 = 2?rz/2BT, (2) 

If the bending stiffness stays constant, then the ratio 
of membrane tensions (Tml/Tmz) is given by: 

T,JTm2 = (fol&,z)z (3) 

trends in CELL BIOLOGY (Vol. 6) March 1996 

Sheetz M. and Dad J.  Trends Cell Biol. 6:85. 1996 

Membrane tension

Fmin=( ktrap kB T)
½
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Mechanics of the plasma membrane

Biophysical Journal Volume 70 January 1996 358-369

Deformation and Flow of Membrane into Tethers Extracted from
Neuronal Growth Cones

Robert M. Hochmuth,* Jin-Yu Shao,* Jianwu Dai,l: and Michael P. Sheetzt
*Department of Mechanical Engineering and Materials Science and *Department of Cell Biology, Duke University,
Durham, North Carolina 27708 USA

ABSTRACT Membrane tethers are extracted at constant velocity from neuronal growth cones using a force generated by
a laser tweezers trap. A thermodynamic analysis shows that as the tether is extended, energy is stored in the tether as
bending and adhesion energies and in the cell body as "nonlocal" bending. It is postulated that energy is dissipated by three
viscous mechanisms including membrane flow, slip between the two monolayers that form the bilayer, and slip between
membrane and cytoskeleton. The analysis predicts and the experiments show a linear relation between tether force and tether
velocity. Calculations based on the analytical results and the experimental measurements of a tether radius of -0.2 Am and
a tether force at zero velocity of -8 pN give a bending modulus for the tether of 2.7 x 10-19 N-m and an extraordinarily small
"apparent surface tension" in the growth cone of 0.003 mN/m, where the apparent surface tension is the sum of the far-field,
in-plane tension and the energy of adhesion. Treatments with cytochalasin B and D, ethanol, and nocodazole affect the
apparent surface tension but not bending. ATP depletion affects neither, whereas large concentrations of DMSO affect both.
Under conditions of flow, data are presented to show that the dominant viscous mechanism comes from the slip that occurs
when the membrane flows over the cytoskeleton. ATP depletion and the treatment with DMSO cause a dramatic drop in the
effective viscosity. If it is postulated that the slip between membrane and cytoskeleton occurs in a film of water, then this
water film has a mean thickness of only -10 A.

INTRODUCTION
Highly curved membrane cylinders, called "tethers"
(Fig. 1), are readily extracted from man-made vesicles
(Waugh, 1982) and from living cells, including red cells
(Hochmuth et al., 1973, 1982) and neuronal growth cones
(Dai and Sheetz, 1995a). Tether diameters can be smaller
than 10 nm (Hochmuth et. al, 1983) and larger than 100 nm
(Dai and Sheetz, 1995a) and are observed to decrease in
value as the tension exerted on the membrane in the "far
field," far from the tether, is increased (Hochmuth et al.,
1983; Evans and Yeung, 1994). When tethers are extracted
from neuronal growth cones (Dai and Sheetz, 1995a) and
from vesicles while the far-field tension is held constant
(Evans and Yeung, 1994), the force on the tether in-
creases linearly with the velocity of extraction, which
indicates that the viscous resistance in this process is
linear, or "Newtonian." However, even though the force
increases with velocity, the diameter of the tether remains
constant for tethers extracted both from simple vesicles
(Evans and Yeung, 1994) and from neuronal growth
cones.
An analysis of the tether-formation process is important

for several reasons. First, it allows the bending rigidity of
highly curved membranes to be calculated. Second, it leads
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the membrane. The apparent surface tension, in turn, be-
comes a sensitive measure of secretion because when se-
creting cells are stimulated a significant decrease in appar-
ent surface tension is observed (Dai and Sheetz, 1995b).
Third, an analysis allows the identification of the kinds of
dissipation that occur when a tether is extracted from a cell
at a finite rate. In general, a study of tethers leads to a
further understanding of the membrane-cytoskeleton inter-
face and is particularly relevant to the processes of secretion
and signaling.

Here a basic thermodynamic (energy) analysis of the
tether-formation process is presented and then applied to
experimental studies of the formation of tethers from neu-
ronal growth cones. The analysis, based on a simple geo-
metric system in which a cylindrical tether is drawn from an
axisymmetric membrane disk, is designed to reveal the
essential physical and mathematical features of both static
and dynamic tether-formation processes without the need to
appeal to complex mathematics. Whenever possible, the
results will be compared with the results of others to
establish the validity of this approach. A result of the
analysis allows the apparent surface tension, which is the
sum of the in-plane, far-field tension and the energy of
adhesion between membrane and cytoskeleton, to be
calculated. Another result reveals a simple relationship
between the force on a tether at a given velocity and the
viscous resistance that occurs when a membrane slips
over the underlying cytoskeleton. This result leads to the
calculation of a value for the viscous resistance and an
estimate of the thickness of a lubricating film of water
that is postulated to exist between the membrane and the
cytoskeleton.
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and dynamic tether-formation processes without the need to
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analysis allows the apparent surface tension, which is the
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dissipation that occur when a tether is extracted from a cell
at a finite rate. In general, a study of tethers leads to a
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FIGURE 1 Membrane tether showing the lipid bilayer. The cylindrical
tether is extracted from the cell body by pulling on the tether with a
constant velocity. The cell body is modeled as a flat disk whose plane is
perpendicular to the axis of the tether.

THERMODYNAMIC EQUILIBRIUM
Simple monolayer
The combined first and second laws of thermodynamics
state that the reversible, isothermal work on the boundary of
a system dW (work on a system is taken as positive) equals
the change in the Helmholtz free energy dE of the system
for quasi-static processes. Here the system is the simple
monolayer shown in Fig. 2a. The work on the system is
done by the tether force at zero velocityfo and the far-field,
in-plane tension T when the tether is displaced a small
distance dLt and the far-field, in-plane tension is displaced
a distance dr:

dW= fodLt + 2irrTdr = (fo - 2rRt7)dL, (1)

where the term 2Tr-dr in Eq. 1 is eliminated because of
conservation of area: 2irrdr = -2irRtdLt. The increase in
energy of the system when forming a tether comes from two
sources: (1) an increase in bending energy owing to the
movement of membrane with no curvature from the disklike
cell body to the cylindrical tether with a constant curvature
c and (2) the separation of the membrane from the cytoskel-
eton where there is a chemical affinity or free energy of
adhesion y between membrane and cytoskeleton. In this
case the increase in free energy of the system is

B (/nB
dE = 2 2+ yA = T+rRty)dLt, (2)

where c = 1/Rt, dA = 2-rRtdLt, y is the energy of adhesion,
and B is the bending modulus for a simple monolayer.

In Eq. 2 and the equations to follow, the stress-free state
is a flat surface, which means that the spontaneous curvature
is assumed to be zero. Because most of the surface of the
neuronal growth cone is flat or nearly so, a spontaneous
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FIGURE 2 (a) Model of a simple monolayer as a membrane disk of
radius r and a tether of radius Rt and length Lt. The far-field stress resultant
or "tension" in the membrane is T, and the axial force acting on the tether
is fo. (b) A tether with a fixed area that decreases in radius by an amount
dR, and increases in length by dLt because of a small increment dfo in the
axial force.

curvature would produce a tension gradient from the inner
to the outer surface, causing a transfer of lipids and decreas-
ing the spontaneous curvature toward zero. In addition,
calculations of the bending modulus for neuronal growth
cones with these equations give a value for B that is close to
those for large lipid vesicles for which the spontaneous
curvature is known to be negligible.
The sharp corners shown in Fig. 2 and the following

figures are a convenient abstraction and are not meant to
represent the actual situation. Nevertheless, the shape is not
important as long as it does not change when incremental or
steady-state work is performed at the boundary of the sys-
tem. As we will show, the tether radius does not change
during both static and dynamic tether-formation processes.
In addition, the shape of the transition between cell body
and tether does not appear to change, and therefore no
additional energy will be stored there. Additional energy is
stored only as surface energy and as bending energy in the
elongating tether in accordance with Eq. 2.
When Eqs. 1 and 2 are equated, a fundamental equation

is obtained that relates the static tether force fo to the
apparent surface tension T + y and the bending modulus B:

f RB
fo= 27Rt(T+y) + iRt (3)

A similar relation was given first by Bo and Waugh (1989)
for the case in which a tether is drawn from a vesicle
aspirated into a micropipet, and thus in their case -y = 0 and
T was replaced by the pipet suction pressure according to
the law of Laplace for an aspirated vesicle. Equation 3
shows for a simple membrane tether that the force on the
tether has two components: one that is due to the apparent
surface tension and another that is due to the bending of the
membrane. Another independent relation between the tether
force and the bending of a tether can be obtained by con-
sidering the work on an isolated tether with a constant
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membrane surface area (Fig. 2 b). The deformation is pro-
duced by a small increment in the static force on the tether
fo. Inasmuch as the area remains constant, the change in the
free energy comes only from a change in the curvature:

B 2 2'B4
E-Eo= 2c2A +yAdE=BAcdc - R2 dRt, (4)2 R~~~~~~~~~~~~~~~~~~~~t
where Eo is the reference energy corresponding to the state
where c = 0 and y = 0. Equating the work at the boundary,
fodL4 to the change in the free energy of the tether, Eq. 4,
and using the relationship for constant surface area A
(2'nRtLt = A > RtdLt = -LtdRt) gives

2iTB
fo= R (5)

Equation 5 was first given by Waugh and Hochmuth (1987)
from an analysis of the static equilibrium of a tether as a
thick, hollow, liquid-membrane cylinder. Equation 5 shows
that, for a simple monolayer, each of the two terms in
Eq. 3-one caused by apparent surface tension and the
other by bending-contributes equally to the total force on
the tether.

Equations 3 and 5 can be combined to eliminate any one
of the variables-fo, Rt, T-in favor of the other two. These
equations also can be combined to eliminate the term for the
bending modulus. Nevertheless, none of these simplifica-
tions will be done at this point because, strictly speaking,
both equations are incorrect in that they fail to take account
of the fact that all biological membranes are bilayers made
up of two monolayers. The monolayers are free to slip past
each other (Evans and Yeung, 1994) and, in doing so, they
create, for a closed (fixed mass) membrane system, an
induced bending, often referred to as a nonlocal bending or
a nonlocal curvature elasticity (Evans, 1980).

axial stress resultants acting on the tether are T,. and Tze, the
inner and outer tether radii are Rt1 and Rte, and the mean
tether radius is Rt = Rti + (h/2) = Rte - (h/2). The distance
between the surfaces on which the stress resultants act is h.
Its value will be of the order of the thickness of the mem-
brane bilayer. As more membrane material is drawn onto
the tether from the membrane disk, work is done at the
boundary of the system by the stress resultants acting on
both the inner and the outer monolayers. The free energy of
the system increases because of the addition of more highly
curved membrane material to the inner and outer monolay-
ers that make up the tether and because of an increase in the
energy of adhesion when the inner monolayer is separated
from the cytoskeleton. Because the areas of the inner and
outer membrane surfaces will remain essentially constant
for a small displacement dLt of the tether, redre = RtedLt and
ridri = RtidLt. Equating the work at the boundary of the
system to the change in the free energy and using the
constant area relationships to express the result in terms of
dL, gives, after dLt is canceled from the result,

7TBe TBi
fo = 2lTRteTe + 2'1TRtiTi + 27RtiR>/ + Rt + R j'(6)Rte Rti

where in Eq. 6 the sum of the inner and outer axial stress
resultants times their respective circumferences is replaced
by the net static force fo on the tether and Be and Bi denote
the bending moduli for the outer and inner monolayers.
The overall tension in the far field is the sum of the

tensions acting on the individual monolayers:

T= Te + Tj. (7)

When Eq. 7 is substituted into Eq. 6 along with Rt = Rti +
(h/2) = Rte-(h/2) and the assumption made that Be = Bi =
B/2, where B is the overall bending modulus for the bilayer
membrane, then the following is obtained:

Bilayer
A bilayer that is drawn from a membrane disk onto a
cylindrical tether is shown in Fig. 3 a. Here the stress
resultants in the far field on the inner and outer (external)
monolayers are Ti and Te, the far-field radii are ri and re, the

-rB
fo = 2wRt(T + y) + + wh(Te-Ti)- hy,Rt (8)

where the higher-order term, which is of the order of
(h/2R )2, is neglected.

FIGURE 3 (a) Model of a bilayer as
two monolayers separated by a distance
h. The subscripts i and e stand for "in-
ner" and "outer" (external). All vari-
ables, minus the subscripts, are defined
in Fig. 2 a. (b) Bilayer made of two
monolayers. The area of each mono-
layer remains fixed as the bilayer is
deformed by small increments in the
axial stress resultants. Note that the
change in length of the inner mono-
layer, dL,t, is greater than that for the
outer (external) monolayer, dL,e.
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FIGURE 1 Membrane tether showing the lipid bilayer. The cylindrical
tether is extracted from the cell body by pulling on the tether with a
constant velocity. The cell body is modeled as a flat disk whose plane is
perpendicular to the axis of the tether.

THERMODYNAMIC EQUILIBRIUM
Simple monolayer
The combined first and second laws of thermodynamics
state that the reversible, isothermal work on the boundary of
a system dW (work on a system is taken as positive) equals
the change in the Helmholtz free energy dE of the system
for quasi-static processes. Here the system is the simple
monolayer shown in Fig. 2a. The work on the system is
done by the tether force at zero velocityfo and the far-field,
in-plane tension T when the tether is displaced a small
distance dLt and the far-field, in-plane tension is displaced
a distance dr:

dW= fodLt + 2irrTdr = (fo - 2rRt7)dL, (1)

where the term 2Tr-dr in Eq. 1 is eliminated because of
conservation of area: 2irrdr = -2irRtdLt. The increase in
energy of the system when forming a tether comes from two
sources: (1) an increase in bending energy owing to the
movement of membrane with no curvature from the disklike
cell body to the cylindrical tether with a constant curvature
c and (2) the separation of the membrane from the cytoskel-
eton where there is a chemical affinity or free energy of
adhesion y between membrane and cytoskeleton. In this
case the increase in free energy of the system is

B (/nB
dE = 2 2+ yA = T+rRty)dLt, (2)

where c = 1/Rt, dA = 2-rRtdLt, y is the energy of adhesion,
and B is the bending modulus for a simple monolayer.

In Eq. 2 and the equations to follow, the stress-free state
is a flat surface, which means that the spontaneous curvature
is assumed to be zero. Because most of the surface of the
neuronal growth cone is flat or nearly so, a spontaneous
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FIGURE 2 (a) Model of a simple monolayer as a membrane disk of
radius r and a tether of radius Rt and length Lt. The far-field stress resultant
or "tension" in the membrane is T, and the axial force acting on the tether
is fo. (b) A tether with a fixed area that decreases in radius by an amount
dR, and increases in length by dLt because of a small increment dfo in the
axial force.

curvature would produce a tension gradient from the inner
to the outer surface, causing a transfer of lipids and decreas-
ing the spontaneous curvature toward zero. In addition,
calculations of the bending modulus for neuronal growth
cones with these equations give a value for B that is close to
those for large lipid vesicles for which the spontaneous
curvature is known to be negligible.
The sharp corners shown in Fig. 2 and the following

figures are a convenient abstraction and are not meant to
represent the actual situation. Nevertheless, the shape is not
important as long as it does not change when incremental or
steady-state work is performed at the boundary of the sys-
tem. As we will show, the tether radius does not change
during both static and dynamic tether-formation processes.
In addition, the shape of the transition between cell body
and tether does not appear to change, and therefore no
additional energy will be stored there. Additional energy is
stored only as surface energy and as bending energy in the
elongating tether in accordance with Eq. 2.
When Eqs. 1 and 2 are equated, a fundamental equation

is obtained that relates the static tether force fo to the
apparent surface tension T + y and the bending modulus B:

f RB
fo= 27Rt(T+y) + iRt (3)

A similar relation was given first by Bo and Waugh (1989)
for the case in which a tether is drawn from a vesicle
aspirated into a micropipet, and thus in their case -y = 0 and
T was replaced by the pipet suction pressure according to
the law of Laplace for an aspirated vesicle. Equation 3
shows for a simple membrane tether that the force on the
tether has two components: one that is due to the apparent
surface tension and another that is due to the bending of the
membrane. Another independent relation between the tether
force and the bending of a tether can be obtained by con-
sidering the work on an isolated tether with a constant
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constant velocity. The cell body is modeled as a flat disk whose plane is
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state that the reversible, isothermal work on the boundary of
a system dW (work on a system is taken as positive) equals
the change in the Helmholtz free energy dE of the system
for quasi-static processes. Here the system is the simple
monolayer shown in Fig. 2a. The work on the system is
done by the tether force at zero velocityfo and the far-field,
in-plane tension T when the tether is displaced a small
distance dLt and the far-field, in-plane tension is displaced
a distance dr:

dW= fodLt + 2irrTdr = (fo - 2rRt7)dL, (1)

where the term 2Tr-dr in Eq. 1 is eliminated because of
conservation of area: 2irrdr = -2irRtdLt. The increase in
energy of the system when forming a tether comes from two
sources: (1) an increase in bending energy owing to the
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cell body to the cylindrical tether with a constant curvature
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In Eq. 2 and the equations to follow, the stress-free state
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FIGURE 2 (a) Model of a simple monolayer as a membrane disk of
radius r and a tether of radius Rt and length Lt. The far-field stress resultant
or "tension" in the membrane is T, and the axial force acting on the tether
is fo. (b) A tether with a fixed area that decreases in radius by an amount
dR, and increases in length by dLt because of a small increment dfo in the
axial force.

curvature would produce a tension gradient from the inner
to the outer surface, causing a transfer of lipids and decreas-
ing the spontaneous curvature toward zero. In addition,
calculations of the bending modulus for neuronal growth
cones with these equations give a value for B that is close to
those for large lipid vesicles for which the spontaneous
curvature is known to be negligible.
The sharp corners shown in Fig. 2 and the following

figures are a convenient abstraction and are not meant to
represent the actual situation. Nevertheless, the shape is not
important as long as it does not change when incremental or
steady-state work is performed at the boundary of the sys-
tem. As we will show, the tether radius does not change
during both static and dynamic tether-formation processes.
In addition, the shape of the transition between cell body
and tether does not appear to change, and therefore no
additional energy will be stored there. Additional energy is
stored only as surface energy and as bending energy in the
elongating tether in accordance with Eq. 2.
When Eqs. 1 and 2 are equated, a fundamental equation

is obtained that relates the static tether force fo to the
apparent surface tension T + y and the bending modulus B:

f RB
fo= 27Rt(T+y) + iRt (3)

A similar relation was given first by Bo and Waugh (1989)
for the case in which a tether is drawn from a vesicle
aspirated into a micropipet, and thus in their case -y = 0 and
T was replaced by the pipet suction pressure according to
the law of Laplace for an aspirated vesicle. Equation 3
shows for a simple membrane tether that the force on the
tether has two components: one that is due to the apparent
surface tension and another that is due to the bending of the
membrane. Another independent relation between the tether
force and the bending of a tether can be obtained by con-
sidering the work on an isolated tether with a constant
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Now the "mistake" in Eq. 3 can be seen. Equation 3 ignores
the fact that the membrane has two monolayers that are free
to slip, one relative to the other, and when this happens the
tensions in the individual monolayers can change because of
the expansion of the outer monolayer and the compression
of the inner monolayer as the two layers are drawn together
into the highly curved tether. (The outer monolayer on the
tether has a larger area than the inner monolayer.) These
changes in the monolayer areas can occur even when the
overall tension (and the overall area) in the bilayer mem-
brane remains constant. The term lTh(Te - T) in Eq. 8 can
be thought of as an induced bending moment that comes
from the differential expansion of the outer monolayer
relative to the compression of the inner monolayer. Because
this differential expansion and compression occur over the
entire membrane surface for a closed system with freely
slipping monolayers, the term 'lh(Te - Ti) represents a
"nonlocal curvature elasticity." Expressions for the nonlocal
bending, which depend directly and linearly on the tether
length and inversely on the total membrane surface area, are
given by Waugh et al. (1992) and Evans and Yeung (1994).
These expressions are based on the assumptions that the
tension in a monolayer is linearly related to the change in
area of the monolayer and that the expansion/compression
moduli for the inner and outer monolayers are equal and
exactly half the value of the expansion modulus for a
bilayer.
The last term in Eq. 8, - rhy, comes from the fact that

only the inner membrane surface can adhere to the cytoskel-
eton. Only if h << R, can this term be neglected.
A relation between the tether force and the tether radius

for two freely slipping monolayers that is independent of the
relation given by Eq. 8 can be developed, just as was done
for a single monolayer (Eq. 5), by considering the work on
an isolated tether with constant monolayer surface areas.
For constant areas, the relations between the changes in the
outer and inner tether lengths and the outer and inner tether
radii are

d_e= 4e ADde Rt + (h/2)dRlt dLt =- Rt - (h/2)dR t (9)

Substituting the expressions for the inner and outer tether
radii, Rt = Rti + (h/2) = Rte - (h/2), into Eq. 10, assuming
that Be = Bi = B12, and neglecting the higher-order term,
(h/2Rt)2, gives

27TB h
fo =R + (fe )2fRt 2Rt (11)

Equation 3 can be used to evaluate fe and fi because they
represent forces on monolayers (note that y = 0 for fe).
Thus, when Eq. 3 is substituted into Eq. 11 and higher-order
terms are neglected, the following is obtained:

2nmB
fo = R + Th(Te-Ti)- rhy.Rt (12)

The "mistake" in Eq. 5 can be seen by comparing Eq. 5 with
Eq. 12, just as the mistake in Eq. 3 was seen by comparing
Eq. 3 with Eq. 8.

Tether radius
Although both Eqs. 8 and 12 depend on the induced bending
moment, which in turn depends on the tether length, the
difference of the two equations is independent of tether
length. Thus, when Eq. 12 is subtracted from Eq. 8, the
following important result is immediately obtained:

B 2 B
T+ T'= 2R2R=t 2(T + y) (

This expression, obtained originally by Waugh et al. (1992)
and Evans and Yeung (1994) for the case where y = 0,
shows that the tether radius does not depend on the length of
the tether because the induced bending terms in Eqs. 8 and
12 cancel each other when they are subtracted. (Of course,
Eq. 13 could be obtained by subtracting Eq. 5 from Eq. 3,
without appreciating the fact that Eq. 13 is true for both a
simple monolayer and a bilayer.) The tether radius depends
only on the bending modulus for the tether and the apparent
surface tension T + y.

VISCOUS FLOW
where the tether lengths, Lte and Lti, in Eq. 9 are evaluated
at the initial state of deformation when Lte = 4.. Now, refer
to Fig. 3 b and equate the work at the boundary to the
change in free energy of the tether that is due to the increase
in curvature of each of the monolayers and then use Eq. 9 to
obtain an expression that is homogeneous in dRt. Here the
goal is to obtain an expression analogous to Eq. 5 but for
freely slipping monolayers. Thus, the forces acting on the
inner and outer monolayers are substituted for the inner and
outer axial tensions times their respective circumferences.
The result is

fe f 27TBe 27TBi(
Rte Rti Rte Rti

When a tether is extracted from a cell or vesicle at a finite,
nonequilibrium rate, the rate of work at the boundary of the
system, W, must exceed the rate of change in the bending
and adhesion energies of the system, Eb + E,,. This addi-
tional work goes into overcoming the viscous resistance or
the viscous dissipation within the system. (Note that the
work at the boundary of the system includes the (positive)
work on the tether, the (negative) work in the far field on the
monolayers, and the (negative) work done to overcome the
viscous resistance of the cytoskeleton.) For an isothermal
system, the viscous dissipation generates heat that is lost to
the surroundings. Thus, the first law of thermodynamics
becomes

W = Eb + Ey -Q = Eb + E'Y + I, (14)
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FIGURE 5 (a) Measured force versus velocity for 57 tethers extracted from neuronal growth cones. Twenty-six of these points, all at velocities of less
than 6 ,nV/s, are from Dai and Sheetz (1995a). (b) Results from (a) for neuronal growth cones (NGC) and from Evans and Yeung (1994) and Yeung (1994)
for tethers extracted from single-walled vesicles made from simple phospholipid bilayers of sphingomyelin/cholesterol (SM/CHOL) and 1-stearoyl-2-
oleoyl-sn-glycero-3-phosphocholine (SOPC). The effective viscosity, eff, is defined by Eq. 29b in the text and is simply the slope of the line divided by 2wr.

'rrh(T, - T1) and 2rRt1y >> 7Thy. This mathematically
explains why the induced bending term and the iThy term
are not important either in Eq. 26 or in the equations for the
force on a static tether (Eqs. 8 and 12).

In Fig. 5 b the straight-line fit for neuronal growth cones
is compared with the results from Evans and Yeung (1994)
and Yeung (1994) for single bilayer vesicles made from the
simple phospholipid SOPC and from a 1:1 mixture of bo-
vine brain sphingomyelin and cholesterol (SM/CHOL).
Note from the figure that the tether force relative to the
tether force at zero velocity, f - fo, is plotted on the
ordinate. Also, it is noted that the data of Evans and Young
had virtually no scatter.
To measure the diameter of a tether, orthogonal scans

across the differential interference contrast images of both
the tether and the axon of the neuronal growth cone were
made, and the relative intensities were determined (Schnapp
et al., 1988). After the diameter of the axon was measured
by the method of Gelles et al. (1988), the diameter of the
tether was calculated simply by multiplying the diameter of
the axon by the square root of the ratio of the intensity of the
growth cone to that of the axon. (The intensity should be
related to the square of the diameter.) The diameter of the
tether was calculated to be -400 nm, and there was no
detectable change in tether diameter with increasing veloc-
ity, so the diameter remained constant. Results from 10
experiments are shown in Fig. 6. As can be seen, the
average tether diameter is 410 nm. This measurement of
diameter was validated by using latex beads 500 nm (0.5
,um) in diameter as a standard and measuring them accord-
ing to the method of Gelles et al. (1988). Then from a video
tape the diameter of the tether was measured and compared
with the standard bead value. The same value for the tether
diameter was obtained with the bead as a reference, which
gives confidence in the method of measurement.

static equilibrium terms in Eq. 26, other than the induced-
moment term and the ntrhy term, can be replaced by a
constant force termnfo:

fo = 2irRt(T + y) + irB/Rt, (27a)
where the induced moment and the -nThy terms are neglected
for the reasons given above. Because of the unique relation
between tether radius and the far-field membrane tension
(Eq. 13), Eq. 27a can be written in three other ways:

2 rB
fo = Rt9

fo = 4TrRt(T + y),

fo=22 B(T+r).

(27b)

(27c)

(27d)
Because the tether force at zero velocity for neuronal
growth cones was not observed to depend in any way on
tether length, Eqs. 27 are independent of tether length. Note
that this is true only for this particular experimental system.
In general, the tether force at zero velocity will depend on
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The experimental evidence that the tether radius remains
constant during the tether-formation process means that the

FIGURE 6 Tether radius at different tether velocities. The method of
measurement is described in the text. Note the constant radius of -210 nm.
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> Can calculate B from Rt and fo, and Tm from B and fo 

• Contributions of in-plane membrane tension and membrane/cortex adhesion hard to disentangle

FORUM 

Lipid vesicle 

03 Red cell Tether 

Membraie skeleton No mem&ane skeleton 

FIGURE 1 
Diagram illustrating the two mechanisms whereby tether force is generated and 

how tether force can be measured rapidly by the laser tweezers. (a) A bilayer 
tension (T,) is created by a suction pressure (AP) applied to a lipid vesicle that 

results in a tether force (fJ of a magnitude defined by equation (1) that is 
balanced by a force on the bead (fd. The relationship between the pipette 

suction pressure and the tension is given by T,= APD,r,/2(2r,-D,), where D, is 
the diameter of the pipette and r, is the radius of the vesicle. (b) The tether force 

in red cells results from the separation of the fluid tether bilayer from the 
membrane skeleton. (c) A tether formed with a laser tweezer on a rat basophilic 

leukaemia cell. The diagram on the right illustrates how the tether force is 
balanced by the force of the laser tweezers on the bead. The tether force is 

calculated from the displacement of the bead from the centre of the tweezers (Ar). 

Definition of membrane tension 
Tension can be created in unilamellar lipid vesicles 

by the application of a suction pressure through an 
attached micropipette. When a small bead is attached 

86 

to the bilayer surface and pulled away from the 
surface, a thin bilayer tube or tether is generated (see 
Fig. la). The force pulling the bead back onto the 
membrane has been experimentally related to ten- 
sion, and the mathematical relationship has been 
derived for several vesicle geometries5j6. Tether forces 
in cells are more difficult to understand because there 
can be a major contribution to the tension from 
membrane-cytoskeleton adhesion. This is best illus- 
trated by measurements made on erythrocytes, 
which have excess membrane so that they can 
deform, and a flexible cytoskeleton. As a conse- 
quence, their membranes have little or no tension. 
Erythrocytes do have an extensive membrane- 
attached cytoskeleton, and, when tethers are formed, 
the tether forces can reach nearly 50 pN (Ref. 7; see 
Fig. 1). Because cytoskeletal proteins are not pulled 
into the tethers, this indicates that the membrane is 
strongly adherent to the cytoskeleton. In other 
words, the separation of the tether membrane from 
the cytoskeleton puts it into a higher energy state. 
The free-energy difference between lipid in the tether 
and that in the membrane will draw lipid back onto 
the membrane, thereby creating a retractile force on 
the tether. This is analogous to the pressure that 
water creates across a semipermeable membrane, and 
has been described as a membrane osmotic pressure3. 
Thus, both an in-plane tension and membrane-cyto- 
skeleton interaction can contribute to the tether force. 

In considering whether in-plane tension can be 
separated from the membrane-cytoskeleton contri- 
bution to tether force, there are major difficulties in 
cells with complex shapes. Most cells contain folds 
or invaginations. If the in-plane tension exceeds the 
adhesive force between the membrane and the 
cytoskeleton, then the membrane pulls away from 
portions of the cytoskeleton, as shown in Figure 2. 
This explains the very slow change of tether force 
with tether length that is observed experimentally; 
however, it means that in-plane tension and mem- 
brane-cytoskeleton adhesion are linked. Conse- 
quently, we have combined both into a single mem- 
brane tension term (T,). In addition, the bending 
stiffness (B) of the membrane resists tether for- 
mation. A simplified treatment of the relationship 
between the tether force (f,), bending stiffness (B) 
and membrane tension (T,) is given below: 

f,, = 2nR;T, + nB/R, (1) 

where R, is the radius of the tether4. Because the con- 
tributions from bending stiffness and membrane ten- 
sion are equa14, the same equation can be used to 
determine both membrane tension and bending stiff- 
ness from measurements of the tether force and 
tether radius, or to remove the tether radius from the 
equation: 

f 0 = 2?rz/2BT, (2) 

If the bending stiffness stays constant, then the ratio 
of membrane tensions (Tml/Tmz) is given by: 

T,JTm2 = (fol&,z)z (3) 
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> Can compare relative membrane tension from tether force measurements:

B: bending modulus

(generates a tension in mb)(due to inelasticity of mb))

• in-plane tension vs membrane/cytoskeleton adhesion
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tether length (Waugh et al., 1992; Evans and Yeung, 1994).
It is only the tether radius, at a fixed apparent surface
tension (Eq. 13), that is independent of tether length.

Bending and tension
The tether force at zero velocity is 8.2 pN (Fig. 5 a), and the
tether radius is 210 nm, or 0.21 ,um. Thus, from Eq. 27b,
the bending modulus is

B= f0R=0.27 pN * ,m = 2.7 X 10-19 N m.

The bending modulus for tethers extracted from SOPC
vesicles is 1.1 X 10-19 N - m (Waugh et al., 1992; Yeung,
1994), that for SOPC/CHOL (1:1) is 2.2X 10'19 N-m
(Yeung, 1994), 2.5 X 10-19 N m (Evans and Rawicz,
1990), or 3.3 X 10-19 N * m (Song and Waugh, 1993), and
that for SM/CHOL (1:1) is 5.5 X 10-19 N m (Yeung,
1994).
Now, Eq. 13, or Eq. 27c or 27d, can be used to

calculate the apparent surface tension in neuronal growth
cone membrane:

T + f
4R = 3.1 pN/4m = 0.0031 mN/m(dyn/cm).

This is an extraordinarily small value for the apparent
surface tension and accounts for the fact that the tether
diameter is so large. Human neutrophils have a cortical
tension that is --10 times this value (Evans and Kukan,
1984; Needham and Hochmuth, 1992), and the membrane
tension that is imposed on vesicles from which tethers are
extracted is usually approximately 30-100 times larger than
this value. The energy of association measured when tethers
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CytoB(l 01.M)

CytoD(1 OgM)

ATP-Dep.
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FIGURE 7 Effect of different chemical treatments on the apparent sur-
face tension T + -y and bending modulus B for the membrane of neuronal
growth cones. The error bars for B and T + -y stand for their standard errors
of estimate (Spiegel, 1988). They were obtained with a statistical analysis,
in which the standard error of estimate forfo and the standard deviation for
Rt were used. DMSO, dimethylsurfoxide; CytoB, cytochalasin B; CytoD,
cytochalasin D; ATP-Dep., ATP depletion; EtOH, ethanol. For detailed
information on the treatments, refer to Dai and Sheetz (1995a).

are extracted from red cells (Waugh and Bauserman, 1995)
is -2 orders of magnitude larger than this value.
The effect of various chemical treatments on the values of

the apparent surface tension and the bending modulus is
shown in Fig. 7, and the statistical significance of the
difference in these values is given in Table 1. These calcu-
lations were performed by measuring the tether force at zero
velocity and the tether radius and using Eqs. 27b and 27c as
shown above.

Viscous drag and the "effective" viscosity
Because the tether radius remains constant, the viscous
terms in Eq. 26 can be replaced by a single effective surface
ViSCoSitY 71eff:

71eff 271m + qsih2 ln(RO/Rt) + 71tR2 ln(RO/Rt). (28)
Using the simplifications given by Eqs. 27a and 28 and
neglecting the induced bending term and the why term
allow Eq. 26 to be written as

f fo + 217fleffVt, (29a)
where fo is given by Eq. 27 and 7leff is given by Eq. 28.
Results such as those shown in Fig. 5 can be used to
determine a value for 'qeff according to

f -fo
71eff = 2TV - (29b)

For neuronal growth cones (Fig. 5), qleff = 0.137 pN * s/,um.
Values for 71eff obtained from the data of Evans and Yeung
(1994) and Yeung (1994) (see Fig. 5 b) are, in units
of pN - s/,tm, 0.071 (SM/CHOL), 0.012 (SOPC/CHOL, es-
timated), and 0.009 (SOPC). (All values are at room tem-
perature. Note that 1 pN- s/,um = 10-3 pN- s/nm = 10-3
dyn-s/cm.) Lipid membrane is thought to have a surface
viscosity of _ 10-6 dyns/cm = 0.001 pN * s/,um (Evans and
Yeung, 1994), so the contribution of the membrane viscos-

TABLE I Statistical signfficance of the changes in the
properties of treated neuronal growth cones

Treatments T + y B 7leff
DMSO 0.5% p < 0.001 p < 0.01 p > 0.1
DMSO 1% p < 0.001 p < 0.001 p < 0.01
DMSO 5% p < 0.001 p < 0.001 p < 0.001
Cytochalasin B p < 0.001 p > 0.1 p > 0.5
Cytochalasin D p < 0.001 p > 0.01 p > 0.5
ATP depletion p > 0.05 p > 0.5 p < 0.001
Ethanol p < 0.001 p > 0.01 p > 0.5
Nocodazole p < 0.01 p > 0.5 p > 0.1
The p-values listed here were obtained by using the two-tailed t test for two
heteroscedastic samples. The hypothesis is that T + -y, B, and q7eff are equal
to their corresponding control values. For the measurement of the apparent
surface tension all but the experiments involving ATP depletion are dif-
ferent from the control. For the measurement of the bending modulus, only
the treatment with DMSO resulted in a significant difference. For the
measurement of the effective viscosity, only ATP depletion and DMSO
addition (at the two higher values) resulted in a significant difference.
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tether length (Waugh et al., 1992; Evans and Yeung, 1994).
It is only the tether radius, at a fixed apparent surface
tension (Eq. 13), that is independent of tether length.

Bending and tension
The tether force at zero velocity is 8.2 pN (Fig. 5 a), and the
tether radius is 210 nm, or 0.21 ,um. Thus, from Eq. 27b,
the bending modulus is

B= f0R=0.27 pN * ,m = 2.7 X 10-19 N m.

The bending modulus for tethers extracted from SOPC
vesicles is 1.1 X 10-19 N - m (Waugh et al., 1992; Yeung,
1994), that for SOPC/CHOL (1:1) is 2.2X 10'19 N-m
(Yeung, 1994), 2.5 X 10-19 N m (Evans and Rawicz,
1990), or 3.3 X 10-19 N * m (Song and Waugh, 1993), and
that for SM/CHOL (1:1) is 5.5 X 10-19 N m (Yeung,
1994).
Now, Eq. 13, or Eq. 27c or 27d, can be used to

calculate the apparent surface tension in neuronal growth
cone membrane:

T + f
4R = 3.1 pN/4m = 0.0031 mN/m(dyn/cm).

This is an extraordinarily small value for the apparent
surface tension and accounts for the fact that the tether
diameter is so large. Human neutrophils have a cortical
tension that is --10 times this value (Evans and Kukan,
1984; Needham and Hochmuth, 1992), and the membrane
tension that is imposed on vesicles from which tethers are
extracted is usually approximately 30-100 times larger than
this value. The energy of association measured when tethers
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FIGURE 7 Effect of different chemical treatments on the apparent sur-
face tension T + -y and bending modulus B for the membrane of neuronal
growth cones. The error bars for B and T + -y stand for their standard errors
of estimate (Spiegel, 1988). They were obtained with a statistical analysis,
in which the standard error of estimate forfo and the standard deviation for
Rt were used. DMSO, dimethylsurfoxide; CytoB, cytochalasin B; CytoD,
cytochalasin D; ATP-Dep., ATP depletion; EtOH, ethanol. For detailed
information on the treatments, refer to Dai and Sheetz (1995a).

are extracted from red cells (Waugh and Bauserman, 1995)
is -2 orders of magnitude larger than this value.
The effect of various chemical treatments on the values of

the apparent surface tension and the bending modulus is
shown in Fig. 7, and the statistical significance of the
difference in these values is given in Table 1. These calcu-
lations were performed by measuring the tether force at zero
velocity and the tether radius and using Eqs. 27b and 27c as
shown above.

Viscous drag and the "effective" viscosity
Because the tether radius remains constant, the viscous
terms in Eq. 26 can be replaced by a single effective surface
ViSCoSitY 71eff:

71eff 271m + qsih2 ln(RO/Rt) + 71tR2 ln(RO/Rt). (28)
Using the simplifications given by Eqs. 27a and 28 and
neglecting the induced bending term and the why term
allow Eq. 26 to be written as

f fo + 217fleffVt, (29a)
where fo is given by Eq. 27 and 7leff is given by Eq. 28.
Results such as those shown in Fig. 5 can be used to
determine a value for 'qeff according to

f -fo
71eff = 2TV - (29b)

For neuronal growth cones (Fig. 5), qleff = 0.137 pN * s/,um.
Values for 71eff obtained from the data of Evans and Yeung
(1994) and Yeung (1994) (see Fig. 5 b) are, in units
of pN - s/,tm, 0.071 (SM/CHOL), 0.012 (SOPC/CHOL, es-
timated), and 0.009 (SOPC). (All values are at room tem-
perature. Note that 1 pN- s/,um = 10-3 pN- s/nm = 10-3
dyn-s/cm.) Lipid membrane is thought to have a surface
viscosity of _ 10-6 dyns/cm = 0.001 pN * s/,um (Evans and
Yeung, 1994), so the contribution of the membrane viscos-

TABLE I Statistical signfficance of the changes in the
properties of treated neuronal growth cones

Treatments T + y B 7leff
DMSO 0.5% p < 0.001 p < 0.01 p > 0.1
DMSO 1% p < 0.001 p < 0.001 p < 0.01
DMSO 5% p < 0.001 p < 0.001 p < 0.001
Cytochalasin B p < 0.001 p > 0.1 p > 0.5
Cytochalasin D p < 0.001 p > 0.01 p > 0.5
ATP depletion p > 0.05 p > 0.5 p < 0.001
Ethanol p < 0.001 p > 0.01 p > 0.5
Nocodazole p < 0.01 p > 0.5 p > 0.1
The p-values listed here were obtained by using the two-tailed t test for two
heteroscedastic samples. The hypothesis is that T + -y, B, and q7eff are equal
to their corresponding control values. For the measurement of the apparent
surface tension all but the experiments involving ATP depletion are dif-
ferent from the control. For the measurement of the bending modulus, only
the treatment with DMSO resulted in a significant difference. For the
measurement of the effective viscosity, only ATP depletion and DMSO
addition (at the two higher values) resulted in a significant difference.
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tether length (Waugh et al., 1992; Evans and Yeung, 1994).
It is only the tether radius, at a fixed apparent surface
tension (Eq. 13), that is independent of tether length.

Bending and tension
The tether force at zero velocity is 8.2 pN (Fig. 5 a), and the
tether radius is 210 nm, or 0.21 ,um. Thus, from Eq. 27b,
the bending modulus is

B= f0R=0.27 pN * ,m = 2.7 X 10-19 N m.

The bending modulus for tethers extracted from SOPC
vesicles is 1.1 X 10-19 N - m (Waugh et al., 1992; Yeung,
1994), that for SOPC/CHOL (1:1) is 2.2X 10'19 N-m
(Yeung, 1994), 2.5 X 10-19 N m (Evans and Rawicz,
1990), or 3.3 X 10-19 N * m (Song and Waugh, 1993), and
that for SM/CHOL (1:1) is 5.5 X 10-19 N m (Yeung,
1994).
Now, Eq. 13, or Eq. 27c or 27d, can be used to

calculate the apparent surface tension in neuronal growth
cone membrane:

T + f
4R = 3.1 pN/4m = 0.0031 mN/m(dyn/cm).

This is an extraordinarily small value for the apparent
surface tension and accounts for the fact that the tether
diameter is so large. Human neutrophils have a cortical
tension that is --10 times this value (Evans and Kukan,
1984; Needham and Hochmuth, 1992), and the membrane
tension that is imposed on vesicles from which tethers are
extracted is usually approximately 30-100 times larger than
this value. The energy of association measured when tethers
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face tension T + -y and bending modulus B for the membrane of neuronal
growth cones. The error bars for B and T + -y stand for their standard errors
of estimate (Spiegel, 1988). They were obtained with a statistical analysis,
in which the standard error of estimate forfo and the standard deviation for
Rt were used. DMSO, dimethylsurfoxide; CytoB, cytochalasin B; CytoD,
cytochalasin D; ATP-Dep., ATP depletion; EtOH, ethanol. For detailed
information on the treatments, refer to Dai and Sheetz (1995a).

are extracted from red cells (Waugh and Bauserman, 1995)
is -2 orders of magnitude larger than this value.
The effect of various chemical treatments on the values of

the apparent surface tension and the bending modulus is
shown in Fig. 7, and the statistical significance of the
difference in these values is given in Table 1. These calcu-
lations were performed by measuring the tether force at zero
velocity and the tether radius and using Eqs. 27b and 27c as
shown above.

Viscous drag and the "effective" viscosity
Because the tether radius remains constant, the viscous
terms in Eq. 26 can be replaced by a single effective surface
ViSCoSitY 71eff:

71eff 271m + qsih2 ln(RO/Rt) + 71tR2 ln(RO/Rt). (28)
Using the simplifications given by Eqs. 27a and 28 and
neglecting the induced bending term and the why term
allow Eq. 26 to be written as

f fo + 217fleffVt, (29a)
where fo is given by Eq. 27 and 7leff is given by Eq. 28.
Results such as those shown in Fig. 5 can be used to
determine a value for 'qeff according to

f -fo
71eff = 2TV - (29b)

For neuronal growth cones (Fig. 5), qleff = 0.137 pN * s/,um.
Values for 71eff obtained from the data of Evans and Yeung
(1994) and Yeung (1994) (see Fig. 5 b) are, in units
of pN - s/,tm, 0.071 (SM/CHOL), 0.012 (SOPC/CHOL, es-
timated), and 0.009 (SOPC). (All values are at room tem-
perature. Note that 1 pN- s/,um = 10-3 pN- s/nm = 10-3
dyn-s/cm.) Lipid membrane is thought to have a surface
viscosity of _ 10-6 dyns/cm = 0.001 pN * s/,um (Evans and
Yeung, 1994), so the contribution of the membrane viscos-

TABLE I Statistical signfficance of the changes in the
properties of treated neuronal growth cones

Treatments T + y B 7leff
DMSO 0.5% p < 0.001 p < 0.01 p > 0.1
DMSO 1% p < 0.001 p < 0.001 p < 0.01
DMSO 5% p < 0.001 p < 0.001 p < 0.001
Cytochalasin B p < 0.001 p > 0.1 p > 0.5
Cytochalasin D p < 0.001 p > 0.01 p > 0.5
ATP depletion p > 0.05 p > 0.5 p < 0.001
Ethanol p < 0.001 p > 0.01 p > 0.5
Nocodazole p < 0.01 p > 0.5 p > 0.1
The p-values listed here were obtained by using the two-tailed t test for two
heteroscedastic samples. The hypothesis is that T + -y, B, and q7eff are equal
to their corresponding control values. For the measurement of the apparent
surface tension all but the experiments involving ATP depletion are dif-
ferent from the control. For the measurement of the bending modulus, only
the treatment with DMSO resulted in a significant difference. For the
measurement of the effective viscosity, only ATP depletion and DMSO
addition (at the two higher values) resulted in a significant difference.
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(elastic modulus k ≈ 0.1mN/m)(T= k ∆A/A , A is area)

Mechanics of the plasma membrane

• in-plane tension vs membrane/cytoskeleton adhesion

-at low tension: entropic contribution due to membrane fluctuations
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where -Q represents the heat lost to the surroundings. This
heat is generated by viscous dissipation, denoted by i. The
dissipation in the system is given as the double-dot product
of the stress tensor T and the velocity gradient Vv:

where q1c is a slip viscosity and the subscripts sc stand for
"slip" and "cytoskeleton." The rate of (negative) work that the
system does on the cytoskeleton because of this viscous drag is

dRo Ro

sc=Tsc2 rrdr * vri = -| 71ri~2wrdr.Rsc J

1s n

i = Jj ( Vv) dV= Tl FdV,
(18)

(15)

where q is a viscosity and (I is the dissipation function.
Expressions for these tenus in the appropriate coordinate sys-
tem (cylindrical in this case) are given in Bird et al. (1960).
A simple disklike cell body (Fig. 4) is chosen to analyze

the flow of membrane from cell body to tether. The velocity
of the tether is Vt and, because the surface areas of the inner
and outer monolayers remain constant as they flow from
cell body to tether, the inner (va) and outer (vre) monolayer
velocities at any radial position r are

RtiVt
Vri = s

-RteVt
Vre (16)

It is postulated that there are three sources of viscous
resistance, as shown in Fig. 4. First there is a viscous drag
between the inner monolayer and the cytoskeleton. (There
also is a viscous drag between the outer monolayer and the
extracellular fluid. However, this viscous drag is likely to be
much less than the drag of the cytoskeleton.) This viscous
drag of the cytoskeleton causes a shear stress to be exerted
on the monolayer:

Tsc = 71scVI

1In /2 - Mp

usc
ulsi o----O

When Eq. 16 is substituted into Eq. 18 and the integration
performed, the result is

IVc =-21-rq,,R 2V2 ln R' (19)
where the mean tether radius has been substituted for the
inner tether radius (Rtd = Rt- h/2 Rt) and R. is some
characteristic far-field radius for the neuronal growth cone.

In addition to this viscous drag at the boundary of the
system, there is a viscous slip between the two halves of
the bilayer (Evans and Yeung, 1994):

Tsi = 71si(v. -vi) (20)
where the subscripts si stand for "slip" and "interbilayer."
When Eq. 15 is rewritten for this special case of interbilayer
slip and Eqs. 20 and 16 are substituted into Eq. 15 with
dV = 2lTrhdr, the result is

JRo

isi = v1si(-re- v)22rr dr

h2V2
= m71si 2t 2rr dr = 2i7rq -h2V2 ln RR,~~~~~~SitR

(21)

(17)
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(b)
FIGURE 4 (a) Schematic of a tether being pulled off a cytoskeleton at a velocity Vt. The tether is attached to a bead held in place with a forcef created
by an optical laser trap or "tweezers." Three sources of dissipation or viscosities are postulated: one that is due to the surface viscosity in each of the
monolayers, qm/2, one that is due to the viscous slip between each of the monolayers, r,i, and one that is due to the viscous slip of the (inner monolayer)
membrane over the cytoskeleton, q,,. The subscript m stands for "membrane," s stands for "slip," i stands for "interbilayer," and c stands for "cytoskeleton."
(b) Line drawing of (a). The rate of dissipation in the membrane is 'mi and that which is due to the slip between the monolayers is I.j The shear stress exerted
on the inner membrane as it is dragged over the cytoskeleton is Ts,
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tether length (Waugh et al., 1992; Evans and Yeung, 1994).
It is only the tether radius, at a fixed apparent surface
tension (Eq. 13), that is independent of tether length.

Bending and tension
The tether force at zero velocity is 8.2 pN (Fig. 5 a), and the
tether radius is 210 nm, or 0.21 ,um. Thus, from Eq. 27b,
the bending modulus is

B= f0R=0.27 pN * ,m = 2.7 X 10-19 N m.

The bending modulus for tethers extracted from SOPC
vesicles is 1.1 X 10-19 N - m (Waugh et al., 1992; Yeung,
1994), that for SOPC/CHOL (1:1) is 2.2X 10'19 N-m
(Yeung, 1994), 2.5 X 10-19 N m (Evans and Rawicz,
1990), or 3.3 X 10-19 N * m (Song and Waugh, 1993), and
that for SM/CHOL (1:1) is 5.5 X 10-19 N m (Yeung,
1994).
Now, Eq. 13, or Eq. 27c or 27d, can be used to

calculate the apparent surface tension in neuronal growth
cone membrane:

T + f
4R = 3.1 pN/4m = 0.0031 mN/m(dyn/cm).

This is an extraordinarily small value for the apparent
surface tension and accounts for the fact that the tether
diameter is so large. Human neutrophils have a cortical
tension that is --10 times this value (Evans and Kukan,
1984; Needham and Hochmuth, 1992), and the membrane
tension that is imposed on vesicles from which tethers are
extracted is usually approximately 30-100 times larger than
this value. The energy of association measured when tethers
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FIGURE 7 Effect of different chemical treatments on the apparent sur-
face tension T + -y and bending modulus B for the membrane of neuronal
growth cones. The error bars for B and T + -y stand for their standard errors
of estimate (Spiegel, 1988). They were obtained with a statistical analysis,
in which the standard error of estimate forfo and the standard deviation for
Rt were used. DMSO, dimethylsurfoxide; CytoB, cytochalasin B; CytoD,
cytochalasin D; ATP-Dep., ATP depletion; EtOH, ethanol. For detailed
information on the treatments, refer to Dai and Sheetz (1995a).

are extracted from red cells (Waugh and Bauserman, 1995)
is -2 orders of magnitude larger than this value.
The effect of various chemical treatments on the values of

the apparent surface tension and the bending modulus is
shown in Fig. 7, and the statistical significance of the
difference in these values is given in Table 1. These calcu-
lations were performed by measuring the tether force at zero
velocity and the tether radius and using Eqs. 27b and 27c as
shown above.

Viscous drag and the "effective" viscosity
Because the tether radius remains constant, the viscous
terms in Eq. 26 can be replaced by a single effective surface
ViSCoSitY 71eff:

71eff 271m + qsih2 ln(RO/Rt) + 71tR2 ln(RO/Rt). (28)
Using the simplifications given by Eqs. 27a and 28 and
neglecting the induced bending term and the why term
allow Eq. 26 to be written as

f fo + 217fleffVt, (29a)
where fo is given by Eq. 27 and 7leff is given by Eq. 28.
Results such as those shown in Fig. 5 can be used to
determine a value for 'qeff according to

f -fo
71eff = 2TV - (29b)

For neuronal growth cones (Fig. 5), qleff = 0.137 pN * s/,um.
Values for 71eff obtained from the data of Evans and Yeung
(1994) and Yeung (1994) (see Fig. 5 b) are, in units
of pN - s/,tm, 0.071 (SM/CHOL), 0.012 (SOPC/CHOL, es-
timated), and 0.009 (SOPC). (All values are at room tem-
perature. Note that 1 pN- s/,um = 10-3 pN- s/nm = 10-3
dyn-s/cm.) Lipid membrane is thought to have a surface
viscosity of _ 10-6 dyns/cm = 0.001 pN * s/,um (Evans and
Yeung, 1994), so the contribution of the membrane viscos-

TABLE I Statistical signfficance of the changes in the
properties of treated neuronal growth cones

Treatments T + y B 7leff
DMSO 0.5% p < 0.001 p < 0.01 p > 0.1
DMSO 1% p < 0.001 p < 0.001 p < 0.01
DMSO 5% p < 0.001 p < 0.001 p < 0.001
Cytochalasin B p < 0.001 p > 0.1 p > 0.5
Cytochalasin D p < 0.001 p > 0.01 p > 0.5
ATP depletion p > 0.05 p > 0.5 p < 0.001
Ethanol p < 0.001 p > 0.01 p > 0.5
Nocodazole p < 0.01 p > 0.5 p > 0.1
The p-values listed here were obtained by using the two-tailed t test for two
heteroscedastic samples. The hypothesis is that T + -y, B, and q7eff are equal
to their corresponding control values. For the measurement of the apparent
surface tension all but the experiments involving ATP depletion are dif-
ferent from the control. For the measurement of the bending modulus, only
the treatment with DMSO resulted in a significant difference. For the
measurement of the effective viscosity, only ATP depletion and DMSO
addition (at the two higher values) resulted in a significant difference.
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FIGURE 5 (a) Measured force versus velocity for 57 tethers extracted from neuronal growth cones. Twenty-six of these points, all at velocities of less
than 6 ,nV/s, are from Dai and Sheetz (1995a). (b) Results from (a) for neuronal growth cones (NGC) and from Evans and Yeung (1994) and Yeung (1994)
for tethers extracted from single-walled vesicles made from simple phospholipid bilayers of sphingomyelin/cholesterol (SM/CHOL) and 1-stearoyl-2-
oleoyl-sn-glycero-3-phosphocholine (SOPC). The effective viscosity, eff, is defined by Eq. 29b in the text and is simply the slope of the line divided by 2wr.

'rrh(T, - T1) and 2rRt1y >> 7Thy. This mathematically
explains why the induced bending term and the iThy term
are not important either in Eq. 26 or in the equations for the
force on a static tether (Eqs. 8 and 12).

In Fig. 5 b the straight-line fit for neuronal growth cones
is compared with the results from Evans and Yeung (1994)
and Yeung (1994) for single bilayer vesicles made from the
simple phospholipid SOPC and from a 1:1 mixture of bo-
vine brain sphingomyelin and cholesterol (SM/CHOL).
Note from the figure that the tether force relative to the
tether force at zero velocity, f - fo, is plotted on the
ordinate. Also, it is noted that the data of Evans and Young
had virtually no scatter.
To measure the diameter of a tether, orthogonal scans

across the differential interference contrast images of both
the tether and the axon of the neuronal growth cone were
made, and the relative intensities were determined (Schnapp
et al., 1988). After the diameter of the axon was measured
by the method of Gelles et al. (1988), the diameter of the
tether was calculated simply by multiplying the diameter of
the axon by the square root of the ratio of the intensity of the
growth cone to that of the axon. (The intensity should be
related to the square of the diameter.) The diameter of the
tether was calculated to be -400 nm, and there was no
detectable change in tether diameter with increasing veloc-
ity, so the diameter remained constant. Results from 10
experiments are shown in Fig. 6. As can be seen, the
average tether diameter is 410 nm. This measurement of
diameter was validated by using latex beads 500 nm (0.5
,um) in diameter as a standard and measuring them accord-
ing to the method of Gelles et al. (1988). Then from a video
tape the diameter of the tether was measured and compared
with the standard bead value. The same value for the tether
diameter was obtained with the bead as a reference, which
gives confidence in the method of measurement.

static equilibrium terms in Eq. 26, other than the induced-
moment term and the ntrhy term, can be replaced by a
constant force termnfo:

fo = 2irRt(T + y) + irB/Rt, (27a)
where the induced moment and the -nThy terms are neglected
for the reasons given above. Because of the unique relation
between tether radius and the far-field membrane tension
(Eq. 13), Eq. 27a can be written in three other ways:

2 rB
fo = Rt9

fo = 4TrRt(T + y),

fo=22 B(T+r).

(27b)

(27c)

(27d)
Because the tether force at zero velocity for neuronal
growth cones was not observed to depend in any way on
tether length, Eqs. 27 are independent of tether length. Note
that this is true only for this particular experimental system.
In general, the tether force at zero velocity will depend on

300

250

E

%-O

_

200

150

100

50

0

0 5 10
Vt (glm/sec)

15 20
Tether force at zero velocity
The experimental evidence that the tether radius remains
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tether length (Waugh et al., 1992; Evans and Yeung, 1994).
It is only the tether radius, at a fixed apparent surface
tension (Eq. 13), that is independent of tether length.

Bending and tension
The tether force at zero velocity is 8.2 pN (Fig. 5 a), and the
tether radius is 210 nm, or 0.21 ,um. Thus, from Eq. 27b,
the bending modulus is

B= f0R=0.27 pN * ,m = 2.7 X 10-19 N m.

The bending modulus for tethers extracted from SOPC
vesicles is 1.1 X 10-19 N - m (Waugh et al., 1992; Yeung,
1994), that for SOPC/CHOL (1:1) is 2.2X 10'19 N-m
(Yeung, 1994), 2.5 X 10-19 N m (Evans and Rawicz,
1990), or 3.3 X 10-19 N * m (Song and Waugh, 1993), and
that for SM/CHOL (1:1) is 5.5 X 10-19 N m (Yeung,
1994).
Now, Eq. 13, or Eq. 27c or 27d, can be used to

calculate the apparent surface tension in neuronal growth
cone membrane:

T + f
4R = 3.1 pN/4m = 0.0031 mN/m(dyn/cm).

This is an extraordinarily small value for the apparent
surface tension and accounts for the fact that the tether
diameter is so large. Human neutrophils have a cortical
tension that is --10 times this value (Evans and Kukan,
1984; Needham and Hochmuth, 1992), and the membrane
tension that is imposed on vesicles from which tethers are
extracted is usually approximately 30-100 times larger than
this value. The energy of association measured when tethers
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FIGURE 7 Effect of different chemical treatments on the apparent sur-
face tension T + -y and bending modulus B for the membrane of neuronal
growth cones. The error bars for B and T + -y stand for their standard errors
of estimate (Spiegel, 1988). They were obtained with a statistical analysis,
in which the standard error of estimate forfo and the standard deviation for
Rt were used. DMSO, dimethylsurfoxide; CytoB, cytochalasin B; CytoD,
cytochalasin D; ATP-Dep., ATP depletion; EtOH, ethanol. For detailed
information on the treatments, refer to Dai and Sheetz (1995a).

are extracted from red cells (Waugh and Bauserman, 1995)
is -2 orders of magnitude larger than this value.
The effect of various chemical treatments on the values of

the apparent surface tension and the bending modulus is
shown in Fig. 7, and the statistical significance of the
difference in these values is given in Table 1. These calcu-
lations were performed by measuring the tether force at zero
velocity and the tether radius and using Eqs. 27b and 27c as
shown above.

Viscous drag and the "effective" viscosity
Because the tether radius remains constant, the viscous
terms in Eq. 26 can be replaced by a single effective surface
ViSCoSitY 71eff:

71eff 271m + qsih2 ln(RO/Rt) + 71tR2 ln(RO/Rt). (28)
Using the simplifications given by Eqs. 27a and 28 and
neglecting the induced bending term and the why term
allow Eq. 26 to be written as

f fo + 217fleffVt, (29a)
where fo is given by Eq. 27 and 7leff is given by Eq. 28.
Results such as those shown in Fig. 5 can be used to
determine a value for 'qeff according to

f -fo
71eff = 2TV - (29b)

For neuronal growth cones (Fig. 5), qleff = 0.137 pN * s/,um.
Values for 71eff obtained from the data of Evans and Yeung
(1994) and Yeung (1994) (see Fig. 5 b) are, in units
of pN - s/,tm, 0.071 (SM/CHOL), 0.012 (SOPC/CHOL, es-
timated), and 0.009 (SOPC). (All values are at room tem-
perature. Note that 1 pN- s/,um = 10-3 pN- s/nm = 10-3
dyn-s/cm.) Lipid membrane is thought to have a surface
viscosity of _ 10-6 dyns/cm = 0.001 pN * s/,um (Evans and
Yeung, 1994), so the contribution of the membrane viscos-

TABLE I Statistical signfficance of the changes in the
properties of treated neuronal growth cones

Treatments T + y B 7leff
DMSO 0.5% p < 0.001 p < 0.01 p > 0.1
DMSO 1% p < 0.001 p < 0.001 p < 0.01
DMSO 5% p < 0.001 p < 0.001 p < 0.001
Cytochalasin B p < 0.001 p > 0.1 p > 0.5
Cytochalasin D p < 0.001 p > 0.01 p > 0.5
ATP depletion p > 0.05 p > 0.5 p < 0.001
Ethanol p < 0.001 p > 0.01 p > 0.5
Nocodazole p < 0.01 p > 0.5 p > 0.1
The p-values listed here were obtained by using the two-tailed t test for two
heteroscedastic samples. The hypothesis is that T + -y, B, and q7eff are equal
to their corresponding control values. For the measurement of the apparent
surface tension all but the experiments involving ATP depletion are dif-
ferent from the control. For the measurement of the bending modulus, only
the treatment with DMSO resulted in a significant difference. For the
measurement of the effective viscosity, only ATP depletion and DMSO
addition (at the two higher values) resulted in a significant difference.
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ity to the effective viscosity in Eq. 28 is 2r1m = 0.002
pN * s/,m. The question now is: Which viscous term in Eq.
28 makes the greatest contribution to the experimental mea-
surement of the effective viscosity?

Interbilayer slip
This question is the easiest to answer for simple vesicles
because here the term for cytoskeletal slip is zero. Also, the
question must be answered for vesicles before it is possible
to make conclusions about the main source of viscous
resistance when membrane tethers are extracted from neu-
ronal growth cones. For the vesicles studied by Evans
and Yeung (1994), the interbilayer slip viscosity term from
Eq. 34, with %, is

7qsih2 ln(ReRt) = 17eff -27m

= 0.009 - 0.002 = 0.007 pN s/p,m (SOPC), (30)

= 0.012 - 0.002 = 0.010 pN * s/,m (SOPC/CHOL),

= 0.071 - 0.002 = 0.069 pN - s/,um (SM/CHOL).

These values account for the interbilayer drag. Yeung
(1994) reports values for 71sih2 with the assumption that 2%jm
is negligible. However, the membrane surface viscosity
does appear to be significant, at least for the case of SOPC.
(For SOPC membrane, increasing the assumed value for the
membrane surface viscosity by a factor of 3 would make
the viscous resistance of the membrane twice as large as that
caused by interbilayer slip.) Three-dimensional or "bulk"
values for the interbilayer slip viscosity, ,ih,, can be calcu-
lated because h is of the order of 4 nm (0.004 ,um) and
ln(R&Rt) is of the order of 5.4 (estimated from Yeung,
1994). Thus, the three-dimensional values for the slip vis-
cosity are 0.32 pN s//m2 (SOPC), 0.46 pN- s/pLm2
(SOPC/CHOL) and 3.2 pN s/pm2 (SM/CHOL). At room
temperature, common oils such as olive and castor oils have
a viscosity between 0.5 and 5 P (dyn-s/cm2), which is
between 0.05 and 0.5 pN * s/4Mm2. Therefore, the interbi-
layer slip viscosity for these simple vesicles has an equiv-
alent, three-dimensional (bulk) value that is comparable
with or somewhat larger than that for common oils.

Cytoskeletal slip
It is assumed that the simple membrane system that is
closest to the membrane of neuronal growth cones is SOPC/
CHOL. Neuronal growth cone membrane is saturated with
cholesterol at nearly a 1:1 ratio, and the membrane consists
of phospholipids with chain lengths similar to those of
SOPC and with negligible amounts of sphingomyelin
(Gennis, 1989). In addition, the bending moduli for the two
membranes are similar. For SOPC/CHOL, Yeung (1994)
gives a value for the interbilayer slip viscosity times the
square of the membrane thickness. However, this value is
based on the assumption that the membrane viscosity is neg-

ligible. From Eq. 30, it appears that neglecting the mem-
brane viscosity gives an overestimate of -20% in the value
for the interbilayer slip viscosity. Thus the "corrected"
value for the interbilayer slip is -20 X 10-3 pN- s/,m.
Now, when Eq. 28 is solved for the cytoskeletal slip term
and this new slightly modified or "corrected" value for the
membrane slip viscosity is substituted into the result,
the following value for the cytoskeletal slip viscosity term is
obtained:

7qs,R2 ln(RJRt) = 71eff - [2%m + sih2ln(RdRt)],

mSRt ln(RJRt) (31a)

= 0.137 - [0.002 + 0.002 ln(RJRt)] (pN * s/,m).

For neuronal growth cones with disklike diameters of 10
gm, which gives an equivalent sphere radius of 3.54 ,um,
and for a tether radius of 0.21 ,um, ln(Rc/Rt) = 2.82. For
these values of cell and tether radii, Eq. 31a becomes

mq,R2 ln(RJR,) = 0.129 pN - s/4m,
(3 lb)

mqSC = 1.0 pN * s/pm3.
It is postulated that this slip viscosity is due to a thin
layer of water between the inner bilayer membrane and
the cytoskeleton (Fig. 4 a). The mean or "effective" gap
thickness of this putative layer can be obtained by dividing
the viscosity of water at room temperature, which is -0.01
dyn-s/cm2 = 0.001 pN * s/4m2, by the value for the slip
viscosity given in Eq. 31b:

1>5water- 0.001 pN * S/[kM271sc5 = 71water = = 1.0 pN - s4tm3

= 0.001 ,tm = 1 nm.
(32)

The result indicates that the gap between membrane and
cytoskeleton is only -1 nm (10 A) thick. The viscous slip
between membrane and cytoskeleton dominates the tether-
extraction processes because the gap between them is so
small,- 1 nm, and the tether radius is large compared with
the thickness of the bilayer. The relatively large tether
radius increases the contribution to the effective viscosity
(Eq. 28) of the cytoskeletal slip relative to the interbilayer
slip, even though the value of the interbilayer slip viscosity,
[etasi, is -2 orders of magnitude larger than that for the
cytoskeletal slip viscosity, qsc.

Values for the effective viscosity for various chemical
treatments of neuronal growth cones are shown in Fig. 8,
and the significance of the change in values is shown in
Table 1 (along with the significance of the change in values
of the apparent surface tension and the bending modulus). In
most cases the effective viscosity does not change signifi-
cantly, which means, in accordance with the calculations
given above, that the gap width between membrane and
cytoskeleton does not change.
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ity to the effective viscosity in Eq. 28 is 2r1m = 0.002
pN * s/,m. The question now is: Which viscous term in Eq.
28 makes the greatest contribution to the experimental mea-
surement of the effective viscosity?

Interbilayer slip
This question is the easiest to answer for simple vesicles
because here the term for cytoskeletal slip is zero. Also, the
question must be answered for vesicles before it is possible
to make conclusions about the main source of viscous
resistance when membrane tethers are extracted from neu-
ronal growth cones. For the vesicles studied by Evans
and Yeung (1994), the interbilayer slip viscosity term from
Eq. 34, with %, is

7qsih2 ln(ReRt) = 17eff -27m

= 0.009 - 0.002 = 0.007 pN s/p,m (SOPC), (30)

= 0.012 - 0.002 = 0.010 pN * s/,m (SOPC/CHOL),

= 0.071 - 0.002 = 0.069 pN - s/,um (SM/CHOL).

These values account for the interbilayer drag. Yeung
(1994) reports values for 71sih2 with the assumption that 2%jm
is negligible. However, the membrane surface viscosity
does appear to be significant, at least for the case of SOPC.
(For SOPC membrane, increasing the assumed value for the
membrane surface viscosity by a factor of 3 would make
the viscous resistance of the membrane twice as large as that
caused by interbilayer slip.) Three-dimensional or "bulk"
values for the interbilayer slip viscosity, ,ih,, can be calcu-
lated because h is of the order of 4 nm (0.004 ,um) and
ln(R&Rt) is of the order of 5.4 (estimated from Yeung,
1994). Thus, the three-dimensional values for the slip vis-
cosity are 0.32 pN s//m2 (SOPC), 0.46 pN- s/pLm2
(SOPC/CHOL) and 3.2 pN s/pm2 (SM/CHOL). At room
temperature, common oils such as olive and castor oils have
a viscosity between 0.5 and 5 P (dyn-s/cm2), which is
between 0.05 and 0.5 pN * s/4Mm2. Therefore, the interbi-
layer slip viscosity for these simple vesicles has an equiv-
alent, three-dimensional (bulk) value that is comparable
with or somewhat larger than that for common oils.

Cytoskeletal slip
It is assumed that the simple membrane system that is
closest to the membrane of neuronal growth cones is SOPC/
CHOL. Neuronal growth cone membrane is saturated with
cholesterol at nearly a 1:1 ratio, and the membrane consists
of phospholipids with chain lengths similar to those of
SOPC and with negligible amounts of sphingomyelin
(Gennis, 1989). In addition, the bending moduli for the two
membranes are similar. For SOPC/CHOL, Yeung (1994)
gives a value for the interbilayer slip viscosity times the
square of the membrane thickness. However, this value is
based on the assumption that the membrane viscosity is neg-

ligible. From Eq. 30, it appears that neglecting the mem-
brane viscosity gives an overestimate of -20% in the value
for the interbilayer slip viscosity. Thus the "corrected"
value for the interbilayer slip is -20 X 10-3 pN- s/,m.
Now, when Eq. 28 is solved for the cytoskeletal slip term
and this new slightly modified or "corrected" value for the
membrane slip viscosity is substituted into the result,
the following value for the cytoskeletal slip viscosity term is
obtained:

7qs,R2 ln(RJRt) = 71eff - [2%m + sih2ln(RdRt)],

mSRt ln(RJRt) (31a)

= 0.137 - [0.002 + 0.002 ln(RJRt)] (pN * s/,m).

For neuronal growth cones with disklike diameters of 10
gm, which gives an equivalent sphere radius of 3.54 ,um,
and for a tether radius of 0.21 ,um, ln(Rc/Rt) = 2.82. For
these values of cell and tether radii, Eq. 31a becomes

mq,R2 ln(RJR,) = 0.129 pN - s/4m,
(3 lb)

mqSC = 1.0 pN * s/pm3.
It is postulated that this slip viscosity is due to a thin
layer of water between the inner bilayer membrane and
the cytoskeleton (Fig. 4 a). The mean or "effective" gap
thickness of this putative layer can be obtained by dividing
the viscosity of water at room temperature, which is -0.01
dyn-s/cm2 = 0.001 pN * s/4m2, by the value for the slip
viscosity given in Eq. 31b:

1>5water- 0.001 pN * S/[kM271sc5 = 71water = = 1.0 pN - s4tm3

= 0.001 ,tm = 1 nm.
(32)

The result indicates that the gap between membrane and
cytoskeleton is only -1 nm (10 A) thick. The viscous slip
between membrane and cytoskeleton dominates the tether-
extraction processes because the gap between them is so
small,- 1 nm, and the tether radius is large compared with
the thickness of the bilayer. The relatively large tether
radius increases the contribution to the effective viscosity
(Eq. 28) of the cytoskeletal slip relative to the interbilayer
slip, even though the value of the interbilayer slip viscosity,
[etasi, is -2 orders of magnitude larger than that for the
cytoskeletal slip viscosity, qsc.

Values for the effective viscosity for various chemical
treatments of neuronal growth cones are shown in Fig. 8,
and the significance of the change in values is shown in
Table 1 (along with the significance of the change in values
of the apparent surface tension and the bending modulus). In
most cases the effective viscosity does not change signifi-
cantly, which means, in accordance with the calculations
given above, that the gap width between membrane and
cytoskeleton does not change.
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pN * s/,m. The question now is: Which viscous term in Eq.
28 makes the greatest contribution to the experimental mea-
surement of the effective viscosity?

Interbilayer slip
This question is the easiest to answer for simple vesicles
because here the term for cytoskeletal slip is zero. Also, the
question must be answered for vesicles before it is possible
to make conclusions about the main source of viscous
resistance when membrane tethers are extracted from neu-
ronal growth cones. For the vesicles studied by Evans
and Yeung (1994), the interbilayer slip viscosity term from
Eq. 34, with %, is

7qsih2 ln(ReRt) = 17eff -27m

= 0.009 - 0.002 = 0.007 pN s/p,m (SOPC), (30)

= 0.012 - 0.002 = 0.010 pN * s/,m (SOPC/CHOL),

= 0.071 - 0.002 = 0.069 pN - s/,um (SM/CHOL).

These values account for the interbilayer drag. Yeung
(1994) reports values for 71sih2 with the assumption that 2%jm
is negligible. However, the membrane surface viscosity
does appear to be significant, at least for the case of SOPC.
(For SOPC membrane, increasing the assumed value for the
membrane surface viscosity by a factor of 3 would make
the viscous resistance of the membrane twice as large as that
caused by interbilayer slip.) Three-dimensional or "bulk"
values for the interbilayer slip viscosity, ,ih,, can be calcu-
lated because h is of the order of 4 nm (0.004 ,um) and
ln(R&Rt) is of the order of 5.4 (estimated from Yeung,
1994). Thus, the three-dimensional values for the slip vis-
cosity are 0.32 pN s//m2 (SOPC), 0.46 pN- s/pLm2
(SOPC/CHOL) and 3.2 pN s/pm2 (SM/CHOL). At room
temperature, common oils such as olive and castor oils have
a viscosity between 0.5 and 5 P (dyn-s/cm2), which is
between 0.05 and 0.5 pN * s/4Mm2. Therefore, the interbi-
layer slip viscosity for these simple vesicles has an equiv-
alent, three-dimensional (bulk) value that is comparable
with or somewhat larger than that for common oils.

Cytoskeletal slip
It is assumed that the simple membrane system that is
closest to the membrane of neuronal growth cones is SOPC/
CHOL. Neuronal growth cone membrane is saturated with
cholesterol at nearly a 1:1 ratio, and the membrane consists
of phospholipids with chain lengths similar to those of
SOPC and with negligible amounts of sphingomyelin
(Gennis, 1989). In addition, the bending moduli for the two
membranes are similar. For SOPC/CHOL, Yeung (1994)
gives a value for the interbilayer slip viscosity times the
square of the membrane thickness. However, this value is
based on the assumption that the membrane viscosity is neg-

ligible. From Eq. 30, it appears that neglecting the mem-
brane viscosity gives an overestimate of -20% in the value
for the interbilayer slip viscosity. Thus the "corrected"
value for the interbilayer slip is -20 X 10-3 pN- s/,m.
Now, when Eq. 28 is solved for the cytoskeletal slip term
and this new slightly modified or "corrected" value for the
membrane slip viscosity is substituted into the result,
the following value for the cytoskeletal slip viscosity term is
obtained:

7qs,R2 ln(RJRt) = 71eff - [2%m + sih2ln(RdRt)],

mSRt ln(RJRt) (31a)

= 0.137 - [0.002 + 0.002 ln(RJRt)] (pN * s/,m).

For neuronal growth cones with disklike diameters of 10
gm, which gives an equivalent sphere radius of 3.54 ,um,
and for a tether radius of 0.21 ,um, ln(Rc/Rt) = 2.82. For
these values of cell and tether radii, Eq. 31a becomes

mq,R2 ln(RJR,) = 0.129 pN - s/4m,
(3 lb)

mqSC = 1.0 pN * s/pm3.
It is postulated that this slip viscosity is due to a thin
layer of water between the inner bilayer membrane and
the cytoskeleton (Fig. 4 a). The mean or "effective" gap
thickness of this putative layer can be obtained by dividing
the viscosity of water at room temperature, which is -0.01
dyn-s/cm2 = 0.001 pN * s/4m2, by the value for the slip
viscosity given in Eq. 31b:

1>5water- 0.001 pN * S/[kM271sc5 = 71water = = 1.0 pN - s4tm3

= 0.001 ,tm = 1 nm.
(32)

The result indicates that the gap between membrane and
cytoskeleton is only -1 nm (10 A) thick. The viscous slip
between membrane and cytoskeleton dominates the tether-
extraction processes because the gap between them is so
small,- 1 nm, and the tether radius is large compared with
the thickness of the bilayer. The relatively large tether
radius increases the contribution to the effective viscosity
(Eq. 28) of the cytoskeletal slip relative to the interbilayer
slip, even though the value of the interbilayer slip viscosity,
[etasi, is -2 orders of magnitude larger than that for the
cytoskeletal slip viscosity, qsc.

Values for the effective viscosity for various chemical
treatments of neuronal growth cones are shown in Fig. 8,
and the significance of the change in values is shown in
Table 1 (along with the significance of the change in values
of the apparent surface tension and the bending modulus). In
most cases the effective viscosity does not change signifi-
cantly, which means, in accordance with the calculations
given above, that the gap width between membrane and
cytoskeleton does not change.
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pN * s/,m. The question now is: Which viscous term in Eq.
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surement of the effective viscosity?

Interbilayer slip
This question is the easiest to answer for simple vesicles
because here the term for cytoskeletal slip is zero. Also, the
question must be answered for vesicles before it is possible
to make conclusions about the main source of viscous
resistance when membrane tethers are extracted from neu-
ronal growth cones. For the vesicles studied by Evans
and Yeung (1994), the interbilayer slip viscosity term from
Eq. 34, with %, is

7qsih2 ln(ReRt) = 17eff -27m

= 0.009 - 0.002 = 0.007 pN s/p,m (SOPC), (30)

= 0.012 - 0.002 = 0.010 pN * s/,m (SOPC/CHOL),

= 0.071 - 0.002 = 0.069 pN - s/,um (SM/CHOL).

These values account for the interbilayer drag. Yeung
(1994) reports values for 71sih2 with the assumption that 2%jm
is negligible. However, the membrane surface viscosity
does appear to be significant, at least for the case of SOPC.
(For SOPC membrane, increasing the assumed value for the
membrane surface viscosity by a factor of 3 would make
the viscous resistance of the membrane twice as large as that
caused by interbilayer slip.) Three-dimensional or "bulk"
values for the interbilayer slip viscosity, ,ih,, can be calcu-
lated because h is of the order of 4 nm (0.004 ,um) and
ln(R&Rt) is of the order of 5.4 (estimated from Yeung,
1994). Thus, the three-dimensional values for the slip vis-
cosity are 0.32 pN s//m2 (SOPC), 0.46 pN- s/pLm2
(SOPC/CHOL) and 3.2 pN s/pm2 (SM/CHOL). At room
temperature, common oils such as olive and castor oils have
a viscosity between 0.5 and 5 P (dyn-s/cm2), which is
between 0.05 and 0.5 pN * s/4Mm2. Therefore, the interbi-
layer slip viscosity for these simple vesicles has an equiv-
alent, three-dimensional (bulk) value that is comparable
with or somewhat larger than that for common oils.

Cytoskeletal slip
It is assumed that the simple membrane system that is
closest to the membrane of neuronal growth cones is SOPC/
CHOL. Neuronal growth cone membrane is saturated with
cholesterol at nearly a 1:1 ratio, and the membrane consists
of phospholipids with chain lengths similar to those of
SOPC and with negligible amounts of sphingomyelin
(Gennis, 1989). In addition, the bending moduli for the two
membranes are similar. For SOPC/CHOL, Yeung (1994)
gives a value for the interbilayer slip viscosity times the
square of the membrane thickness. However, this value is
based on the assumption that the membrane viscosity is neg-

ligible. From Eq. 30, it appears that neglecting the mem-
brane viscosity gives an overestimate of -20% in the value
for the interbilayer slip viscosity. Thus the "corrected"
value for the interbilayer slip is -20 X 10-3 pN- s/,m.
Now, when Eq. 28 is solved for the cytoskeletal slip term
and this new slightly modified or "corrected" value for the
membrane slip viscosity is substituted into the result,
the following value for the cytoskeletal slip viscosity term is
obtained:

7qs,R2 ln(RJRt) = 71eff - [2%m + sih2ln(RdRt)],

mSRt ln(RJRt) (31a)

= 0.137 - [0.002 + 0.002 ln(RJRt)] (pN * s/,m).

For neuronal growth cones with disklike diameters of 10
gm, which gives an equivalent sphere radius of 3.54 ,um,
and for a tether radius of 0.21 ,um, ln(Rc/Rt) = 2.82. For
these values of cell and tether radii, Eq. 31a becomes

mq,R2 ln(RJR,) = 0.129 pN - s/4m,
(3 lb)

mqSC = 1.0 pN * s/pm3.
It is postulated that this slip viscosity is due to a thin
layer of water between the inner bilayer membrane and
the cytoskeleton (Fig. 4 a). The mean or "effective" gap
thickness of this putative layer can be obtained by dividing
the viscosity of water at room temperature, which is -0.01
dyn-s/cm2 = 0.001 pN * s/4m2, by the value for the slip
viscosity given in Eq. 31b:

1>5water- 0.001 pN * S/[kM271sc5 = 71water = = 1.0 pN - s4tm3

= 0.001 ,tm = 1 nm.
(32)

The result indicates that the gap between membrane and
cytoskeleton is only -1 nm (10 A) thick. The viscous slip
between membrane and cytoskeleton dominates the tether-
extraction processes because the gap between them is so
small,- 1 nm, and the tether radius is large compared with
the thickness of the bilayer. The relatively large tether
radius increases the contribution to the effective viscosity
(Eq. 28) of the cytoskeletal slip relative to the interbilayer
slip, even though the value of the interbilayer slip viscosity,
[etasi, is -2 orders of magnitude larger than that for the
cytoskeletal slip viscosity, qsc.

Values for the effective viscosity for various chemical
treatments of neuronal growth cones are shown in Fig. 8,
and the significance of the change in values is shown in
Table 1 (along with the significance of the change in values
of the apparent surface tension and the bending modulus). In
most cases the effective viscosity does not change signifi-
cantly, which means, in accordance with the calculations
given above, that the gap width between membrane and
cytoskeleton does not change.
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>Cytoskeletal slip viscosity dominates
(amplification due to large tether radius)

Equivalent to viscous resistance created by a layer of water 1nm thick

Flow of Growth-Cone Membrane into Tethers

Finally, it is postulated that the membrane has a surface
viscosity (Hochmuth and Evans, 1982) that causes a sur-
face-stress resultant because of the extensional flow of
membrane from cell body to tether:

reTre = TA + 2're ar' Tn = Tv+ 2rqidr'a,,h~

where -%y and -ri are the outer (external) and inner membrane

surface viscosities. For this case the dissipation function
(Eq. 15) can be evaluated for both inner and outer mono-
layers by using results given by Bird et al. (1960):

I (Io2 P(re)+2 Vre)]2 dIm= qe 2 + 2iiTr dr

Rti (23)

2o ]v i r+ Ij 2[d) + 2)2irrdr,

where the three-dimensional viscosity times the differential
volume in Eq. 15, 'mdV, has been replaced by a (two-
dimensional) surface viscosity times a differential surface
area, 'me27rrdr and qi2mTrdr. The substitution of Eq. 16 into
Eq. 23 and the subsequent integration gives

Im = 4w7TmmV (24)

where terms of the order of (R/R0)2 have been neglected
and where 71m = '7e + 71ij
The rate of work at the boundary of the system shown in

Fig. 4 can be equated to the rate of dissipation and the rate
of change in the energy of the system that are due to
bending and adhesion:

f Vt + Wsc + Te2Trvre + T12rrvn

= ( RBe + + 2rR,y Vt + im + isi.
Rte Rt'rRi

Equation 16 can be used to eliminate rvre and rvri in Eq. 25.
In addition, all the appropriate equations (Eqs. 19, 21, and
24) can be substituted into Eq. 25 and the inner and outer
tether radii replaced by Rti = Rt- h/2 and Rte = Rt + h/2.
Finally, when the tether velocity is canceled from both sides
of the equation and higher-order terms are neglected, the
following general result is obtained:

f = 27rRt(T +Y) + rB/Rt + wh(Te-Ti)-7Thy
+ 2T7rVt[27)m + qsih2ln(RJRt) + qsR2 ln(RJRt)].

Note that the nonviscous part of Eq. 26 (i.e., the part not
multiplied by the tether velocity Vt) is identical to Eq. 8.
This gives the tether force at zero velocity, fo.
The first viscous term in Eq. 26, which accounts for

the membrane surface viscosity, rqm, has been derived by
Hochmuth and Evans (1982). The second term, which ac-
counts for the slip viscosity between the two monolayers,
-rsi, has been derived by Evans and Yeung (1994). Both of
these derivations were based on the equations of membrane

mechanics. The third term, which accounts for the slip
viscosity between membrane and cytoskeleton, qsc, is new.
Note that this term has a larger scale factor-the square of
the tether radius-than the term that accounts for the slip
viscosity between the monolayers where the scale factor is
the square of the effective membrane thickness. Thus, even
if the values for the two slip viscosities are equal, the drag
from the cytoskeleton will dominate that from interbilayer
slip because of the larger scale factor.

EXTRACTION OF TETHERS FROM NEURONAL
GROWTH CONES
Neuronal growth cones from chick embryos were cultured
and prepared for study as described by Dai and Sheetz
(1995a). Latex beads (Duke Scientific, Palo Alto, CA)
coated with rat IgG (Sigma, St. Louis, MO) were allowed to
adhere to growth cones that, in turn, were adhering to a
cover slip in a chamber mounted upon a microscope stage.
The latex beads were held in a laser-tweezers trap, and the
stage was moved with a piezoceramic driver (Wye Creek
Instruments, Frederick, MD) at a constant velocity away
from the bead being held in the laser trap, creating a tether.
The movement of the bead in the trap is proportional to the
force exerted on the bead by the tether. The force was
calibrated with the method of Kuo and Sheetz (1993), and
the nanometer displacements of the bead were tracked
(Gelles et al., 1988). The results of the measurements of
tether force versus velocity are shown in Fig. 5a. Here 57
data points are plotted for velocities as large as 18.5 ,um/s.
This plot includes 26 data points from the work of Dai and
Sheetz (1995a) in which the maximum velocity was -6
,um/s. In that paper the slope, from a straight-line fit, of the
force-versus-velocity data was 1.51 pN s/,um, whereas
here it is somewhat less and has a value of 0.861 pN * s/,um.
The tether force at zero velocity, fo, is -8.2 pN in Fig. 5 a
and 6.7 pN in the work of Dai and Sheetz (1995a). Mea-
surements made at negative velocities (data not shown)
essentially fell on the extrapolation of the straight line of the
curve shown in Fig. 5 a. The extrapolation to zero force
gives a negative velocity between 10 and 12 ,um/s, which is
the velocity observed (but not measured precisely) when the
bead is released from the trap. (The force produced by
the Stokes drag on a 0.5-jim-diameter sphere at these ve-
locities will be less than 0.1 pN.) Finally, when tethers from
neuronal growth cones are extracted at constant velocity and
the tether is suddenly stopped, the tether force at zero
velocity at different tether lengths can be measured. No
correlation of this force with tether length is observed (data
not shown). That is, the tether force at zero velocity was not
observed to increase (or decrease) with tether length. This
means that the induced bending term is not important
when tethers are extracted from neuronal growth cones from
chick embryos. For tethers from neuronal growth cones,
2Rt = 410 nm (shown below). Inasmuch as h is generally
4 nm, 2Rt >> h. Consequently, 2'rrR,T = 2'rrRt(Te + Ti)>>
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Table 1. Tether forces and calculated membrane tension values for various cell types under different conditions. Values obtained on blebs
or upon cytoskeleton disruption, as well as those entries marked **, are real in-plane membrane tensions, while the others are apparent
membrane tensions, possibly including a cytoskeleton attachment component.

Tether force (pN) Membrane tension (pN µm−1)* Reference

C. elegans sperm cell
—isotonic conditions** 35 150 [29]
—hyperosmotic shock** 15 30
Keratocyte
—no treatment 54 276 [27]

∼40 Not calculated [36]
—on blebs ∼33 ∼100 [27]
—actin cytoskeleton disruption 20 35 [36]
(cytochalasin)
Melanoma cells
—on blebs 15 11 [25]
—on attached membranes 26 32
—actin cytoskeleton disruption Not applicable 18 [35]
(cytochalasin) (tension

measured by
interferometry)

Epithelial cells
—on blebs 8 3 [25]
—on apical membranes 22 22
Neutrophils
—resting 8.5 Not calculated [17]
—activated (chemoattractant addition) 16.6
—inhibit myosin ∼14
Fibroblasts 7 Not calculated [37]
Endothelial cells, epithelial-like cells ∼30 Not calculated [38]
and brain tumor cells
—All three cell types, actin cytoskeleton ∼15

disruption (latrunculin)
Mitotic HeLa cells
—on glass** ∼20 Not calculated [30]
—on fibronectin** ∼30

*κ used to calculate the membrane tension from the tether force ranged from 1–3 × 10−19 N m.
**Tubes pulled in different regions of the cell with different cytoskeleton organizations give identical values, so
contribution of cytoskeleton attachment to tether force is considered negligible.

2.3.3. Interferometry. A newly developed alternative method
to tube pulling and micropipette aspiration for measuring
in-plane membrane tension uses a non-invasive high-speed
interferometric approach to detect membrane fluctuations ([33,
34] and figure 1). Fluctuations can be related to the membrane
tension, but as with membrane tethers and micropipette
aspiration, if the cytoskeleton is attached to the membrane,
the fluctuations also reflect the acto-myosin dynamics of the
cell. When cytoskeleton is destroyed however, this technique
gives comparable values to those obtained by tube pulling on
cell blebs [35] (table 1), and thus is a promising complement
to existing membrane tension measurement techniques, with
the advantage that unlike tether pulling and micropipette
aspiration, the cell is not physically manipulated during the
measurement.

3. What sets the in-plane membrane tension of a cell
and how is it maintained?

There is a large dispersion in the membrane tension values
measured for different cell types, even when comparing only
those values that represent pure membrane tension (table 1).

This observation begs the question as to what sets the
membrane tension of different cell-types.

3.1. Role of membrane trafficking in tension homeostasis

During spreading of fibroblasts, membrane area is observed to
increase by 80% with the doubling of the cell area in contact
with the substrate, and other cell types show similar trends
although less dramatic [39]. Membrane tensions of unspread
and spread cells as measured by tether pulling are identical.
Without addition of membrane, a lipid bilayer will rupture
upon a 3–5% increase in area, due to excessive membrane
tension [31]. Something therefore must compensate for the
large changes in cell and membrane area required for a
cell to spread once membrane folds have been pulled out.
One membrane resource available to the cell is caveolae,
membrane invaginations that have a stable and defined
signature, unlike membrane folds and thermal fluctuations.
When cells experience an increase in membrane tension,
triggered either chemically or mechanically by physically
increasing cell area, caveolae are predicted theoretically and
observed experimentally to disassemble [40–42]. This is
calculated to give approximately a 0.3% increase in membrane
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Membrane tension varies 3-276 pN/µm

Membrane tension rupture far greater:  
3000-10000 pN/µm

Contribution of membrane in-plane tension only

Membrane adhesion to actin cortex is often the chief 
contributor of measured membrane tension
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Is membrane tension uniform?

Principle: 
• The membrane is a fluid, so lipids would flow if there were a 

gradient of tension within a cell. 
• Flow could, in principle be maintained if the system were brought 

out of equilibrium by gradient of e.g. rapid/polarised exo/
endocytosis over sufficiently large distance.

Evidence: 
• Lipids are stationary and do not flow (in most cases)
• Cortical actin does flow 
• Surface proteins can flow when coupled to actin

Conclusion: Tension is, in general uniform
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Lipids in the membrane do not flow

© 1989 Nature  Publishing Group
© 1989 Nature  Publishing Group

© 1989 Nature  Publishing Group

© 1989 Nature  Publishing Group

© 1989 Nature  Publishing Group

© 1989 Nature  Publishing Group

Mean square displacement:

40nm Gold-Concanavalin A particles (bind glycoproteins).
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Diffusion Flow

D: diffusion coefficient
V: velocity of directed movement

Sheetz M., Turney S. Qian H. and Elson E. Nature 340:284. 1989

30Hz acquisition: detects diffusion within range of 10 — 10     cm.s-10 -13 2 -1
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Membrane tethers and tension gradients reveal the existence of
lipid flows (in axons)
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Axon Membrane Flows from the Growth Cone 
to the Cell Body 

Jianwu Dai and Michael P. Sheet2 
Department of Cell Biology 
Duke University Medical Center 
Durham, North Carolina 27710 

During the growth of axons, the surface area of the 
neuron increases dramatically. Membrane addition as 
well as exchange could contribute to rapid membrane 
dynamics or flow. Using diffusing latex beads to moni- 
tor membrane flow, we find that axonal membrane 
flows rapidly (7 pm/mm) from growth cone to cell body 
during axon growth and that flow is inhibited by brefel- 
din A. To power this flow, there is a membrane tension 
gradient from growth cone to cell body that could draw 
the membrane overtheaxon at that rate. Further, when 
an artificial flow is induced to the center of the axon 
by use of laser tweezers, the primary source of the 
membrane is from the growth cone. We suggest that 
during neuron growth, there is excess membrane 
added at the growth cone in chick dorsal root ganglia 
(DRGs) that undergoes endocytosis at the cell body, 
thereby creating a flow that can rapidly alter the con- 
tent of the axon membrane. 

Introduction 

Nerve growth involves a major increase in the surface area 
of the cell and requires the constant assembly of surface 
structures at the growth cone. Because the ribosomes of 
a developing neuron are mainly confined to the cell body, 
new proteins are synthesized in the cell body and carried 
outward in vesicles by anterograde axonal fast transport’to 
the growth cone. Recently, newly synthesized membrane 
proteins were shown to be preferentially added at axonal 
growth cones (Craig et al., 1995). A robust endocytosis 
also occurs at the growth cone, which, when coupled 
with retrograde fast axonal transport, carries signals back 
to the cell body. This retrograde traffic could balance 
the exocytosis of new components. Thus, it is not clear 
whether the bulk of the axon plasma membrane is added 
at the cell body or at the growth cone. Contradictory results 
were found in previous studies that tried to localize sites of 
bulk membrane addition in growing neurons (Bray, 1970; 
Griffin et al., 1981; Pfenninger and Maylie-Pfenninger, 
1981; Popov et al., 1993; Craig et al., 1995). If axon mem- 
brane movement during neurite extension can be mea- 
sured, the balance of membrane trafficking, the site of 
bulk membrane addition, and the rate axon membrane 
exchange can be defined. 

Because there is evidence for both secretion and endo- 
cytosis at the growth cone, other experiments are needed 
to determine whether the axon membrane is stationary or 
flows in an anterograde or retrograde direction. The direct 

analysis of membrane movement has been difficult, and 
most arguments have been indirect. A direct approach for 
probing net flow in the plasma membrane plane is the 
single particle tracking (SPT) technique, in which mem- 
brane proteins or lipids are tagged with antibody-coated 
submicrometer colloidal gold or latex particles, and the 
trajectories of the labeled molecules are followed by ob- 
serving the particle movement (Lee et al., 1991; Kucik et 
al., 1990; Sheetz et al., 1989). The SPT method provides 
more detailed information about membrane molecule mo- 
bility than the fluorescence photobleaching and recovery 
technique (Qian et al., 1991; lshihara and Jacobson, 
1993) and the technique has been utilized to show that 
there is no bulk flow of membrane on the surface of migrat- 
ing fibroblasts (Lee et al., 1993; Kucik et al., 1990; Sheetz 
et al., 1989). Within neurons, the high degree of asymme- 
try of the neuritic processes may lead to a flow. 

For membrane to flow from one end of an axon to an- 
other, there must be a driving force to pull the membrane 
tube over the axon cytoskeleton. In physical terms, this 
force must be applied to the axon membrane and would 
appear as a tension in the plane of that membrane. Be- 
cause of the fluid nature of plasma membranes, a tension 
in the membrane plane is isotropic. If the membrane is 
deformed, then the tension will produce a restoring force, 
and the magnitude of the restoring force can be used to 
estimate the membrane tension. In practice, when mem- 
branes are deformed, a thin membrane tube or tether is 
produced, and the membrane tension creates a restoring 
force on that tether (Waugh and Hochmuth, 1987). We can 
readily measure the restoring force on membrane tethers 
with the laser tweezers, thereby giving a direct estimate 
of that tension (Dai and Sheetz, 1995a). Thus, another 
way to test whether there is a membrane flow along an 
axon is to measure the membrane tension or tether force 
at different regions along the axon surface. If there is a 
membrane flow, the tension should be smaller at the origin 
of the flow, because there is excess membrane in that 
region. 

Another way to probe where axonal membranes come 
from is to remove membrane from the center of the axon 
and ask whether the replacement membrane is drawn 
from the cell body or the growth cone. Because mem- 
branes are very inelastic, the movement of membrane into 
a tether formed on an axon will create a flow of membrane 
to that site from the preferred site of membrane addition. 
In previous studies, we have found that membrane can 
be drawn into tethers from growth cones at rates several 
hundredfold greater than the natural rate of axon growth 
(Dai and Sheetz, 1995a). Tether formation can thus be 
used as a membrane sink to determine where membrane 
is being added to the axon. 

We have used these different criteria to analyze chick 
dorsal root ganglion (DRG) axons for membrane flow. The 
results all indicate that there is a membrane flow along 
the axon from the growth cone to the cell body and that 
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Membrane Tether Force 

Fc = 7.61+ 0.76 pN FG= 5.36 + 0.45 pN 
( n=ZZ) ( II=20 ) 

Figure 4. Tether Force Is Greater and Axon Diameter Is Smaller at 
the Cell Body Than at the Growth Cone 
The diagram shows that the static tether force near the cell body is 
significantly greater (P < 0.02) than the force at the growth cone. The 
photomicrographs show that the axon diameter is significantly smaller 
near the cell body than near the growth cone (the ratio of diameters 
at the growth cone to those at the cell body is 1.57 f 0.07 [standard 
error, n = 211). 

branes in a controlled way with a laser tweezers force 
applied to the membrane-attached beads. Pulling on the 
beads will produce a thin membrane tube or tether (see 
Figure 4), and the force on that tether can be related to 
the membrane tension (Hochmuth et al., 1995). There are 
several terms in the tether force, including the membrane 
bending stiffness, the membrane adhesion to thecytoskel- 
eton, and a mechanical in-plane tension. Because there 
is no way to separate the membrane adhesion from the 
in-plane tension terms for a cell that has a complex shape, 
such as a neuron, we have included both terms in what 
we are defining here as a membrane tension (Dai and 
Sheetz, 1995b; Hochmuth et al., 1995). Thus, for a mem- 
brane flow from the growth cone to the cell body, there 
must be a driving force of a higher membrane tension at 
the cell body. 

To explore whether a membrane tension could drive 
this flow, tethers were formed on axons either 4 urn from 
the cell body or 4 urn from the growth cone. The force 
exerted by the tether on the bead was determined from 
the displacement of the bead from the center of the tweez- 
ers (Dai and Sheetz, 1995a). Tethers were 10 urn in length 
and were held stationary for 1 O-20 s. As in previous stud- 
ies, the force on the bead was independent of tether length 
in the range of 5-30 urn (Dai and Sheetz, 1995a). The 
axons were 60-100 urn in length. Figure 4 shows that the 
force exerted by the tether was on average 2.25 pN greater 
at the cell body than at the growth cone (P < 0.02). In 
addition to the membrane tension, the membrane bending 
stiffness contributes to the force on a tether (Hochmuth 
et al., 1995). If the membrane bending stiffness was the 
same at both ends of the axon, the diameter of the tether 
should be inversely related to the tether force. When we 

measured the apparent diameters of the tethers at the cell 
body and the growth cone from the relative contrast of the 
tethers (Schnapp et al., 1988) we found that the tethers 
at the growth cone were 1.24-fold f 0.1 O-fold (n = 21) 
larger than those at the cell body. This is within experimen- 
tal error of the inverse ratio of tether forces (1.38 + 0.14, 
n = 20). Thus, we find that the membrane tension is 
greater at the cell body than at the growth cone and would 
drive membrane movement in that direction. 

The greater membrane tension at the cell body would 
produce a compressive pressure on the axon, which may 
result in the constriction of the axon at the cell body. When 
the axon diameters were compared for points 4 urn from 
the cell body versus 4 urn from the growth cone, the axon 
at the growth cone was 1.57-fold + 0.07-fold (n = 21) 
larger than at the cell body. This dramatic difference in 
diameter is seen in stretches of the axon that are clearly 
separated from the growth cone (Figure 4) and show no 
tapering. A thinning of the axon near the cell body is ob- 
served, which is consistentwith the higher membrane ten- 
sion observed there. 

A test of whether tension does drive the flow is to deter- 
mine the rateof membraneflowsupported by theobserved 
tension difference. In other words, a flow velocity can be 
calculated from the viscous resistance of the axon and 
the tension difference, which should correspond to the 
velocity observed by the bead movements. The viscous 
resistance of the axon was derived from the changes in 
tether force with changes in velocity of tether formation, 
which were shown previously to be linearly related (Dai 
and Sheetz, 1995a). We found that the force on the tether 
increased 1.5 pN per pm/s increase in the velocity of tether 
extension for tethers formed in the center of the axon. AS 
a test of the linearity of the tension along the axon, we 
measured the tether force at zero velocity to be 6.08 pN, 
which is indeed intermediate between the tether forces at 
the cell body and growth cone. The average tether diame- 
ter was estimated from the relative contrast of the tether 
to be about 0.4 urn (1.26 um’of membrane per micrometer 
of tether). Thus, we estimate that 56 urn* of membrane 
per minute would be moved by a gradient in tension corre- 
sponding to a difference of 2.25 pN in the tether force over 
the length of the axon (Figure 4). This is in excess of the 
observed value of 30 um?min for the lipid-attached beads. 
Thus, the membrane tension difference between the cell 
body and the growth cone is sufficient to account for the 
observed membrane flow. 

Tether Formation and Membrane Flow 
Another way to test whether membrane is being preferen- 
tially added to the axon at the growth cone is to create a 
membrane flow in the center of the axon by forming a 
membrane tether with the laser tweezers. We formed mem- 
brane tethers with an apparent diameter of 0.4 urn that 
were extended rapidly to a length of 15-20 vrn (velocity 
was 5-l 0 urn/s). This created a flow of 19-25 km2 of mem- 
brane to the site of tether formation. Diffusing beads on 
the axon should flow toward the tether site from the site 
of membrane addition to the axon. Two diffusing beads 
were placed on an axon, one on either the cell body or 

• Membrane flow observed
• Can be accounted for by gradient of tension
    (given known viscous resistance)

• Tethered induced flow
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Figure 5. Photomicrographs Show Thatthe Membrane Flows Primarily 
from the Growth Cone to the Tether Site 
In the first panel, three diffusing IgG beads are shown on the axon. 
In the second panel, the central bead is trapped by the laser tweezers. 
Then a tether of 15 pm is formed at a rate of 5 urn/s with the central 
bead, and there is obvious movement of the bead on the growth cone 
(GC) side but not the cell body (CB) side of the tether. The final panel 
shows an in focus view of the beads on the axon. 

the growth cone side of the tether. After a tether was 
pulled, the bead on the growth cone side of the tether 
moved toward the tether site, whereas there was barely 
detectable movement of the bead on the cell body side 
(Figure 5). On average, the anti-FL bead displacements 
were 0.89 + 0.25 urn (standard error, n = 20) and 4.12 f 
0.28 pm (standard error, n = 29) for the beads on the 
cell body and growth cone sides, respectively (Figure 6A). 
Similarly, with the IgG beads, the displacements on the 
cell body and growth cone sides were 0.74 f 0.15 (stan- 
dard error, n = 52) and 4.15 f 0.40 (standard error, n = 
87)pm, respectively(Figure6B). Becausetheflowontothe 
tether was rapid, the sum of the net particle displacements 
corresponded to the amount of axonal membrane moved 
into the tether, or on average, 22 urn*. Thus, about 80% 
of the membrane that was drawn into a tether came from 
the growth cone, while only 20% from the cell body (Fig- 
ure 7). 

flow from the Growth Cone Is inhibited 
by Brefeldin A 
If the flow of membrane from the growth cone results from 
the incorporation of membrane into the growth cone 
through a normal secretion process, then the addition of 
brefeldin A, which partially inhibits transport in axons 
(Smith et al., 1994), should cause a decrease in the flow. 
Cells were treated with 5 pglml of brefeldin A for 1 hr 
prior to analysis. The results showed that for diffusing IgG 
beads on the axon, the average flow velocity was 3.61 f 
0.43 pmlmin (n = 35) but was reduced to 1.55 f 0.45 
umlmin (n = 14) when cells were treated with brefeldin 
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Figure 6. Quantitation of Tether-Induced Flow 
These histogram plots show the distance that anti-FL (A) or IgG (B) 
beads moved toward the tether when the diffusing beads were on 
either the growth cone (A) or the cell body(B) side of the tether. Tethers 
of 15-20 urn in length were formed at a rate of 4-10 urn/s. There 
are no significant differences between the average displacements of 
anti-FL- versus IgG-coated beads. 

A. There was a P-fold decrease (P < 0.05) in the apparent 
flow rate of beads coated with rat IgG in the presence of 
brefeldin A. 

Discussion 

All of these findings suggest that there is a net flow of 
plasma membrane from the growth cone to the cell body. 
Diffusing beads on the axon flow from the growth cone to 
the cell body, and a membrane tension gradient exists 
that would drive the membrane in that direction. Further, 
induction of a flow of membrane into an axon tether draws 
membrane primarily from the growth cone. We estimate 
that the flow rate is in excess of 7 pmlmin, on the basis 
of the lipid-attached bead transport rate and the tension 
drop across the axon. From the rates of flow observed, 
the whole membrane of an axon 200 pm in length could 
be exchanged in 30 min or less. 

Several alternative hypotheses can be readily ruled out. 
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either the growth cone (A) or the cell body(B) side of the tether. Tethers 
of 15-20 urn in length were formed at a rate of 4-10 urn/s. There 
are no significant differences between the average displacements of 
anti-FL- versus IgG-coated beads. 

A. There was a P-fold decrease (P < 0.05) in the apparent 
flow rate of beads coated with rat IgG in the presence of 
brefeldin A. 

Discussion 

All of these findings suggest that there is a net flow of 
plasma membrane from the growth cone to the cell body. 
Diffusing beads on the axon flow from the growth cone to 
the cell body, and a membrane tension gradient exists 
that would drive the membrane in that direction. Further, 
induction of a flow of membrane into an axon tether draws 
membrane primarily from the growth cone. We estimate 
that the flow rate is in excess of 7 pmlmin, on the basis 
of the lipid-attached bead transport rate and the tension 
drop across the axon. From the rates of flow observed, 
the whole membrane of an axon 200 pm in length could 
be exchanged in 30 min or less. 

Several alternative hypotheses can be readily ruled out. 
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Figure 7. Summary Diagram for the Induced Membrane Flow Experi- 
ments 
The diagram shows that 80% of the tether membrane comes from the 
growth cone side, and 20% comes from the cell body side. The area 
of membrane estimated to be in the tether equals that calculated from 
the movement of the beads on the axon. 

Active retrograde cytoskeletal transport could cause rear- 
ward surface particle movement on axons by a mechanism 
similar to the forward movements of particles on growth 
cones (Sheetz et al., 1990). Such transport could not ex- 
plain either the rapid flow of membrane from the growth 
cone to the tether site when flow is induced or the greater 
membrane tension at the cell body end of the axon. In 
another scenario, both the greater membrane tension at 
the cell body end of the axon and the decreased flow from 
the cell body could result from a stronger attachment of 
membrane to the cytoskeleton at the cell body. However, 
that would not explain the flow of diffusing beads. The 
simplest explanation for all three types of observations is 
a rapid flow of membrane from the growth cone to the 
cell body. 

In the diffusing bead measurements, the velocity of flow 
of the two sets of beads differed by approximately a factor 
of two, as did the diffusion coefficients. The more rapidly 
diffusing beads were displaced further. This could be ex- 
plained by suggesting either that the slower diffusing IgG 
beads were interacting selectively with the cytoskeleton, 
or that there was a direct correlation between the diffusion 
coefficient and flow rate. If the second case were true, 
there would be a dramatic concentration of proteins in the 
axon because of their slower diffusion and consequently 
slower transport rate. There is synthesis of lipid in the 
distal portions of growing axons (Vance et al., 1991) that 
could serve to dilute the membrane proteins in the antero- 
gradely transported vesicles. In that case, the difference 
in flow rates would serve to reconcentrate proteins in the 
axon plasma membrane. Alternatively, the IgG beads in- 
teract much more strongly with the cytoskeleton than un- 
cross-linked proteins, slowing their flow significantly. In 
this case, the flow rate of the lipid-linked beads would 
represent that of the bulk membrane, and concentration 
would only occur upon selective binding to the cytoskele- 
ton. Since the IgG beads often experience periods where 
they are not flowing, they do appear to be held back by 
barriers to diffusion. In previous studies of bead movement 
on axons, larger beads were used, which were attached to 
the cytoskeleton (evidenced by the lack of bead diffusion), 
and no retrograde movement was observed (Bray, 1970; 
Popov et al., 1993). In the chick DRG axon, the bulk of the 

cytoskeleton appears stationary (Martenson et al., 1993; 
Okabe and Hirokawa, 1993) and a greater interaction of 
the IgG beads with the cytoskeleton could dramatically 
reduce the apparent velocity. Further analysis is needed 
to differentiate between a diffusion-related mechanism for 
slowing the IgG bead movement and a selective interac- 
tion with the cytoskeleton. If the correlation between diffu- 
sion coefficient and flow can be extrapolated for the free 
lipids, then the free lipid flow rate may be even greater 
than the value observed here. Consequently, we suggest 
that the actual flow rate is equal to or greater than the 
observed 6.7 umlmin. 

Because of the large size of the beads, 0.5 pm, with 
an estimated membrane contact area of 0.2-0.3 pm in 
diameter, even the lipid-bound beads will be in contact 
with some membrane proteins. It is perhaps surprising 
that the beads are not bound to the cytoskeleton. However, 
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diffusion is on the order of one to several micrometers 
(Debrabander et al., 1991; Edidin et al., 1991; Sheetz et 
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systems(Leeet al., 1993), and theobserved diffusion coef- 
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those earlier measurements. Further, the diffusion coeffi- 
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2.25 pN difference in the tether force that was due to a 
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tether formation was linearly related to the force on the 
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pN/pm/s) was half the drag of the whole axon and that 
the diameters of the tether and axon were 0.4 and 1.38 
pm, respectively, we calculated that a flow rate of 57 urn’/ 
min would be driven by the tension corresponding to a 2.25 
pN force drop. These results further support the possibility 
that the actual flow rate is greater than observed. 

In other studies, we have found that membrane tension 
is a highly regulated parameter and have proposed that 
it can be used to control membrane surface area (Dai and 
Sheetz, 1995b). The forces generated by membrane ten- 
sion are sufficient to inhibit molecular motors mechanically 
(Svoboda et al., 1993; Kuo and Sheetz, 1993). Previous 
findings showed that the laser tweezers ligation of vesicle 
transport in chick DRG axons blocked axon elongation 
(Martenson et al., 1993). A consequence of the block of 
membrane addition at the growth cone would be a rise in 
the membrane tension that could logically inhibit exten- 
sion of filopodia and would favor retraction of the growth 
cone. In the case of axonal flow, the membrane tension 
providesadrivingforceforthe membraneflow. Inaddition, 
the greater tension at the cell body end of the axon would 
produce a greater constricting force on the axon that could 

Membrane flows in very large cells 
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Mechanics of the plasma membrane

• Membrane is an inelastic fluid.
• Membrane lipids (in general) do not flow
• Membrane tension comprises a contribution of 
in-plane tension and membrane/cytoskeleton adhesion

• Implications:
  ◊ membrane tension is uniform across the cell and can, in principle, 
      propagate instantly across a cell. 
  ◊ can be potentially tuned by actin dynamics and membrane availability.  
  ◊ can integrate cell mechanics via feedback control.
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over long range to spatially and temporally regulate cell
polarity and cell migration [23,29,34]. Membrane tension
antagonizes actin-based protrusion by being the barrier
that growing actin filaments fight to protrude the mem-
brane [23] and contractility opposes protrusion by pulling
actin filaments away from the membrane [35]. The relative
contribution of cytoskeletal versus membrane tension is
likely to vary in different cell types.

In Dictyostelium, contractility plays an important role in
restricting signals to the leading edge. Upon deletion of
myosin 2, cytoskeletal tension is reduced dramatically [36]
and there is an increase in lateral pseudopod number [37]
and in Ras activation [38]. These data support a predominant
role of contractility in Dictyostelium polarity, but whether
PM tension also plays a significant role remains unknown.

In fibroblasts, a combination of cytoskeletal and mem-
brane tension limits cell protrusion. Increasing membrane
tension by hypo-osmotic shock halts spreading, whereas
decreasing it by adding lipids increases the rate of cell
spreading, enhances lamellipodial extension, and tran-
siently causes uniform spreading [5]. Decreasing contrac-
tility through myosin inhibition causes faster spreading
and a larger final spread area [35], and increasing it with
biaxial cellular stretching downregulates Rac activity [39].

In fish keratocytes, decreasing contractility through
myosin inhibition does not destroy keratocyte polarity

and only slightly reduces migration speed, suggesting a
predominant role for PM tension in this system [23,40].

In neutrophils, membrane tension also appears to be the
dominant inhibitory mechanism for cell polarization.
Membrane tension increases during neutrophil protrusion
and decreasing membrane tension through hypo-osmotic
shock results in the expansion of leading-edge signals and
loss of polarity [6]. Decreasing cytoskeletal tension with
myosin inhibition has no effect on leading-edge signals [6].

To what extent myosin inhibition, osmotic shock, or
other tension perturbations affect both membrane tension
and contractility remains unknown. Moreover, it is likely
that cytoskeletal and membrane tension are interdepen-
dent; myosin 2 activity is required to reduce PM tension at
the end of spreading [20], and its inhibition increases PM
tension in resting neutrophils [6].

Finally, it is important to note that these conclusions
(along with most other investigations of cytoskeletal ten-
sion) rely on myosin inhibition, but it is also possible that
filament disassembly-based changes in cytoskeletal ten-
sion could contribute to cell polarity and movement in the
absence of myosin activity.

Sensing PM tension
The molecular mechanisms by which cells sense and re-
spond to mechanical signals are not fully understood.
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Figure 1. Feedback between plasma membrane (PM) tension and cellular processes. Examples of cellular processes that occur when PM tension is too high and that lead to
its reduction (left) or that occur when PM tension is too low and lead to its increase (right) – vesicle trafficking, caveola formation, actin polymerization, and changes in
myosin. In brackets we comment on the parameters of Equations [I] and [II] in Box 2 that are predicted to change in each of these processes.
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Membrane tension and cytoskeletal forces

Lieber AD. et al, Theriot J, and Keren K. Current Biol. 23:1409. 2013

• What are the respective contributions of available membrane area and 
membrane/cytoskeletal adhesion to membrane tension?

whereas in adhered fibroblasts it is much smaller (w0.3%–
1%) [21]. Keratocytes typically do not contain noticeable
invaginations or membrane folds (Figure S1 available online)
and hence are not thought to have extensive membrane
reservoirs.

Despite the important role of membrane tension as a phys-
ical regulator of motile cell dynamics, little is known about
how membrane tension is set and regulated. The prevailing
view is that membrane tension regulation in cells is primarily
controlled by changes in membrane-cytoskeleton adhesion
and/or changes in the available membrane area [1, 4], but
experimental observations have been limited. Changes in
membrane tension have been typically induced by osmolarity
shifts or addition of substances that perturb the structure of
the membrane bilayer such as detergents or organic solvents.
While such externally induced changes in membrane tension
can provide insight into the tension dependence of various
cellular processes [5, 22], they cannot reveal how membrane
tension is determined. To address this important question,
we combined detailed measurements of membrane tension
in rapidly moving fish epithelial keratocytes with various bio-
physical and biochemical perturbations of themotility machin-
ery. The persistent nature of these cells [7, 23] allowed us to
study the relationship between membrane tension, membrane
area, and the motility machinery in essentially steady-state
conditions. We show that membrane tension in motile kera-
tocytes is primarily determined by cytoskeletal forces, rather
than changes in the available membrane area or in mem-
brane-cytoskeleton adhesion.

Results

Measurements of Membrane Tension in Motile Keratocytes
Membrane tension was measured in rapidly migrating kerato-
cytes with a tether-pulling assay (Figure 1 and Movie S1) [24].
The apparent membrane tension, T, is proportional to the
square of the force opposing tether formation, FT, according
to the relation T =F2

T=8p
2B; where B is the bending modulus

of the membrane (characterizing the energetic cost of bending
the membrane) [15]. In a typical experiment, a bead, coated
with concanavalin A to promote membrane binding, was
manipulated by laser tweezers and attached to the plasma
membrane at the rear end of a migrating keratocyte (Figure 1
and the Experimental Procedures). A membrane tether formed
as the cell moved away from the bead, and the force opposing
tether formation (FT) was measured from the displacement of
the bead from the center of the laser trap. After an initial tether
formation phase, the tether force remained essentially con-
stant as the tether elongated, until eventually the tether
ruptured (Figure 1C andMovie S1). The tether force (in the sta-
tionary phase) in a population of keratocytes ranged between
40 and 70 pN with a mean value of 54 6 1 pN (mean 6 SEM;
Figure 1C).
To determine the bending modulus of the membrane, we

combined tether-pulling experiments with simultaneous mea-
surements of the tether radius by quantitative fluorescence
densitometry (Figures 1B and S2 and the Supplemental
Experimental Procedures). The tether force was inversely
proportional to the tether radius RT (Figure 1D), as expected
theoretically [15], FT =2pB=RT : The bendingmoduluswas esti-
mated from the proportionality constant, giving B = 0.14 6
0.01 pN $ mm, comparable to moduli measured in other cell
types [15, 25]. Membrane tension values were determined
from the measured tether forces using this estimate for B,
and found to range between 150 and 450 pN/mm, with a
mean value of 276 6 10 pN/mm (mean 6 SEM; Figure 1E).
These tension values are high compared to other cell types
[5, 6, 14, 26], but still an order of magnitude lower than the
rupture tension.

Fusion of Cells with GUVs Induces a Significant Increase in
Membrane Area, but Has Only Minor Effects on Membrane
Tension and Cell Movement
To probe the role of changes in membrane area in determining
membrane tension in motile cells, we developed a novel
perturbation in which cell membrane area is abruptly
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Figure 1. Membrane Tension in Motile Kerato-
cytes

(A) Membrane tension is measured by extraction
of a membrane tether from the rear end of a
motile keratocyte with laser tweezers as shown
schematically. The tether force is measured
from the displacement of the bead from the trap
center. The membrane tension is squarely pro-
portional to the tether force.
(B) Bright-field and epifluorescence images of a
motile keratocyte during a tether-pulling experi-
ment. The thin membrane tether connecting the
cell to the bead (held by the tweezers) is not
visible in bright field but can be observed by
fluorescence microscopy after staining the cell
with a fluorescent membrane dye (arrow; image
contrast is enhanced in the inset).
(C) Tether force measurements in motile kerato-
cytes. The tether force as a function of time dur-
ing a tether-pulling experiment is shown for three
different cells (right). After an initial variable

phase, the tether force is constant until the tether breaks. A histogram of the values of the tether force during the stationary phase in a population
of cells (n = 65) plated on intermediate RGD density substrates is shown (left).
(D) The tether force and tether radius were measured simultaneously in five different cells. The tether force is inversely proportional to the tether radius as
predicted theoretically [15]. Themembrane-bending modulus for keratocyte membranes is determined from the linear fit (gray line) B = 0.146 0.01 pN $ mm.
(E) A histogram of the measured membrane tension in a population of keratocytes, calculated from the measured tether forces (C) with the membrane-
bending modulus determined in (D).
See also Figure S2 and Movie S1.
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whereas in adhered fibroblasts it is much smaller (w0.3%–
1%) [21]. Keratocytes typically do not contain noticeable
invaginations or membrane folds (Figure S1 available online)
and hence are not thought to have extensive membrane
reservoirs.

Despite the important role of membrane tension as a phys-
ical regulator of motile cell dynamics, little is known about
how membrane tension is set and regulated. The prevailing
view is that membrane tension regulation in cells is primarily
controlled by changes in membrane-cytoskeleton adhesion
and/or changes in the available membrane area [1, 4], but
experimental observations have been limited. Changes in
membrane tension have been typically induced by osmolarity
shifts or addition of substances that perturb the structure of
the membrane bilayer such as detergents or organic solvents.
While such externally induced changes in membrane tension
can provide insight into the tension dependence of various
cellular processes [5, 22], they cannot reveal how membrane
tension is determined. To address this important question,
we combined detailed measurements of membrane tension
in rapidly moving fish epithelial keratocytes with various bio-
physical and biochemical perturbations of themotility machin-
ery. The persistent nature of these cells [7, 23] allowed us to
study the relationship between membrane tension, membrane
area, and the motility machinery in essentially steady-state
conditions. We show that membrane tension in motile kera-
tocytes is primarily determined by cytoskeletal forces, rather
than changes in the available membrane area or in mem-
brane-cytoskeleton adhesion.

Results

Measurements of Membrane Tension in Motile Keratocytes
Membrane tension was measured in rapidly migrating kerato-
cytes with a tether-pulling assay (Figure 1 and Movie S1) [24].
The apparent membrane tension, T, is proportional to the
square of the force opposing tether formation, FT, according
to the relation T =F2

T=8p
2B; where B is the bending modulus

of the membrane (characterizing the energetic cost of bending
the membrane) [15]. In a typical experiment, a bead, coated
with concanavalin A to promote membrane binding, was
manipulated by laser tweezers and attached to the plasma
membrane at the rear end of a migrating keratocyte (Figure 1
and the Experimental Procedures). A membrane tether formed
as the cell moved away from the bead, and the force opposing
tether formation (FT) was measured from the displacement of
the bead from the center of the laser trap. After an initial tether
formation phase, the tether force remained essentially con-
stant as the tether elongated, until eventually the tether
ruptured (Figure 1C andMovie S1). The tether force (in the sta-
tionary phase) in a population of keratocytes ranged between
40 and 70 pN with a mean value of 54 6 1 pN (mean 6 SEM;
Figure 1C).
To determine the bending modulus of the membrane, we

combined tether-pulling experiments with simultaneous mea-
surements of the tether radius by quantitative fluorescence
densitometry (Figures 1B and S2 and the Supplemental
Experimental Procedures). The tether force was inversely
proportional to the tether radius RT (Figure 1D), as expected
theoretically [15], FT =2pB=RT : The bendingmoduluswas esti-
mated from the proportionality constant, giving B = 0.14 6
0.01 pN $ mm, comparable to moduli measured in other cell
types [15, 25]. Membrane tension values were determined
from the measured tether forces using this estimate for B,
and found to range between 150 and 450 pN/mm, with a
mean value of 276 6 10 pN/mm (mean 6 SEM; Figure 1E).
These tension values are high compared to other cell types
[5, 6, 14, 26], but still an order of magnitude lower than the
rupture tension.

Fusion of Cells with GUVs Induces a Significant Increase in
Membrane Area, but Has Only Minor Effects on Membrane
Tension and Cell Movement
To probe the role of changes in membrane area in determining
membrane tension in motile cells, we developed a novel
perturbation in which cell membrane area is abruptly

A B

C D E
n=65 cells

Figure 1. Membrane Tension in Motile Kerato-
cytes

(A) Membrane tension is measured by extraction
of a membrane tether from the rear end of a
motile keratocyte with laser tweezers as shown
schematically. The tether force is measured
from the displacement of the bead from the trap
center. The membrane tension is squarely pro-
portional to the tether force.
(B) Bright-field and epifluorescence images of a
motile keratocyte during a tether-pulling experi-
ment. The thin membrane tether connecting the
cell to the bead (held by the tweezers) is not
visible in bright field but can be observed by
fluorescence microscopy after staining the cell
with a fluorescent membrane dye (arrow; image
contrast is enhanced in the inset).
(C) Tether force measurements in motile kerato-
cytes. The tether force as a function of time dur-
ing a tether-pulling experiment is shown for three
different cells (right). After an initial variable

phase, the tether force is constant until the tether breaks. A histogram of the values of the tether force during the stationary phase in a population
of cells (n = 65) plated on intermediate RGD density substrates is shown (left).
(D) The tether force and tether radius were measured simultaneously in five different cells. The tether force is inversely proportional to the tether radius as
predicted theoretically [15]. Themembrane-bending modulus for keratocyte membranes is determined from the linear fit (gray line) B = 0.146 0.01 pN $ mm.
(E) A histogram of the measured membrane tension in a population of keratocytes, calculated from the measured tether forces (C) with the membrane-
bending modulus determined in (D).
See also Figure S2 and Movie S1.
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whereas in adhered fibroblasts it is much smaller (w0.3%–
1%) [21]. Keratocytes typically do not contain noticeable
invaginations or membrane folds (Figure S1 available online)
and hence are not thought to have extensive membrane
reservoirs.

Despite the important role of membrane tension as a phys-
ical regulator of motile cell dynamics, little is known about
how membrane tension is set and regulated. The prevailing
view is that membrane tension regulation in cells is primarily
controlled by changes in membrane-cytoskeleton adhesion
and/or changes in the available membrane area [1, 4], but
experimental observations have been limited. Changes in
membrane tension have been typically induced by osmolarity
shifts or addition of substances that perturb the structure of
the membrane bilayer such as detergents or organic solvents.
While such externally induced changes in membrane tension
can provide insight into the tension dependence of various
cellular processes [5, 22], they cannot reveal how membrane
tension is determined. To address this important question,
we combined detailed measurements of membrane tension
in rapidly moving fish epithelial keratocytes with various bio-
physical and biochemical perturbations of themotility machin-
ery. The persistent nature of these cells [7, 23] allowed us to
study the relationship between membrane tension, membrane
area, and the motility machinery in essentially steady-state
conditions. We show that membrane tension in motile kera-
tocytes is primarily determined by cytoskeletal forces, rather
than changes in the available membrane area or in mem-
brane-cytoskeleton adhesion.

Results

Measurements of Membrane Tension in Motile Keratocytes
Membrane tension was measured in rapidly migrating kerato-
cytes with a tether-pulling assay (Figure 1 and Movie S1) [24].
The apparent membrane tension, T, is proportional to the
square of the force opposing tether formation, FT, according
to the relation T =F2
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2B; where B is the bending modulus

of the membrane (characterizing the energetic cost of bending
the membrane) [15]. In a typical experiment, a bead, coated
with concanavalin A to promote membrane binding, was
manipulated by laser tweezers and attached to the plasma
membrane at the rear end of a migrating keratocyte (Figure 1
and the Experimental Procedures). A membrane tether formed
as the cell moved away from the bead, and the force opposing
tether formation (FT) was measured from the displacement of
the bead from the center of the laser trap. After an initial tether
formation phase, the tether force remained essentially con-
stant as the tether elongated, until eventually the tether
ruptured (Figure 1C andMovie S1). The tether force (in the sta-
tionary phase) in a population of keratocytes ranged between
40 and 70 pN with a mean value of 54 6 1 pN (mean 6 SEM;
Figure 1C).
To determine the bending modulus of the membrane, we

combined tether-pulling experiments with simultaneous mea-
surements of the tether radius by quantitative fluorescence
densitometry (Figures 1B and S2 and the Supplemental
Experimental Procedures). The tether force was inversely
proportional to the tether radius RT (Figure 1D), as expected
theoretically [15], FT =2pB=RT : The bendingmoduluswas esti-
mated from the proportionality constant, giving B = 0.14 6
0.01 pN $ mm, comparable to moduli measured in other cell
types [15, 25]. Membrane tension values were determined
from the measured tether forces using this estimate for B,
and found to range between 150 and 450 pN/mm, with a
mean value of 276 6 10 pN/mm (mean 6 SEM; Figure 1E).
These tension values are high compared to other cell types
[5, 6, 14, 26], but still an order of magnitude lower than the
rupture tension.

Fusion of Cells with GUVs Induces a Significant Increase in
Membrane Area, but Has Only Minor Effects on Membrane
Tension and Cell Movement
To probe the role of changes in membrane area in determining
membrane tension in motile cells, we developed a novel
perturbation in which cell membrane area is abruptly
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(A) Membrane tension is measured by extraction
of a membrane tether from the rear end of a
motile keratocyte with laser tweezers as shown
schematically. The tether force is measured
from the displacement of the bead from the trap
center. The membrane tension is squarely pro-
portional to the tether force.
(B) Bright-field and epifluorescence images of a
motile keratocyte during a tether-pulling experi-
ment. The thin membrane tether connecting the
cell to the bead (held by the tweezers) is not
visible in bright field but can be observed by
fluorescence microscopy after staining the cell
with a fluorescent membrane dye (arrow; image
contrast is enhanced in the inset).
(C) Tether force measurements in motile kerato-
cytes. The tether force as a function of time dur-
ing a tether-pulling experiment is shown for three
different cells (right). After an initial variable

phase, the tether force is constant until the tether breaks. A histogram of the values of the tether force during the stationary phase in a population
of cells (n = 65) plated on intermediate RGD density substrates is shown (left).
(D) The tether force and tether radius were measured simultaneously in five different cells. The tether force is inversely proportional to the tether radius as
predicted theoretically [15]. Themembrane-bending modulus for keratocyte membranes is determined from the linear fit (gray line) B = 0.146 0.01 pN $ mm.
(E) A histogram of the measured membrane tension in a population of keratocytes, calculated from the measured tether forces (C) with the membrane-
bending modulus determined in (D).
See also Figure S2 and Movie S1.
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whereas in adhered fibroblasts it is much smaller (w0.3%–
1%) [21]. Keratocytes typically do not contain noticeable
invaginations or membrane folds (Figure S1 available online)
and hence are not thought to have extensive membrane
reservoirs.

Despite the important role of membrane tension as a phys-
ical regulator of motile cell dynamics, little is known about
how membrane tension is set and regulated. The prevailing
view is that membrane tension regulation in cells is primarily
controlled by changes in membrane-cytoskeleton adhesion
and/or changes in the available membrane area [1, 4], but
experimental observations have been limited. Changes in
membrane tension have been typically induced by osmolarity
shifts or addition of substances that perturb the structure of
the membrane bilayer such as detergents or organic solvents.
While such externally induced changes in membrane tension
can provide insight into the tension dependence of various
cellular processes [5, 22], they cannot reveal how membrane
tension is determined. To address this important question,
we combined detailed measurements of membrane tension
in rapidly moving fish epithelial keratocytes with various bio-
physical and biochemical perturbations of themotility machin-
ery. The persistent nature of these cells [7, 23] allowed us to
study the relationship between membrane tension, membrane
area, and the motility machinery in essentially steady-state
conditions. We show that membrane tension in motile kera-
tocytes is primarily determined by cytoskeletal forces, rather
than changes in the available membrane area or in mem-
brane-cytoskeleton adhesion.

Results

Measurements of Membrane Tension in Motile Keratocytes
Membrane tension was measured in rapidly migrating kerato-
cytes with a tether-pulling assay (Figure 1 and Movie S1) [24].
The apparent membrane tension, T, is proportional to the
square of the force opposing tether formation, FT, according
to the relation T =F2
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2B; where B is the bending modulus

of the membrane (characterizing the energetic cost of bending
the membrane) [15]. In a typical experiment, a bead, coated
with concanavalin A to promote membrane binding, was
manipulated by laser tweezers and attached to the plasma
membrane at the rear end of a migrating keratocyte (Figure 1
and the Experimental Procedures). A membrane tether formed
as the cell moved away from the bead, and the force opposing
tether formation (FT) was measured from the displacement of
the bead from the center of the laser trap. After an initial tether
formation phase, the tether force remained essentially con-
stant as the tether elongated, until eventually the tether
ruptured (Figure 1C andMovie S1). The tether force (in the sta-
tionary phase) in a population of keratocytes ranged between
40 and 70 pN with a mean value of 54 6 1 pN (mean 6 SEM;
Figure 1C).
To determine the bending modulus of the membrane, we

combined tether-pulling experiments with simultaneous mea-
surements of the tether radius by quantitative fluorescence
densitometry (Figures 1B and S2 and the Supplemental
Experimental Procedures). The tether force was inversely
proportional to the tether radius RT (Figure 1D), as expected
theoretically [15], FT =2pB=RT : The bendingmoduluswas esti-
mated from the proportionality constant, giving B = 0.14 6
0.01 pN $ mm, comparable to moduli measured in other cell
types [15, 25]. Membrane tension values were determined
from the measured tether forces using this estimate for B,
and found to range between 150 and 450 pN/mm, with a
mean value of 276 6 10 pN/mm (mean 6 SEM; Figure 1E).
These tension values are high compared to other cell types
[5, 6, 14, 26], but still an order of magnitude lower than the
rupture tension.

Fusion of Cells with GUVs Induces a Significant Increase in
Membrane Area, but Has Only Minor Effects on Membrane
Tension and Cell Movement
To probe the role of changes in membrane area in determining
membrane tension in motile cells, we developed a novel
perturbation in which cell membrane area is abruptly
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Figure 1. Membrane Tension in Motile Kerato-
cytes

(A) Membrane tension is measured by extraction
of a membrane tether from the rear end of a
motile keratocyte with laser tweezers as shown
schematically. The tether force is measured
from the displacement of the bead from the trap
center. The membrane tension is squarely pro-
portional to the tether force.
(B) Bright-field and epifluorescence images of a
motile keratocyte during a tether-pulling experi-
ment. The thin membrane tether connecting the
cell to the bead (held by the tweezers) is not
visible in bright field but can be observed by
fluorescence microscopy after staining the cell
with a fluorescent membrane dye (arrow; image
contrast is enhanced in the inset).
(C) Tether force measurements in motile kerato-
cytes. The tether force as a function of time dur-
ing a tether-pulling experiment is shown for three
different cells (right). After an initial variable

phase, the tether force is constant until the tether breaks. A histogram of the values of the tether force during the stationary phase in a population
of cells (n = 65) plated on intermediate RGD density substrates is shown (left).
(D) The tether force and tether radius were measured simultaneously in five different cells. The tether force is inversely proportional to the tether radius as
predicted theoretically [15]. Themembrane-bending modulus for keratocyte membranes is determined from the linear fit (gray line) B = 0.146 0.01 pN $ mm.
(E) A histogram of the measured membrane tension in a population of keratocytes, calculated from the measured tether forces (C) with the membrane-
bending modulus determined in (D).
See also Figure S2 and Movie S1.
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whereas in adhered fibroblasts it is much smaller (w0.3%–
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invaginations or membrane folds (Figure S1 available online)
and hence are not thought to have extensive membrane
reservoirs.
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physical and biochemical perturbations of themotility machin-
ery. The persistent nature of these cells [7, 23] allowed us to
study the relationship between membrane tension, membrane
area, and the motility machinery in essentially steady-state
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than changes in the available membrane area or in mem-
brane-cytoskeleton adhesion.

Results

Measurements of Membrane Tension in Motile Keratocytes
Membrane tension was measured in rapidly migrating kerato-
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T=8p
2B; where B is the bending modulus
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schematically. The tether force is measured
from the displacement of the bead from the trap
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ing a tether-pulling experiment is shown for three
different cells (right). After an initial variable
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(D) The tether force and tether radius were measured simultaneously in five different cells. The tether force is inversely proportional to the tether radius as
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increased by electroporation-induced fusion of giant unila-
mellar vesicles (GUVs) to motile keratocytes (Figure 2 and
the Experimental Procedures). To facilitate identification of
fused cells, we included fluorescent lipids in the GUVs, which
incorporate into the cell membrane upon fusion and render
fused cells fluorescent (Figure 2C). Fusion induced a signifi-
cant increase in cell area (Figure 2B). Surprisingly, fused cells
were still able tomove persistently despite their increased sur-
face area; fused cells were larger andmore elongated (Figures
2B and 2C; projected area = 566 6 21 mm2, p < 10210; aspect
ratio = 2.24 6 0.06, p < 1023; mean 6 SEM) but moved with
similar speed (0.33 6 0.02 mm/s, p > 0.03) compared to a con-
trol population (projected area = 389 6 14 mm2; aspect ratio =
1.98 6 0.05; speed = 0.37 6 0.02 mm/s). Similar changes were
observed within individual cells followed before and after
fusion (Figures 2D–2G and Movie S2). These results appear
to depend primarily on the amount of membrane area added,
rather than the details of its lipid composition, as similar results
were obtained after fusion with GUVs composed from different
lipid mixtures (Figure S3).

Membrane fusion by electroporation induced a large
increase (w30%) in cell membrane area (Figures 2 and S3A),
but hardly changed the protein concentration within cells
and the cell volume (Figure S3D). If the amount of cell

membrane area was an important determinant of membrane
tension, such drastic perturbations in membrane area (much
larger than the naturally induced changes by membrane trans-
port through imbalance between endo- or exocytosis within a
similar time frame) would lead to a significant decrease
in membrane tension. However, membrane tension measure-
ments done as early as possible after fusion (w10min) showed
that despite the substantial increase in cell membrane area,
tension remained nearly unchanged (Figure 2H); membrane
tension values in fused cells were not significantly different
from the values in a control population of cells (p > 0.2) and
remained stable over tens of minutes (Figure S3E). It is likely
that membrane tension does drop transiently after fusion
(and prior to our earliest measurements). However, on time
scales longer than the cell translocation time (wfront-to-read
cell length/cell speed, w15 mm/0.3 mm/s, w1 min), which is
also the characteristic time scale for actin network reassem-
bly, tension returned to approximately its preperturbation
values (Figure 2H). These results suggest that the available
membrane area does not play a central role in determining
membrane tension. The influence of changes in membrane
area on tension appears to be buffered by the dynamic cyto-
skeleton, which rapidly responds to the changes in the avail-
able membrane area by broadening the lamellipodium
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Figure 2. Fusion of Cells with GUVs Induces a
Significant Increase in Cell Membrane Area but
Has Minor Effects on Membrane Tension and
Cell Movement

(A) Schematic illustration of the cell fusion exper-
iments. Motile cells are incubated with fluores-
cently labeled GUVs (top). After electroporation,
the GUVmembrane fuseswith the cell membrane,
their lipids mix rapidly, and the area of the cell
membrane increases (bottom).
(B) Histograms of the projected cell area distribu-
tions in a population of live cells after fusion and a
control population of cells that had not undergone
fusion from the same samples. Fused cells were
identified by their fluorescence. The population
mean and standard deviation are indicated above
the histograms and the mean cell shape for each
population is depicted (inset). Fused cells are
significantly larger (p < 1026).
(C) Phase-contrast (top) and fluorescence (bot-
tom) images of a cell that had fused with a labeled
GUV (and is hence labeled with fluorescent lipids)
together with a cell that had not undergone fusion
(unlabeled).
(D) Phase-contrast and fluorescence images of
the same cell before and after fusion (see also
Movie S2). After fusion the cell membrane
became fluorescent.
(E–G) Graphs showing the projected area (E),
aspect ratio (F), and speed (G) as a function of
time, before and after fusion, for the cell shown
in (D). The cell became larger and more elongated
upon fusion but continued to move with essen-
tially the same speed.
(H) Membrane tension was measured in a popula-
tion of fused cells (10–60 min after fusion) and a
control population of cells from the same sam-
ples. The median tension for each population is
shown together with the 25% and 75% percen-
tiles (colored region) and the population range
(black whiskers; crosses indicates outlier points

which are more than 2.7 SDs from the median).The average membrane tension in the population of fused cells was not significantly different
from the average tension in the control population (p > 0.2), despite the large increase in cell membrane area.
See also Figure S3 and Movie S2.

Membrane Tension Determined by Cytoskeletal Forces
1411

increased by electroporation-induced fusion of giant unila-
mellar vesicles (GUVs) to motile keratocytes (Figure 2 and
the Experimental Procedures). To facilitate identification of
fused cells, we included fluorescent lipids in the GUVs, which
incorporate into the cell membrane upon fusion and render
fused cells fluorescent (Figure 2C). Fusion induced a signifi-
cant increase in cell area (Figure 2B). Surprisingly, fused cells
were still able tomove persistently despite their increased sur-
face area; fused cells were larger andmore elongated (Figures
2B and 2C; projected area = 566 6 21 mm2, p < 10210; aspect
ratio = 2.24 6 0.06, p < 1023; mean 6 SEM) but moved with
similar speed (0.33 6 0.02 mm/s, p > 0.03) compared to a con-
trol population (projected area = 389 6 14 mm2; aspect ratio =
1.98 6 0.05; speed = 0.37 6 0.02 mm/s). Similar changes were
observed within individual cells followed before and after
fusion (Figures 2D–2G and Movie S2). These results appear
to depend primarily on the amount of membrane area added,
rather than the details of its lipid composition, as similar results
were obtained after fusion with GUVs composed from different
lipid mixtures (Figure S3).

Membrane fusion by electroporation induced a large
increase (w30%) in cell membrane area (Figures 2 and S3A),
but hardly changed the protein concentration within cells
and the cell volume (Figure S3D). If the amount of cell

membrane area was an important determinant of membrane
tension, such drastic perturbations in membrane area (much
larger than the naturally induced changes by membrane trans-
port through imbalance between endo- or exocytosis within a
similar time frame) would lead to a significant decrease
in membrane tension. However, membrane tension measure-
ments done as early as possible after fusion (w10min) showed
that despite the substantial increase in cell membrane area,
tension remained nearly unchanged (Figure 2H); membrane
tension values in fused cells were not significantly different
from the values in a control population of cells (p > 0.2) and
remained stable over tens of minutes (Figure S3E). It is likely
that membrane tension does drop transiently after fusion
(and prior to our earliest measurements). However, on time
scales longer than the cell translocation time (wfront-to-read
cell length/cell speed, w15 mm/0.3 mm/s, w1 min), which is
also the characteristic time scale for actin network reassem-
bly, tension returned to approximately its preperturbation
values (Figure 2H). These results suggest that the available
membrane area does not play a central role in determining
membrane tension. The influence of changes in membrane
area on tension appears to be buffered by the dynamic cyto-
skeleton, which rapidly responds to the changes in the avail-
able membrane area by broadening the lamellipodium

A B C

D
E F

G H

n=21

Figure 2. Fusion of Cells with GUVs Induces a
Significant Increase in Cell Membrane Area but
Has Minor Effects on Membrane Tension and
Cell Movement

(A) Schematic illustration of the cell fusion exper-
iments. Motile cells are incubated with fluores-
cently labeled GUVs (top). After electroporation,
the GUVmembrane fuseswith the cell membrane,
their lipids mix rapidly, and the area of the cell
membrane increases (bottom).
(B) Histograms of the projected cell area distribu-
tions in a population of live cells after fusion and a
control population of cells that had not undergone
fusion from the same samples. Fused cells were
identified by their fluorescence. The population
mean and standard deviation are indicated above
the histograms and the mean cell shape for each
population is depicted (inset). Fused cells are
significantly larger (p < 1026).
(C) Phase-contrast (top) and fluorescence (bot-
tom) images of a cell that had fused with a labeled
GUV (and is hence labeled with fluorescent lipids)
together with a cell that had not undergone fusion
(unlabeled).
(D) Phase-contrast and fluorescence images of
the same cell before and after fusion (see also
Movie S2). After fusion the cell membrane
became fluorescent.
(E–G) Graphs showing the projected area (E),
aspect ratio (F), and speed (G) as a function of
time, before and after fusion, for the cell shown
in (D). The cell became larger and more elongated
upon fusion but continued to move with essen-
tially the same speed.
(H) Membrane tension was measured in a popula-
tion of fused cells (10–60 min after fusion) and a
control population of cells from the same sam-
ples. The median tension for each population is
shown together with the 25% and 75% percen-
tiles (colored region) and the population range
(black whiskers; crosses indicates outlier points

which are more than 2.7 SDs from the median).The average membrane tension in the population of fused cells was not significantly different
from the average tension in the control population (p > 0.2), despite the large increase in cell membrane area.
See also Figure S3 and Movie S2.

Membrane Tension Determined by Cytoskeletal Forces
1411• Increasing surface area does not affect membrane tension

Membrane tension and cytoskeletal forces



Thomas LECUIT   2017-2018 Lieber AD. et al, Theriot J, and Keren K. Current Biol. 23:1409. 2013

(Figures 2B and 2F). Thus, other factors, in particular the cyto-
skeletal forces exerted on the membrane, should be respon-
sible for dynamically determining membrane tension in rapidly
moving keratocytes.

Membrane Tension Is Correlated with the Protrusive Force
Generated by the Actin Network at the Leading Edge
Cell protrusion is driven by a dense, rapidly polymerizing
network of actin filaments [27]. To demonstrate the impor-
tance of protrusive forces in generating tension in the cell
membrane, we examined keratocytes in which actin protru-
sion was abolished altogether through a combined treatment
with blebbistatin followed by jasplakinolide. This treatment
interferes with actin disassembly processes and leads to
rapid cessation of movement, essentially ‘‘freezing’’ the la-
mellipodial actin network [28]. We found that the tether forces
were severely diminished in the absence of protrusive forces,
with the apparent membrane tension going down by more
than w80% on average (Figure 3). Moreover, we showed
that lamellipodial ‘‘freezing’’ led to a sharp drop in membrane
tension values within the same cell (Figures 3A and 3B). The
residual apparent membrane tension, in the absence of pro-
trusive forces, is attributed to the contribution of the mem-
brane–cytoskeleton adhesion within ‘‘frozen’’ lamellipodia
(Figure S4).

To explore the relation between the actin-generated protru-
sive forces at the leading edge and membrane tension, we
perturbed actin protrusion biochemically and measured the
effect on tension. The fraction of filaments that are uncapped
and hence capable of pushing was lowered with cytochalasin
D, which increases the rate of barbed-end capping [29] (Fig-
ures 4A and 4B, right). Alternatively, the total number of fila-
ments along the leading edge was reduced with an inhibitor
of Arp2/3-mediated branching that hinders nucleation of
nascent filaments [30] (Figures 4A and 4B, center). Under
these conditions, cells retain their lamellipodium and continue
moving, albeit slower. Reducing the number of pushing fila-
ments along the leading edge, either by lowering the fraction
of uncapped filaments or by decreasing the total number of
filaments, led to a significant decrease in the average mem-
brane tension, by w50% in a population of cytochalasin-
treated cells (T = 151 6 12 pN/mm; mean 6 SEM) and
w25% in Arp2/3-inhibited cells (T = 222 6 21 pN/mm),
compared to untreated cells (T = 300 6 15 pN/mm; Figure 4C).
Moreover, we obtained a similar drop in membrane tension
within individual cells before and after treatment with cyto-
chalasin (Figure 4D). Thus, the actin-generated protrusive
forces have a substantial influence on membrane tension:

more pushing filaments generate a stronger protrusive force,
leading to higher membrane tension values, whereas fewer fil-
aments produce weaker pushing forces and lower tension
values.
Cytochalasin treatment also led to the formation of blebs at

the rear end of motile keratocytes (Figure 5), likely due to the
reduction in the apparent membrane tension (Figure 4) [31].
As previously shown, the tether force in newly formed blebs
reflects the in-plane tension in the bilayer, as there is no actin
cytoskeleton in nascent blebs [14]. We measured tension
by pulling tethers from newly formed blebs (Movie S3), and
compared the results to measurements within the same cells
in the absence of blebs (Figure 5). The tether forces
measured from blebs were not significantly different from
the tether forces in nonblebbing regions (p > 0.05), and their
average amounted to a considerable fraction (w75%) of the
average tether force in nonblebbing regions. Furthermore,
the tether forces in blebbing keratocytes were considerably
higher than those measured from blebs in other cell types
such as melanoma cells and renal epithelial cells [14]. These
results illustrate the substantial contribution of the in-plane
tension to the apparent membrane tension in motile
keratocytes.

Membrane Tension Depends on the Balance between
Adhesion and Contraction
Cell-substrate adhesion allows force transduction between
the cytoskeletal machinery and the substrate and is hence
essential for cell crawling. Previous work has shown that
increasing the density of RGD ligands—the integrin-binding
motif found in extracellular matrix proteins such as fibronectin
and collagen—on the substrate increases the strength of cell-
substrate adhesion and affects cell shape and movement [32].
Strengthening cell–substrate adhesion is expected to increase
the force required to retract the trailing edge of the cell, as
retraction requires continuous detachment of adhesions at
the rear. If membrane tension is determined by a mechanical
force balance, then the force required to retract the cell
rear should correlate with membrane tension values. Thus,
membrane tension is expected to increase as cell-substrate
adhesion strengthens [1, 33].
To examine the relation between cell-substrate adhesion

strength andmembrane tension, wemeasured tension in pop-
ulations of keratocytes plated on surfaces coated with low,
intermediate, and high RGD densities (Figure 6A). Indeed, we
found that the average membrane tension is significantly
diminished for cells plated on substrates with low RGD density
(T = 2006 13 pN/mm;mean6SEM) and elevated on substrates

CBA
Figure 3. Membrane Tension Drops Dramatically
in Cells with ‘‘Frozen’’ Lamellipodia

(A and B) Cells were treated with blebbistatin for
3 min, followed by addition of jasplakinolide.
Images of the same cell during tether force mea-
surements done before (A) and after (B) treatment
are shown. Cell contours at 10 s time intervals are
overlaid on the images, displaying the cessation
of cell movement after treatment. The apparent
membrane tension valuesbasedon themeasured
tether forces are indicated on the images. Note
that the membrane tether becomes visible after
treatment, as tension values are reduced and
the tether becomes substantially thicker.

(C) Histograms of the apparent membrane tension values for a population of untreated cells (top; as in Figure 1E) and a population of cells after
treatment with blebbistatin and jasplakinolide (bottom). The average membrane tension is reduced by w80%.
See also Figure S4.
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cytoskeleton (turnover and 
contraction)

with high RGD density (T = 3426 13 pN/mm), in comparison to
intermediate RGD density (T = 256 6 11 pN/mm; Figure 6B).

The balance between actomyosin contraction and adhesion
has an important role in determining cell shape and speed
[32, 34]. Actomyosin contraction contributes directly to adhe-
sion disassembly [35] and depolymerization and retrograde
flow of actin at the rear [28]. As such, we predicted that
increased myosin contraction should be able to compensate
for stronger adhesion and reduce membrane tension by facil-
itating rear retraction. To test this, we treated cells crawling on
low, intermediate, and high adhesion strengths with either
blebbistatin, a myosin II inhibitor [36], or calyculin A, a phos-
phatase inhibitor that promotes myosin contraction [37].
Within this matrix of variable levels of adhesion strength and
myosin contraction, we observed that membrane tension
is correlated with adhesion strength and anticorrelated with
myosin contraction levels (Figure 6B). While the effect of
myosin perturbations on medium adhesion substrates was
rather modest, enhancement of myosin activity by calyculin
was effective in reducing tension on high adhesion substrates
where high levels of myosin activity are required to counter-
balance the increased adhesive forces. Conversely, myosin
inhibition was found to be most effective in increasing ten-
sion on low adhesion substrates, in which myosin plays a
more prominent role in rear retraction since adhesion is
weak. Together, these results show that membrane tension
is correlated with the force required for rear retraction;
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Figure 4. Membrane Tension Is Correlated with
the Protrusive Force Generated by the Actin
Network at the Leading Edge

(A) Fluorescence images of cells fixed and
stained with fluorescent phalloidin to visualize
the actin network distribution. An Arp2/3-
inhibited cell (middle) and a cytochalasin-treated
cell (right) are shown together with an untreated
control cell (left).
(B) The filament distribution along the leading
edge was measured for populations of fixed cells
after Arp2/3 inhibition (middle), cytochalasin
treatment (right), and without treatment (left).
The background-subtracted fluorescence inten-
sity along the leading edge, which is proportional
to the local filament density, is plotted as a func-
tion of the relative position along the boundary.
Data for individual cells (gray lines) are shown
together with the population averages (thick
lines). The fraction of pushing filaments from the
total number of filaments is expected to be lower
in cytochalasin-treated cells due to the higher
capping rate.
(C) A box plot (as in Figure 2H) showing mem-
brane tension measurements for populations of
cells under the different conditions. The tension
in cytochalasin-treated cells and Arp2/3 inhibi-
tor-treated cells is significantly lower (*p < 0.01,
**p < 1024).
(D) Membrane tension measurements of individ-
ual cells before and after addition of cytochalasin.
An w50% drop in tension is observed in all cells,
similar to the average change observed between
populations of treated and untreated cells (C).

stronger adhesion and/or weaker
contraction make it harder to retract
the rear and lead to higher membrane
tension values, whereas weaker

adhesion and/or stronger contraction have the opposite
effect.

The Influence of Changes in Membrane Area on Membrane
Tension Are Buffered by the Dynamic Cytoskeleton
As described previously, increase of cell membrane area
by fusion with GUVs had little effect on membrane tension
(Figure 2). To further investigate how fused cells were able to
return to essentially the same membrane tension values, we
examined the changes in their actin network distribution
(Figures 7A–7C). The total amount of actin is not expected to
change in fused cells compared to control cells, since on
such short time scales protein production is negligible and
the changes induced by leakage during electroporation are
expected to be small. However, the balance between mono-
meric and filamentous actin was modified; in response to
the additional membrane, the lamellipodial actin network
expanded, and the total amount of actin in filamentous form
(determined from the integrated fluorescence signal of phal-
loidin-stained cells) was significantly larger in fused cells
compared to control cells (p < 1025; Figure 7C), while the
average actin network density along the leading edge
remained nearly the same (p > 0.1; Figure 7B). Thus, upon
fusion, in response to the large increase in membrane area,
the dynamic actin network expanded and more actin was
shifted from the large reserves of monomeric actin [38] into
the network. Consequently, cells rapidly re-established the
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• In-plane tension is the main 
contributor of tension in keratocytes 
(tension in blebs similar to non-bleb regions)

• Tension is enhanced by cell-substrate 
adhesion and low contractility

mechanical balance between themotility machinery andmem-
brane tension and continued moving with only minor changes
in their motile behavior (Figure 2).

The ability of cells to compensate for increased membrane
area by broadening their lamellipodium was not unlimited.
Fused cells in which the membrane area increased drasti-
cally (>70%) were unable to sustain steady polarization and
exhibited irregular protrusion with markedly slower movement
(Figure 7E). Moreover, even fused cells with more modest
membrane area increase were occasionally prone to lamelli-
podial instabilities [9], in which their lamellipodium sponta-
neously split, often leading to detachment of lamellipodial
fragments (Figure 7D).

Discussion

The forces generated by the cytoskeletal machinery along the
cell boundary have to be locally balanced by the load imposed
by membrane tension during steady motility (Figure 7F); at the
leading edge, the membrane-imposed forces have to balance
the protrusive force generated by actin polymerization (and
possibly also forces due to hydrostatic pressure gradients)
[5–8], while at the trailing edge, the force due tomembrane ten-
sion is required for rear retraction [8, 9]. The characteristic time
scale for attaining this mechanical force balance is short
(wmilliseconds) since force equilibration within themembrane
is rapid [11] and themolecular events involved (e.g., actin poly-
merization or detachment of adhesion complexes) occur on
subsecond timescales [27].

The load imposed by the membrane along the cell boundary
integrates contributions from the membrane-cytoskeleton
adhesion and the in-plane tension. Our results indicate that
while membrane-cytoskeleton adhesion does contribute to
the apparent tension, the in-plane tension is the main factor
determining tension in rapidly moving keratocytes. We show
this by two complementary approaches: (1) we eliminate the
protrusive forces by ‘‘freezing’’ the lamellipodia and show
that the measured tension drops dramatically while the mem-
brane is still attached to the cytoskeleton (Figures 3 and S4),
and (2) we pull membrane tethers from blebs and show that
a considerable fraction of the apparent tension is retained

(Figure 5). Moreover, the tether forces measured from blebs
were substantially larger than what has been measured in
slower-moving cells [14]. As membrane tension in keratocytes
arises predominantly from the in-plane tension in the mem-
brane, we propose that amechanical force balance is primarily
responsible for setting membrane tension. To that end, we
show that perturbations that decrease the pushing forces
generated by the actin network at the leading edge lead to
reduced membrane tension values (Figures 3 and 4). Similarly,
modulations of the force required for retracting the cell rear
through changes in the strength of adhesion to the substrate
and/or the strength ofmyosin-induced contraction lead to cor-
responding changes in membrane tension (Figure 6): high
adhesion/low myosin activity lead to high membrane tension
and vice versa. Importantly, the continuous interplay and feed-
back between the motility machinery and membrane tension
provides rapid and efficient means for global mechanical coor-
dination of cell boundary dynamics, which plays a crucial role
in focusing protrusion to the leading edge [6] and coordinating
protrusion with retraction at the rear [8].
While the available membrane area and the tension in the

cell membrane are obviously coupled [3, 4, 18], the influence
of changes in membrane area on tension will depend on the
timescales involved. In rapidly moving cells like keratocytes,
the dynamics of the motility machinery and force equilibration
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Figure 5. Membrane Tension in Blebbing Cytochalasin-Treated Kerato-
cytes

(A) Bright-field image of a blebbing cytochalasin-treated keratocyte during a
tether-pulling assay. The tether is extracted from a newly formed bleb
(Movie S3).
(B) A box plot (as in Figure 2H) of the membrane tension in cytochalasin-
treated cells measured from tethers extracted from newly formed blebs
and from nonblebbing regions. The average membrane tension in blebs
accounts for w75% of the tension measured in nonblebbing regions.
See also Movie S3.
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Figure 6. Membrane Tension Depends on the Balance between Adhesion
and Contraction

(A) Images of cells on low, intermediate, and high RGD densities during
tether force measurements. The crosses indicate the position of the trap
center. Note the differences in cell shape on the different substrates
(Figure S5) [32].
(B) A box plot (as in Figure 2H) summarizing membrane tension measure-
ments for population of cells plated on low, intermediate, and high RGD
densities with normal myosin contraction levels (untreated), inhibition of
myosin contraction with blebbistatin (light colors), and enhancement of
myosin activity with calyculin A (dark colors). Membrane tension increased
with higher adhesion and/or weaker contraction. The lines indicate signifi-
cantly different populations (*p < 0.05, **p < 0.001).
See also Figure S5.
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• Cells adjust actin polymerisation to 
membrane surface area so as to maintain 
membrane tension:

     >Feedback of tension on actin  polymerization? 

• Membrane tension determined by 
mechanical force balance between 
actin pushing forces, load exerted by 
membrane tension, myosin 
contraction and adhesion to 
substrate. 

in the membrane are faster than the typical timescales for
substantial membrane area changes (e.g., through endo- and
exocytosis). Thus, on the relatively short timescales (wmilli-
seconds) over which the mechanical balance between the
cytoskeletal forces and the cell membrane is achieved,
changes in cell area are negligible and hence do not have a
substantial effect on tension determination. Over longer time
scales, changes in cell surface area will be accompanied by
reorganization of the dynamic cytoskeleton which effectively
buffers the effect of membrane area changes on membrane
tension. This is clearly illustrated by our fusion experiments
(Figures 3 and 7), in which the lamellipodial actin network ex-
pands in response to the dramatic increase in membrane
area and cells resume normal movement without a significant
drop in membrane tension.

The measured tether forces in keratocytes (Figure 1C) are
significantly higher than those measured in other adherent
cell types, ranging from FT w7 pN in fibroblasts [5] to
w30 pN in endothelial cells [26] and melanoma cells [14]. We
suspect that the higher membrane tension values in kerato-
cytes are mainly due to the larger contribution of the in-plane
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Figure 7. The Lamellipodial Actin Network
Expands in Response to an Increase in Cell
Membrane Area

(A) Fluorescence images of a fused cell and a con-
trol cell after fixation and staining with fluores-
cent phalloidin are shown. The lamellipodium is
broader in fused cells compared to control cells,
but the actin organization is similar.
(B and C) Bar graphs (mean 6 SEM) of the
average actin network density near the center of
the leading edge (B) and the total actin network
density integrated over the entire cell (C) in popu-
lations of fused cells and control cells which were
fixed and stained as in (A). The density of the
lamellipodial actin network is similar in fused cells
and control cells (p > 0.1), whereas the total
amount of filamentous actin is significantly higher
in fused cells (p < 1025).
(d) Phase-contrast images from a movie demon-
strating the lamellipodial instabilities observed
in fused cells. Time from the first image (which
wasw15 min after fusion) is indicated. The insta-
bilities often lead to fragmentation and detach-
ment of lamellipodial fragments as shown.
(E) Phase-contrast images from a movie of a cell
whose projected area increased by >70% upon
GUV fusion. Images before and after fusion are
depicted, and the time after fusion is indicated.
After fusion, the cell is unable to support a stable
lamellipodium, and cell movement is significantly
hampered (see also Movie S4).
(F) Schematic illustration of the force balance
between cytoskeletal forces and the cell mem-
brane. At the leading edge, the forces generated
by actin polymerization are balanced by the load
imposed by the tensed membrane, whereas at
the rear, membrane tension assists in retraction
of the trailing edge. Membrane tension is primar-
ily determined by this mechanical force balance.
See also Figure S6 and Movie S4.

tension and the lack of substantial mem-
brane reservoirs (Figure S1). In slower-
moving cells, like fibroblasts, the in-
plane tension is probably much lower,
so the dynamic coupling between the

cortex and the membrane through membrane-cytoskeleton
adhesion [39] likely accounts for a larger fraction of the
membrane tension [14] and can have a substantial influence
on membrane tension determination [1].
The load imposed by the membrane on the actin network

can be estimated from our membrane tension measurements.
The average load imposed per unit length of the leading edge
is equal to 2T, since the membrane exerts a pulling force equal
to T on both the dorsal and the ventral surface. Using a typical
value for the actin filament density at the edge of protruding
lamellipodia (w200 filaments/mm) [38, 40], we estimate the
load force per filament to be w3 pN per filament. Thus, the
force imposed by the membrane load amounts to a consider-
able fraction of the stall force. This conclusion is consistent
with in vivo measurements of the force required to stall protru-
sion of the lamellipodial actin network obtained by placing an
obstacle in front of motile keratocytes [41].
Overall, our experiments, together with other recent works

[6–8, 12], highlight the unique role of membrane tension as a
physical variable that regulates and coordinates cellular
dynamics. In particular, signal transmission through the
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Membrane tension and cytoskeletal forces determine shape

Keren K. et al, Mogilner A. and Theriot J., Nature, 453:475 (2008) 

The phenotypic variability in our test population is depicted in the
histograms shown in Fig. 2a.We further characterized this variability
by following several individual cells over time. Particularly notable

was the observation that the projected cell area, although quite vari-
able across the population, was essentially constant for a given cell
(Fig. 2a). This suggests that the area, probably determined by the total
amount of available plasma membrane or by tight regulation of the
membrane surface area, is intrinsic to each cell and constant through
time. Individual cells showed larger variability in other measures
such as speed and aspect ratio; nevertheless, in every case, individual
variability remained smaller than that of the population as a whole
(Fig. 2a). The measured properties correlate well across the data set
(Fig. 2b and Supplementary Fig. 2), producing a phenotypic con-
tinuum that we have described previously11: from rough, slow and
rounded ‘decoherent’ cells, to smooth, fast and wide ‘coherent’ cells
that exhibit a more pronounced peak in actin filament density at the
centre.

To examine the role that the particular history of a given cell has in
determining cell morphology, we confronted keratocytes with an
acute perturbation—transient treatment with high concentrations
of dimethylsulphoxide (DMSO)—which resulted in temporary
lamellipodial loss and cell rounding22. We found that cells were able
to resume movement (albeit in an arbitrary direction with respect to
their orientation before DMSO treatment) and return to their ori-
ginal morphology and speed within minutes (Fig. 2c–e), comparable
to the characteristic timescales of the underlying molecular processes
such as actin assembly and disassembly and adhesion formation5–8,23.
This rapid recovery of pre-perturbation properties suggests that the
observed, persistent behaviour of keratocytes is a manifestation of a
dynamic system at steady state. Taken together, our results imply that
cell shape and speed are determined by a history-independent self-
organizing mechanism, characterized by a small number of cellular
parameters that stay essentially constant over time (such as available
quantities of membrane or cytoskeletal components), independent
of the precise initial localization of the components of the motility
machinery.

Actin/membrane model explains cell shape

We set out to develop a quantitative physical model of cell shape and
movement that could explain this observed spectrum of keratocyte
behaviour. Specifically, we sought to describe mechanistically the
shape variability captured in the first two principal modes of kera-
tocyte shape (Fig. 1b; comprising over 93% of the total shape vari-
ation), setting aside the detailed shape of the cell rear. Two
observations—first, that cell area is constant (Fig. 2a), and second,
that the density of filamentous actin along the leading edge is graded
(Fig. 3a,b)—are central to our proposed mechanism of cell shape
regulation. In addition, this mechanism is predicated on the basis
of previous observations that the lamellipodial actin network under-
goes treadmilling, with net assembly at the leading edge and net
disassembly towards the rear8,24,25.

We hypothesize that actin polymerization pushes the cell mem-
brane from within, generating membrane tension26. The cell mem-
brane, which has been observed to remain nearly stationary in the cell
frame of reference in keratocytes12,14, is fluid and bends easily but is
nevertheless inextensible (that is, it can be deformed but not
stretched)27. Forces on the membrane at any point equilibrate within
milliseconds26 (see Supplementary Information) so that, on the time-
scales relevant for motility, membrane tension is spatially homo-
genous at all points along the cell boundary. At the leading edge,
membrane tension imposes an opposing force on growing actin fila-
ments that is constant per unit edge length, so that the force per
filament is inversely proportional to the local filament density. At
the centre of the leading edge, where filament density is high
(Fig. 3a–c), the membrane resistance per filament is small, allowing
filaments to grow rapidly and generate protrusion. As filament den-
sity gradually decreases towards the cell sides, the forces per filament
caused by membrane tension increase until polymerization is stalled
at the far sides of the cell, which therefore neither protrude nor
retract. At the rear of the cell, where the actin network disassembles,
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Figure 3 | A quantitative model explains the main features of keratocyte
shapes. a, Phase-contrast (top) and fluorescence (bottom) images are shown
for two live keratocytes stained with TMR-derivatized kabiramide C. The
fluorescence intensity reflects the current and past distribution of filament
ends, in addition to diffuse background signal from unincorporated probe20.
Along the leading edge, the fluorescence intensity is proportional to the local
density of actin filaments (see Supplementary Information; 1-mm-wide strips
along the leading edge are shownsuperimposedon thephase-contrast images,
with centre and side regions highlighted). b, The average (background-
corrected) fluorescence intensity along the strips shown in a is plotted. The
cell on the left has a peaked distribution of actin filaments, whereas the actin
distribution in the cell on the right is flatter. The ratio of the actin density at
the centre (Dc) and sides (Ds; averagedover both sides) of the strip, denoted as
Dcs, serves as a robust measure of the peakedness of the distribution. c, The
density distribution of pushing actin filaments along the leading edge is
approximated as a parabola, with amaximumat the centre. Cells with peaked
filamentous actin distributions and, therefore, high Dcs values, have larger
regions in which the actin filament density is above the ‘stall’ threshold, and
thushave longer protruding front edges (of length x) comparedwith the length
of the stalled/retracting cell sides (y), yielding higher aspect ratios (S5 x/y).
d, The ratio between actin density at the centre and at the sides,Dcs, is plotted
as a function of cell aspect ratio, S. Each data point represents an individual
cell. Our model provides a parameter-free prediction of this relationship (red
line), which captures the mean trend in the data, plotted as a gaussian-
weightedmoving average (s5 0.25; blue line)6one standard deviation (blue
region). Inset: the model of cell shape is illustrated schematically.
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
8
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
(Sz2)2
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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- Geometry: 
   > rectangle approximation (area A, aspect ratio 
S, leading edge L)

membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
(Sz2)2
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).

ARTICLES NATURE |Vol 453 |22 May 2008

478
Nature   Publishing Group©2008

- Biology: 
> inelastic membrane (constraints on area)
> graded actin density at leading edge 
(parabolic distribution)

membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
(Sz2)2
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
(Sz2)2
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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- Mechanics:
>Actin polymerisation is stalled by membrane tension T
T is uniform: assumtion, at sides, actin density 

The phenotypic variability in our test population is depicted in the
histograms shown in Fig. 2a.We further characterized this variability
by following several individual cells over time. Particularly notable

was the observation that the projected cell area, although quite vari-
able across the population, was essentially constant for a given cell
(Fig. 2a). This suggests that the area, probably determined by the total
amount of available plasma membrane or by tight regulation of the
membrane surface area, is intrinsic to each cell and constant through
time. Individual cells showed larger variability in other measures
such as speed and aspect ratio; nevertheless, in every case, individual
variability remained smaller than that of the population as a whole
(Fig. 2a). The measured properties correlate well across the data set
(Fig. 2b and Supplementary Fig. 2), producing a phenotypic con-
tinuum that we have described previously11: from rough, slow and
rounded ‘decoherent’ cells, to smooth, fast and wide ‘coherent’ cells
that exhibit a more pronounced peak in actin filament density at the
centre.

To examine the role that the particular history of a given cell has in
determining cell morphology, we confronted keratocytes with an
acute perturbation—transient treatment with high concentrations
of dimethylsulphoxide (DMSO)—which resulted in temporary
lamellipodial loss and cell rounding22. We found that cells were able
to resume movement (albeit in an arbitrary direction with respect to
their orientation before DMSO treatment) and return to their ori-
ginal morphology and speed within minutes (Fig. 2c–e), comparable
to the characteristic timescales of the underlying molecular processes
such as actin assembly and disassembly and adhesion formation5–8,23.
This rapid recovery of pre-perturbation properties suggests that the
observed, persistent behaviour of keratocytes is a manifestation of a
dynamic system at steady state. Taken together, our results imply that
cell shape and speed are determined by a history-independent self-
organizing mechanism, characterized by a small number of cellular
parameters that stay essentially constant over time (such as available
quantities of membrane or cytoskeletal components), independent
of the precise initial localization of the components of the motility
machinery.

Actin/membrane model explains cell shape

We set out to develop a quantitative physical model of cell shape and
movement that could explain this observed spectrum of keratocyte
behaviour. Specifically, we sought to describe mechanistically the
shape variability captured in the first two principal modes of kera-
tocyte shape (Fig. 1b; comprising over 93% of the total shape vari-
ation), setting aside the detailed shape of the cell rear. Two
observations—first, that cell area is constant (Fig. 2a), and second,
that the density of filamentous actin along the leading edge is graded
(Fig. 3a,b)—are central to our proposed mechanism of cell shape
regulation. In addition, this mechanism is predicated on the basis
of previous observations that the lamellipodial actin network under-
goes treadmilling, with net assembly at the leading edge and net
disassembly towards the rear8,24,25.

We hypothesize that actin polymerization pushes the cell mem-
brane from within, generating membrane tension26. The cell mem-
brane, which has been observed to remain nearly stationary in the cell
frame of reference in keratocytes12,14, is fluid and bends easily but is
nevertheless inextensible (that is, it can be deformed but not
stretched)27. Forces on the membrane at any point equilibrate within
milliseconds26 (see Supplementary Information) so that, on the time-
scales relevant for motility, membrane tension is spatially homo-
genous at all points along the cell boundary. At the leading edge,
membrane tension imposes an opposing force on growing actin fila-
ments that is constant per unit edge length, so that the force per
filament is inversely proportional to the local filament density. At
the centre of the leading edge, where filament density is high
(Fig. 3a–c), the membrane resistance per filament is small, allowing
filaments to grow rapidly and generate protrusion. As filament den-
sity gradually decreases towards the cell sides, the forces per filament
caused by membrane tension increase until polymerization is stalled
at the far sides of the cell, which therefore neither protrude nor
retract. At the rear of the cell, where the actin network disassembles,
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Figure 3 | A quantitative model explains the main features of keratocyte
shapes. a, Phase-contrast (top) and fluorescence (bottom) images are shown
for two live keratocytes stained with TMR-derivatized kabiramide C. The
fluorescence intensity reflects the current and past distribution of filament
ends, in addition to diffuse background signal from unincorporated probe20.
Along the leading edge, the fluorescence intensity is proportional to the local
density of actin filaments (see Supplementary Information; 1-mm-wide strips
along the leading edge are shownsuperimposedon thephase-contrast images,
with centre and side regions highlighted). b, The average (background-
corrected) fluorescence intensity along the strips shown in a is plotted. The
cell on the left has a peaked distribution of actin filaments, whereas the actin
distribution in the cell on the right is flatter. The ratio of the actin density at
the centre (Dc) and sides (Ds; averagedover both sides) of the strip, denoted as
Dcs, serves as a robust measure of the peakedness of the distribution. c, The
density distribution of pushing actin filaments along the leading edge is
approximated as a parabola, with amaximumat the centre. Cells with peaked
filamentous actin distributions and, therefore, high Dcs values, have larger
regions in which the actin filament density is above the ‘stall’ threshold, and
thushave longer protruding front edges (of length x) comparedwith the length
of the stalled/retracting cell sides (y), yielding higher aspect ratios (S5 x/y).
d, The ratio between actin density at the centre and at the sides,Dcs, is plotted
as a function of cell aspect ratio, S. Each data point represents an individual
cell. Our model provides a parameter-free prediction of this relationship (red
line), which captures the mean trend in the data, plotted as a gaussian-
weightedmoving average (s5 0.25; blue line)6one standard deviation (blue
region). Inset: the model of cell shape is illustrated schematically.
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
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4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L
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~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~
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AS
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc
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~ 1{ x
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4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L
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~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall
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, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc
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~ 1{ x

L

& '2h i{1
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4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L
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~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall
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, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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The phenotypic variability in our test population is depicted in the
histograms shown in Fig. 2a.We further characterized this variability
by following several individual cells over time. Particularly notable

was the observation that the projected cell area, although quite vari-
able across the population, was essentially constant for a given cell
(Fig. 2a). This suggests that the area, probably determined by the total
amount of available plasma membrane or by tight regulation of the
membrane surface area, is intrinsic to each cell and constant through
time. Individual cells showed larger variability in other measures
such as speed and aspect ratio; nevertheless, in every case, individual
variability remained smaller than that of the population as a whole
(Fig. 2a). The measured properties correlate well across the data set
(Fig. 2b and Supplementary Fig. 2), producing a phenotypic con-
tinuum that we have described previously11: from rough, slow and
rounded ‘decoherent’ cells, to smooth, fast and wide ‘coherent’ cells
that exhibit a more pronounced peak in actin filament density at the
centre.

To examine the role that the particular history of a given cell has in
determining cell morphology, we confronted keratocytes with an
acute perturbation—transient treatment with high concentrations
of dimethylsulphoxide (DMSO)—which resulted in temporary
lamellipodial loss and cell rounding22. We found that cells were able
to resume movement (albeit in an arbitrary direction with respect to
their orientation before DMSO treatment) and return to their ori-
ginal morphology and speed within minutes (Fig. 2c–e), comparable
to the characteristic timescales of the underlying molecular processes
such as actin assembly and disassembly and adhesion formation5–8,23.
This rapid recovery of pre-perturbation properties suggests that the
observed, persistent behaviour of keratocytes is a manifestation of a
dynamic system at steady state. Taken together, our results imply that
cell shape and speed are determined by a history-independent self-
organizing mechanism, characterized by a small number of cellular
parameters that stay essentially constant over time (such as available
quantities of membrane or cytoskeletal components), independent
of the precise initial localization of the components of the motility
machinery.

Actin/membrane model explains cell shape

We set out to develop a quantitative physical model of cell shape and
movement that could explain this observed spectrum of keratocyte
behaviour. Specifically, we sought to describe mechanistically the
shape variability captured in the first two principal modes of kera-
tocyte shape (Fig. 1b; comprising over 93% of the total shape vari-
ation), setting aside the detailed shape of the cell rear. Two
observations—first, that cell area is constant (Fig. 2a), and second,
that the density of filamentous actin along the leading edge is graded
(Fig. 3a,b)—are central to our proposed mechanism of cell shape
regulation. In addition, this mechanism is predicated on the basis
of previous observations that the lamellipodial actin network under-
goes treadmilling, with net assembly at the leading edge and net
disassembly towards the rear8,24,25.

We hypothesize that actin polymerization pushes the cell mem-
brane from within, generating membrane tension26. The cell mem-
brane, which has been observed to remain nearly stationary in the cell
frame of reference in keratocytes12,14, is fluid and bends easily but is
nevertheless inextensible (that is, it can be deformed but not
stretched)27. Forces on the membrane at any point equilibrate within
milliseconds26 (see Supplementary Information) so that, on the time-
scales relevant for motility, membrane tension is spatially homo-
genous at all points along the cell boundary. At the leading edge,
membrane tension imposes an opposing force on growing actin fila-
ments that is constant per unit edge length, so that the force per
filament is inversely proportional to the local filament density. At
the centre of the leading edge, where filament density is high
(Fig. 3a–c), the membrane resistance per filament is small, allowing
filaments to grow rapidly and generate protrusion. As filament den-
sity gradually decreases towards the cell sides, the forces per filament
caused by membrane tension increase until polymerization is stalled
at the far sides of the cell, which therefore neither protrude nor
retract. At the rear of the cell, where the actin network disassembles,
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Figure 3 | A quantitative model explains the main features of keratocyte
shapes. a, Phase-contrast (top) and fluorescence (bottom) images are shown
for two live keratocytes stained with TMR-derivatized kabiramide C. The
fluorescence intensity reflects the current and past distribution of filament
ends, in addition to diffuse background signal from unincorporated probe20.
Along the leading edge, the fluorescence intensity is proportional to the local
density of actin filaments (see Supplementary Information; 1-mm-wide strips
along the leading edge are shownsuperimposedon thephase-contrast images,
with centre and side regions highlighted). b, The average (background-
corrected) fluorescence intensity along the strips shown in a is plotted. The
cell on the left has a peaked distribution of actin filaments, whereas the actin
distribution in the cell on the right is flatter. The ratio of the actin density at
the centre (Dc) and sides (Ds; averagedover both sides) of the strip, denoted as
Dcs, serves as a robust measure of the peakedness of the distribution. c, The
density distribution of pushing actin filaments along the leading edge is
approximated as a parabola, with amaximumat the centre. Cells with peaked
filamentous actin distributions and, therefore, high Dcs values, have larger
regions in which the actin filament density is above the ‘stall’ threshold, and
thushave longer protruding front edges (of length x) comparedwith the length
of the stalled/retracting cell sides (y), yielding higher aspect ratios (S5 x/y).
d, The ratio between actin density at the centre and at the sides,Dcs, is plotted
as a function of cell aspect ratio, S. Each data point represents an individual
cell. Our model provides a parameter-free prediction of this relationship (red
line), which captures the mean trend in the data, plotted as a gaussian-
weightedmoving average (s5 0.25; blue line)6one standard deviation (blue
region). Inset: the model of cell shape is illustrated schematically.
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
(Sz2)2
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~
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AS

p
z2

ffiffiffiffiffiffiffiffi
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc
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~ 1{ x
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4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L
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~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2
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A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall
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, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S

p
). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
(Sz2)2
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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• Connecting cell shape and cell speed:
    - Need force-velocity relationship

  Principle:
  > Uniform membrane tension, graded actin 
density implies graded resistive force per filament 
and hence graded actin protrusion rate.
  > Predicts cell curvature at leading edge 
     (radius R).

Force-velocity (to match well data)

membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~

ffiffiffiffiffiffi
AS

p
z2

ffiffiffiffiffiffiffiffi
A=S
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2

" #2
$ %

, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–

velocity relation given by V~V0 1{ f
fstall

" #w" #
, where w5 8 (Fig. 4).

By combining this force–velocity relationwith the geometric formulae

of the GRE model, we obtain R< L
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Figure 4 | An extended model predicts lamellipodial curvature and the
relationship between speed and morphology. a, The radius of curvature of
the leading edge calculated within the model as a function of A and S,
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, is plotted

against the measured radius of curvature (Rm, radius of best-fit circle of the
front 40% of the cell). The red dashed line depicts Rc5Rm. b, Cell speed,
Vcell, is shown as a function of cell aspect ratio, S. The model prediction

Vcell~V0 1{ 4 Sz1ð Þ
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(red line;V0 determined empirically) is compared

to the trend plotted as a gaussian-weighted moving average (s5 0.25; blue
line)6 one standard deviation (blue region), from 695 individual cells (blue
points). Purple crosses indicate the mean6 one standard deviation in speed
and aspect ratio over 5min for 11 individual cells (shown in Fig. 2a).
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membrane tension, assisted by myosin contraction, crushes the wea-
kened network and moves actin debris forward, thereby retracting
the cell rear (Fig. 3d, inset). Membrane tension, which is spatially
constant, thus induces a direct coupling betweenmolecular processes
occurring at distant regions of the cell and contributes to the global
coordination of those processes. The Supplementary Information
discusses alternative hypotheses regarding cell shape determination
that are inconsistent with our measurements (Supplementary Fig. 3).

This qualitative model can be mathematically specified and quan-
titatively compared to our data set as follows (see Supplementary
Table 1 for a list of model assumptions, and Supplementary
Information for further details). As discussed previously (Fig. 1),
keratocyte shapes can largely be described by two parameters: shape
modes 1 and 2, which essentially correspond to cell area (A) and
aspect ratio (S), respectively. Thus, for simplicity, we begin by
approximating cells as rectangles with width x and length y
(A5 xy, S5 x/y, and the total leading edge length (front and sides)
is L~xz2y~
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). The observed steady-state centre-

peaked distribution of actin filaments along the leading edge (D)

can be described as a parabola: D(l)~ b
Lc 1{ l

L=2
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, where l is

the arc distance along the leading edge (l5 0 at the cell midline), b
is the total number of nascent actin filaments that branch off from
existing growing filaments per cell per second, and c is the rate of
capping of existing filaments (Fig. 3c; see Supplementary
Information for derivation). We make the further assumption
(described previously) that actin filament protrusion is mechanically
stalled by the membrane tension T at the sides of the front of the
lamellipodium (l~+x=2). The force acting on each filament at the
sides must therefore be approximately equal to the force required to
stall a single actin filament28, fstall, which has been measured29,30, so

that: Ds~D(x=2)~ b
Lc 1{ x

L

& '2" #
~ T

fstall
. We find that the peak actin

densityDc5D(0) fluctuates more thanDs across the population and
in individual cells through time (Supplementary Fig. 4;
Supplementary Information), suggesting that most of the shape vari-
ation observed correlates with differences in actin dynamics rather
than changes in membrane tension.

This simple model provides a direct link between the distribution
of filamentous actin and overall cell morphology. From the previous
equations, this link can be expressed as a relation between the ratio of
actin filament density at the centre (l~0) versus the sides (l~+x=2)
of the leading edge, denoted Dcs, and the aspect ratio of the cell, S:

Dcs~
Dc

Ds
~ 1{ x

L

& '2h i{1
~ Sz2ð Þ2

4 Sz1ð Þ. Thus, cells with relatively more

actin filament density at the centre than the sides (high Dcs) have
higher aspect ratios, whereas cells with low Dcs ratios have aspect
ratios closer to one. As shown in Fig. 3d, the correlation between
Dcs and S in our measurements closely follows this model prediction,
which, importantly, involves no free parameters. The model is fur-
ther supported by perturbation experiments, in which, for example,
increasing the capping rate c (by treatment with cytochalasin D) led
to the predicted decrease in cell aspect ratio (Supplementary Fig. 1;
Supplementary Information). Remarkably, all the model parameters

apart from area can be combined into a single parameter: z~ Tc
fstallb

,

which signifies the ratio of themembrane tension to the force needed
to stall actin network growth at the centre of the leading edge.
This key parameter can be expressed in multiple ways:

z: Tc
fstallb

~ 1
L 1{ x

L

& '2" #
~ 1

L:Dcs
; that is, in terms of the membrane

tension, filament stall force, and branching and capping rates; in
terms of the measurable geometry of the cell alone; or in terms of
the actin density ratio and cell geometry (see also Supplementary
Fig. 5). Thus, this model describes the basic relation between actin
network dynamics at the molecular level and overall actin network
structure and shape at the cellular scale using only two biologically
relevant parameters: z and A.

Shape, speed and lamellipodial radius

To describe cell shape with more accuracy and to relate cell speed to
morphology, we must consider the relationship between the growth
rate of actin filaments and the magnitude of force resisting their
growth. This so-called force–velocity relationship can be used to
determine the protrusion rate at the leading edge, and thus cell speed,
from the forces exerted by the membrane against the growing lamel-
lipodial actin network. Because membrane tension is the same every-
where along the leading edge, although the filamentous actin density
is peaked at the centre of the leading edge, the resistive force per
filament increases with distance from the centre. As a result, local
protrusion rates decrease smoothly from the centre towards the sides
of the leading edge (where, as above, protrusion is stalled). Assuming
that protrusion is locally perpendicular to the cell boundary, this
implies that the sides of the leading edge lag behind the centre, caus-
ing the leading edge to become curved as observed (Fig. 1a; such a
relation between geometry and spatially variable protrusion rates was
first described in the GRE model12). Thus, keratocytes can be more
accurately described as slightly bent rectangles, characterized by the
radius of curvature of their leading edge, R, and their overall rate of
movement (Fig. 4), in addition to their width and length.

Given a particular force–velocity relation, both cell speed and
lamellipodial radius can be expressed, in the context of this model,
solely in terms of the parameters A and z. Thus, speed and radius are
predicted to vary with cell area and aspect ratio, providing further
tests of the model. The exact form of the force–velocity relation for
the lamellipodial actin network is unknown. Measurements in
branched actin networks, both in motile keratocytes16 and assembled
in cytoplasmic extracts31, yielded force–velocity relations that were
concave down: that is, the protrusion rate was insensitive to force at
weak loads (relative to the stall force), whereas at greater loads the
speed decreased markedly. Regardless of its precise functional
dependence, as long as the force–velocity relation entails such a
monotonic concave-down decrease in protrusion velocity with
increasing membrane tension, the predicted trends in cell speed
and lamellipodium radius correlate well with our experimental
observations (Supplementary Fig. 6). We find good quantitative
agreement between the model and our observations using a force–
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Thus, a cell’s speed can be predicted from its aspect ratio, with more
canoe-like cells expected to move faster. We find that the trend of the
experimental data agrees with our predictions (Fig. 4b), and, in par-
ticular, shows the predicted saturation of speed with increasing aspect
ratio.We expect cell-to-cell variation in some of themodel parameters
that determine cell speed such as the concentration of actinmonomers
and the fraction of pushing actin filaments, as well as in the rate of
retrograde actin flowwith respect to the substrate13,17.Withoutdetailed
per-cell measurements of these, we use constant values that reflect the
population mean, allowing correct prediction of population trends,
whereas some aspects of cell-to-cell variation remain unexplained.

Discussion

We have used correlative approaches to map quantitatively the func-
tional states of keratocyte motility from a large number of observa-
tions of morphology, speed and actin network structure in a
population of cells. This data set provided the basis for and con-
straints on a quantitative model of cell shape that requires only two
cell-dependent parameters; these parameters are measurable from
cell geometry alone and are closely related to the two dimensions
of a phase space that accounts for over 93% of all keratocyte shape
variation. Although conceptually quite straightforward, our model
describes connections between dynamic events spanning several
orders of magnitude in space and time and is, to our knowledge,
the first quantitative approach relating molecular mechanisms to cell
geometry and movement. The model is able to explain specific pro-
perties of keratocyte shape and locomotion on the basis of a coupling
of tension in the cell membrane to the dynamics of the treadmilling
network of actin filaments. Overall, the picture is very simple: actin
network treadmilling (characterized by the z parameter) drives from
within the forward protrusion of an inextensible membrane bag
(characterized in two dimensions by its total area). Such a scenario
was suggested over a decade ago32, but prior to this work had never
been tested. Furthermore, this basic mechanism seems to be suf-
ficient to explain the persistent and coordinated movement of
keratocytes without incorporating regulatory elements such as
microtubules, morphogens or signallingmolecules33, suggesting that,
at least in keratocytes, these elements are dispensable or redundant.

The model highlights the important regulatory role of membrane
tension in cell shape determination: actin assembly at the leading
edge and disassembly at the cell rear are both modulated by forces
imposed on the actin network by the membrane. Moreover, because
membrane tension is constant along the cell boundary, it effectively
couples processes (such as protrusion and retraction) that take place
in spatially distinct regions of the cell. On the basis of our results, we
estimate the membrane tension in motile keratocytes to be on the
order of 100 pN mm21 (see Supplementary Information), similar to
the results of experiments that estimatedmembrane tension from the
force on a tether pulled from the surface of motile fibroblasts34.

Our model does not specifically address adhesion or the detailed
shape of the cell rear (captured in shape modes 3 and 4; Fig. 1b).
Nevertheless, adhesive contacts to the substrate are obviously essen-
tial for the cell to be able to generate traction and to move forward.
We assume implicitly that the lamellipodial actin network is attached
to the substrate, which allows polymerization to translate into cel-
lular protrusion. This assumption is consistent with experimental
evidence indicating that the actin network in the keratocyte lamelli-
podium is nearly stationary with respect to the substrate8,13,17. The
rear boundary of the cell is also implicit in ourmodel, and is set by the
position of the ‘rear corners’ of the lamellipodium: the locations at

which the density of actin filaments actively pushing against the cell
membrane falls to zero. Thus, we do not address the possible contri-
bution ofmyosin contraction in retracting the cell rear and disassem-
bling the actin network7,26 (see Supplementary Information).

Our results emphasize that careful quantitative analysis of natural
cell-to-cell variation can provide powerful insight into the molecular
mechanisms underlying complex cell behaviour. A rapidly moving
keratocyte completely rebuilds its cytoskeleton and adhesive struc-
tures every few minutes, generating a cell shape that is both dynam-
ically determined and highly robust. This dynamic stability suggests
that shape emerges from the numerous molecular interactions as a
steady-state solution, without any simple central organizing or book-
keeping mechanism. In this work, we relied on several decades of
detailed mechanistic studies on the molecular mechanisms involved
to derive a physically realistic model for large-scale shape deter-
mination. This model is directly and quantitatively coupled to the
molecular-scale dynamics and has surprising predictive power. As
individual functional modules within cells are unveiled at the
molecular level, understanding their large-scale integration is
becoming an important challenge in cell biology. To this end, we
propose that the biologically rich cell-to-cell variability present
within all normal populations represents a fruitful but currently
underused resource of mechanistic information regarding complex
processes such as cell motility.

METHODS SUMMARY
Cell culture. Keratocytes were isolated from the scales of the Central American
cichlid H. nicaraguensis and were cultured as described previously11. TMR-
derivatized kabiramide C was added to cells in culture medium for 5min and
subsequently washed20. DMSO treatment consisted of either application of
2–5ml DMSO directly onto cells or addition of 10% DMSO to the culture
medium.
Microscopy. Cells were imaged in a live-cell chamber at room temperature
(,23 uC) on a Nikon Diaphot300 microscope using a 360 lens (numerical
aperture, 1.4). To obtain velocity information, for each coverslip, 15–30 ran-
domly chosen cells were imaged twice, 30 s apart. Time-lapse movies of indi-
vidual cells were acquired at 10-s intervals.
Shape analysis. Cell morphology was measured from manually defined cell
shapes, as described previously11,19. ‘Shapemodes’ were produced by performing
principal components analysis on the population of cell shapes after mutual
alignment.

Full Methods and any associated references are available in the online version of
the paper at www.nature.com/nature.
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Thus, a cell’s speed can be predicted from its aspect ratio, with more
canoe-like cells expected to move faster. We find that the trend of the
experimental data agrees with our predictions (Fig. 4b), and, in par-
ticular, shows the predicted saturation of speed with increasing aspect
ratio.We expect cell-to-cell variation in some of themodel parameters
that determine cell speed such as the concentration of actinmonomers
and the fraction of pushing actin filaments, as well as in the rate of
retrograde actin flowwith respect to the substrate13,17.Withoutdetailed
per-cell measurements of these, we use constant values that reflect the
population mean, allowing correct prediction of population trends,
whereas some aspects of cell-to-cell variation remain unexplained.

Discussion

We have used correlative approaches to map quantitatively the func-
tional states of keratocyte motility from a large number of observa-
tions of morphology, speed and actin network structure in a
population of cells. This data set provided the basis for and con-
straints on a quantitative model of cell shape that requires only two
cell-dependent parameters; these parameters are measurable from
cell geometry alone and are closely related to the two dimensions
of a phase space that accounts for over 93% of all keratocyte shape
variation. Although conceptually quite straightforward, our model
describes connections between dynamic events spanning several
orders of magnitude in space and time and is, to our knowledge,
the first quantitative approach relating molecular mechanisms to cell
geometry and movement. The model is able to explain specific pro-
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of tension in the cell membrane to the dynamics of the treadmilling
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network treadmilling (characterized by the z parameter) drives from
within the forward protrusion of an inextensible membrane bag
(characterized in two dimensions by its total area). Such a scenario
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ficient to explain the persistent and coordinated movement of
keratocytes without incorporating regulatory elements such as
microtubules, morphogens or signallingmolecules33, suggesting that,
at least in keratocytes, these elements are dispensable or redundant.
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edge and disassembly at the cell rear are both modulated by forces
imposed on the actin network by the membrane. Moreover, because
membrane tension is constant along the cell boundary, it effectively
couples processes (such as protrusion and retraction) that take place
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estimate the membrane tension in motile keratocytes to be on the
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shape of the cell rear (captured in shape modes 3 and 4; Fig. 1b).
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tial for the cell to be able to generate traction and to move forward.
We assume implicitly that the lamellipodial actin network is attached
to the substrate, which allows polymerization to translate into cel-
lular protrusion. This assumption is consistent with experimental
evidence indicating that the actin network in the keratocyte lamelli-
podium is nearly stationary with respect to the substrate8,13,17. The
rear boundary of the cell is also implicit in ourmodel, and is set by the
position of the ‘rear corners’ of the lamellipodium: the locations at

which the density of actin filaments actively pushing against the cell
membrane falls to zero. Thus, we do not address the possible contri-
bution ofmyosin contraction in retracting the cell rear and disassem-
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Our results emphasize that careful quantitative analysis of natural
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tures every few minutes, generating a cell shape that is both dynam-
ically determined and highly robust. This dynamic stability suggests
that shape emerges from the numerous molecular interactions as a
steady-state solution, without any simple central organizing or book-
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to derive a physically realistic model for large-scale shape deter-
mination. This model is directly and quantitatively coupled to the
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individual functional modules within cells are unveiled at the
molecular level, understanding their large-scale integration is
becoming an important challenge in cell biology. To this end, we
propose that the biologically rich cell-to-cell variability present
within all normal populations represents a fruitful but currently
underused resource of mechanistic information regarding complex
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2–5ml DMSO directly onto cells or addition of 10% DMSO to the culture
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Microscopy. Cells were imaged in a live-cell chamber at room temperature
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vidual cells were acquired at 10-s intervals.
Shape analysis. Cell morphology was measured from manually defined cell
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over long range to spatially and temporally regulate cell
polarity and cell migration [23,29,34]. Membrane tension
antagonizes actin-based protrusion by being the barrier
that growing actin filaments fight to protrude the mem-
brane [23] and contractility opposes protrusion by pulling
actin filaments away from the membrane [35]. The relative
contribution of cytoskeletal versus membrane tension is
likely to vary in different cell types.

In Dictyostelium, contractility plays an important role in
restricting signals to the leading edge. Upon deletion of
myosin 2, cytoskeletal tension is reduced dramatically [36]
and there is an increase in lateral pseudopod number [37]
and in Ras activation [38]. These data support a predominant
role of contractility in Dictyostelium polarity, but whether
PM tension also plays a significant role remains unknown.

In fibroblasts, a combination of cytoskeletal and mem-
brane tension limits cell protrusion. Increasing membrane
tension by hypo-osmotic shock halts spreading, whereas
decreasing it by adding lipids increases the rate of cell
spreading, enhances lamellipodial extension, and tran-
siently causes uniform spreading [5]. Decreasing contrac-
tility through myosin inhibition causes faster spreading
and a larger final spread area [35], and increasing it with
biaxial cellular stretching downregulates Rac activity [39].

In fish keratocytes, decreasing contractility through
myosin inhibition does not destroy keratocyte polarity

and only slightly reduces migration speed, suggesting a
predominant role for PM tension in this system [23,40].

In neutrophils, membrane tension also appears to be the
dominant inhibitory mechanism for cell polarization.
Membrane tension increases during neutrophil protrusion
and decreasing membrane tension through hypo-osmotic
shock results in the expansion of leading-edge signals and
loss of polarity [6]. Decreasing cytoskeletal tension with
myosin inhibition has no effect on leading-edge signals [6].

To what extent myosin inhibition, osmotic shock, or
other tension perturbations affect both membrane tension
and contractility remains unknown. Moreover, it is likely
that cytoskeletal and membrane tension are interdepen-
dent; myosin 2 activity is required to reduce PM tension at
the end of spreading [20], and its inhibition increases PM
tension in resting neutrophils [6].

Finally, it is important to note that these conclusions
(along with most other investigations of cytoskeletal ten-
sion) rely on myosin inhibition, but it is also possible that
filament disassembly-based changes in cytoskeletal ten-
sion could contribute to cell polarity and movement in the
absence of myosin activity.

Sensing PM tension
The molecular mechanisms by which cells sense and re-
spond to mechanical signals are not fully understood.
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approximately 4–5 s (Fig. 1 a) and then pulled with optical
tweezers forming thread-like membrane tethers (Fig. 1 b).
The membrane tethers were pulled at a constant rate until
the beads escaped from the laser tweezers. After the beads
escaped from the laser tweezers, the membrane tethers
rapidly retracted back (Fig. 1 c). As shown in Fig. 1 d, the
profile of the force vs. tether length during tether elongation
consisted of three parts. After the initial tether formation,
there was a small increase in force over the first micrometer.
Force then reached a plateau and further elongation did not
affect tether force, suggesting that membrane was drawn
from a reservoir. Finally, there was an abrupt exponential
rise in force that brought the tether out of the trap, indicating

depletion of the membrane reservoir. If the tether elongation
was dependent upon membrane stretching, then tether force
should increase with tether length. However, the presence of
a plateau in the force vs. tether length profile implies that
additional membrane is available for tether elongation from
a buffered reservoir. Under control conditions, the plateau
phase in chick embryo fibroblasts and 3T3 cells was 5 !m
(range, 3–7 !m), when pulled at a velocity of 4 !m/s. We
have also measured length of the plateau phase at different
pull rates (Fig. 1 e). From Fig. 1 e it is clear that tethers are
longer with a slower pull rate. The slower rate may allow
more time for vesicles underlying the plasma membrane to
incorporate into the membrane and therefore produce longer

FIGURE 1 A bead trapped with la-
ser optical tweezers was held on the
cell surface for 4–5 s (a) and a mem-
brane tether (arrow) was formed by
pulling out the bead with constant
velocity of 4 !m/s (b). (c) After the
bead escaped the trap the tether rap-
idly retracted. (d) Tether force with
time during the tether formation. (e)
Tether elongation with response to
different pull rates.
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Characteristics of a Membrane Reservoir Buffering Membrane Tension

Drazen Raucher and Michael P. Sheetz
Department of Cell Biology, Duke University Medical Center, Durham, North Carolina 27710 USA

ABSTRACT When membrane-attached beads are pulled vertically by a laser tweezers, a membrane tube of constant
diameter (tether) is formed. We found that the force on the bead (tether force) did not depend on tether length over a wide
range of tether lengths, which indicates that a previously unidentified reservoir of membrane and not stretch of the plasma
membrane provides the tether membrane. Plots of tether force vs. tether length have an initial phase, an elongation phase,
and an exponential phase. During the major elongation phase, tether force is constant, buffered by the “membrane reservoir.”
Finally, there is an abrupt exponential rise in force that brings the tether out of the trap, indicating depletion of the membrane
reservoir. In chick embryo fibroblasts and 3T3 fibroblasts, the maximum tether lengths that can be pulled at a velocity of 4
!m/s are 5.1 ! 0.3 and 5.0 ! 0.2 !m, respectively. To examine the importance of the actin cytoskeleton, we treated cells with
cytochalasin B or D and found that the tether lengths increased dramatically to 13.8 ! 0.8 and 12.0 ! 0.7 !m, respectively.
Similarly, treatment of the cells with colchicine and nocodazole results in more than a twofold increase in tether length. We
found that elevation of membrane tension (through osmotic pressure, a long-term elevation of tether force, or a number of
transitory increases) increased reservoir size over the whole cell. Using a tracking system to hold tether force on the bead
constant near its maximal length in the exponential phase, the rate of elongation of the tethers was measured as a function
of tether force (membrane tension). The rate of elongation of tethers was linearly dependent on the tether force and reflected
an increase in size of the reservoir. Increases in the reservoir caused by tension increases on one side of the cell caused
increases in reservoir size on the other side of the cell. Thus, we suggest that cells maintain a plasma membrane reservoir
to buffer against changes in membrane tension and that the reservoir is increased with membrane tension or disruption of the
cytoskeleton.

INTRODUCTION

One of the most important properties of the plasma mem-
brane is to serve as a flexible continuous barrier between the
cell constituents and the external environment. Active cells
undergo rapid morphological changes and can withstand
changes in medium osmolarity. It is clear that the plasma
membrane is very active, since dramatic changes in cell
morphology often require large changes in membrane area.
The plasma membrane cannot stretch to accommodate the
changes, since the maximum elastic stretching of a mem-
brane is about 4% (Evans and Skalak, 1979; Waugh, 1983)
at lytic tensions, which are 100- to 1000-fold greater than
normal (Dai and Sheetz, 1995, 1997). Therefore, additional
membrane must be drawn from internal compartments of
the cell. In a similar manner, the cell must accommodate
changes in medium osmolarity that would cause cell swell-
ing. In our previous studies, we have found that the cell
plasma membrane tension is constant under normal condi-
tions and even major osmotic perturbations cause relatively
minor changes in tension (Dai et al., 1998). Thus, the cell
must have mechanisms to regulate membrane tension. A
working hypothesis maintains that tension is tied to mem-
brane traffic and membrane-cytoskeleton adhesion and
serves to regulate several important cell functions, including

endocytosis rate and motility. Control of membrane traffic
through membrane tension could help to maintain the cor-
rect plasma membrane area.

The traffic of membrane to and from the plasma mem-
brane is rapid in most cells and membrane could be added
in response to morphological or osmotic changes. However,
membrane tensions have a variation of 10%, whereas to
increase the plasma membrane area by only 1 !m2 in a
typical cell (1000 !m2 of plasma membrane) would cause a
500% increase in membrane tension. A membrane reservoir
could buffer variations in membrane tension. The concept of
a membrane reservoir has been considered for platelets and
phagocytic cells. In platelets, there are many invaginations
of the plasma membrane that contain the membrane needed
for the extension of long filopodia following platelet acti-
vation. Excess membrane must be available in macrophages
to provide the plasma membrane that is endocytosed during
phagocytosis. Several previous studies of the membrane
reservoir have focused on measuring variations in the
plasma membrane surface area of macrophages (Burwen
and Satir, 1977; Petty et al., 1981). Using scanning electron
microscopy, Petty et al. (1981) have shown that the macro-
phage surface folds decrease dramatically after phagocyto-
sis, suggesting that the membrane reservoir in macrophages
is contained in surface folds. A reservoir of membrane in
either invaginations or surface folds could buffer changes in
membrane tension. Therefore, in order to elucidate the
nature and to characterize the dynamics of the membrane
reservoir, it is necessary to find a method for probing the
relative size of the membrane reservoir during chemical or
mechanical perturbations.
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Characteristics of a Membrane Reservoir Buffering Membrane Tension

Drazen Raucher and Michael P. Sheetz
Department of Cell Biology, Duke University Medical Center, Durham, North Carolina 27710 USA

ABSTRACT When membrane-attached beads are pulled vertically by a laser tweezers, a membrane tube of constant
diameter (tether) is formed. We found that the force on the bead (tether force) did not depend on tether length over a wide
range of tether lengths, which indicates that a previously unidentified reservoir of membrane and not stretch of the plasma
membrane provides the tether membrane. Plots of tether force vs. tether length have an initial phase, an elongation phase,
and an exponential phase. During the major elongation phase, tether force is constant, buffered by the “membrane reservoir.”
Finally, there is an abrupt exponential rise in force that brings the tether out of the trap, indicating depletion of the membrane
reservoir. In chick embryo fibroblasts and 3T3 fibroblasts, the maximum tether lengths that can be pulled at a velocity of 4
!m/s are 5.1 ! 0.3 and 5.0 ! 0.2 !m, respectively. To examine the importance of the actin cytoskeleton, we treated cells with
cytochalasin B or D and found that the tether lengths increased dramatically to 13.8 ! 0.8 and 12.0 ! 0.7 !m, respectively.
Similarly, treatment of the cells with colchicine and nocodazole results in more than a twofold increase in tether length. We
found that elevation of membrane tension (through osmotic pressure, a long-term elevation of tether force, or a number of
transitory increases) increased reservoir size over the whole cell. Using a tracking system to hold tether force on the bead
constant near its maximal length in the exponential phase, the rate of elongation of the tethers was measured as a function
of tether force (membrane tension). The rate of elongation of tethers was linearly dependent on the tether force and reflected
an increase in size of the reservoir. Increases in the reservoir caused by tension increases on one side of the cell caused
increases in reservoir size on the other side of the cell. Thus, we suggest that cells maintain a plasma membrane reservoir
to buffer against changes in membrane tension and that the reservoir is increased with membrane tension or disruption of the
cytoskeleton.

INTRODUCTION

One of the most important properties of the plasma mem-
brane is to serve as a flexible continuous barrier between the
cell constituents and the external environment. Active cells
undergo rapid morphological changes and can withstand
changes in medium osmolarity. It is clear that the plasma
membrane is very active, since dramatic changes in cell
morphology often require large changes in membrane area.
The plasma membrane cannot stretch to accommodate the
changes, since the maximum elastic stretching of a mem-
brane is about 4% (Evans and Skalak, 1979; Waugh, 1983)
at lytic tensions, which are 100- to 1000-fold greater than
normal (Dai and Sheetz, 1995, 1997). Therefore, additional
membrane must be drawn from internal compartments of
the cell. In a similar manner, the cell must accommodate
changes in medium osmolarity that would cause cell swell-
ing. In our previous studies, we have found that the cell
plasma membrane tension is constant under normal condi-
tions and even major osmotic perturbations cause relatively
minor changes in tension (Dai et al., 1998). Thus, the cell
must have mechanisms to regulate membrane tension. A
working hypothesis maintains that tension is tied to mem-
brane traffic and membrane-cytoskeleton adhesion and
serves to regulate several important cell functions, including

endocytosis rate and motility. Control of membrane traffic
through membrane tension could help to maintain the cor-
rect plasma membrane area.
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membrane tensions have a variation of 10%, whereas to
increase the plasma membrane area by only 1 !m2 in a
typical cell (1000 !m2 of plasma membrane) would cause a
500% increase in membrane tension. A membrane reservoir
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vation. Excess membrane must be available in macrophages
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reservoir have focused on measuring variations in the
plasma membrane surface area of macrophages (Burwen
and Satir, 1977; Petty et al., 1981). Using scanning electron
microscopy, Petty et al. (1981) have shown that the macro-
phage surface folds decrease dramatically after phagocyto-
sis, suggesting that the membrane reservoir in macrophages
is contained in surface folds. A reservoir of membrane in
either invaginations or surface folds could buffer changes in
membrane tension. Therefore, in order to elucidate the
nature and to characterize the dynamics of the membrane
reservoir, it is necessary to find a method for probing the
relative size of the membrane reservoir during chemical or
mechanical perturbations.
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Budded membrane microdomains as tension regulators
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We propose a mechanism by which changes of the mechanical tension of a composite lipid membrane are
buffered by the invagination of membrane domains. We show that domain invagination, driven by differences
in chemical composition, is a first-order transition controlled by membrane tension. The invaginated domains
play the role of a membrane reservoir, exchanging area with the main membrane, and impose an equilibrium
tension entirely controlled by their mechanical properties. The dynamical response of the reservoir reflects the
tension-dependent kinetics of the domain shape transition, so that the tension of such a composite membrane
is inherently transient and dynamical. The implications of this phenomenon for the mechanical properties of
the membranes of living cells, where invaginated membrane domains are known to exist, are discussed.

DOI: 10.1103/PhysRevE.73.031918 PACS number!s": 87.16.Dg, 87.10.!e, 87.68.!z

Endocytosis, exocytosis, cell motility and many other cru-
cial cellular processes are known to be influenced by the
tension of the cell membrane #1$, and there is experimental
evidence that surface area regulation within the cell is able to
buffer variations of membrane tension #2,3$. The level of
membrane tension in cells is thought to primarily reflect cy-
toskeleton anchoring to the membrane #4$; nevertheless,
membrane invaginations such as the raftlike domains caveo-
lae #5$ are thought to be reactive to membrane stress #6,7$.
Striking experiments showing caveolae flattening under ten-
sion #8$ support the idea that the delivery of invaginated
membrane area to the plasma membrane is controlled by
tension #9$. In artificial systems such as giant vesicles, a
composite membrane often phase separates into membrane
domains, the shape of which is known to be dependent on
the membrane tension #10$, and domain budding has been
observed upon the decrease of membrane stress #11$.

The goal of this paper is to investigate the mechanical
response of such a composite membrane to a dynamical per-
turbation. Experimentally, membrane tension can be very ef-
ficiently measured and altered by the extraction of a mem-
brane tether from the vesicle or cell with an optical trap. In
living cells, the variation of tension upon tether extraction
involves cytoskeleton deformation, the breaking of
membrane-cytoskeleton bonds #12$, and changes in mem-
brane morphology. Here, we focus on one possible mem-
brane morphological change, namely, the flattening of in-
vaginated membrane domains upon an increase of membrane
tension. Assuming a direct relationship between the area and
tension of the main membrane, we study the mechanical
equilibrium between the main membrane and the reservoir,
and the dynamic tension of the membrane under steady per-
turbation, controlled by the kinetics of membrane exchange
with the reservoir.

We discuss in particular the response of a membrane res-
ervoir made of domains that tend to be invaginated under

low tension and flat under high tension. In order to assess the
relaxation of tension by the reservoir, we assume that the
tension of the membrane changes linearly with variation of
its surface area, resembling an effective spring !Fig. 1". Ex-
traction of membrane area in a tether removes area from the
main membrane and increases its tension !the length of the
spring in Fig. 1". The increase of tension results in an in-
creased rate of domain flattening, which in turn releases
some membrane area and decreases membrane tension. The
variation of the cell tension with the tether area AT reads

" = "0 + Ks!AT + Ares − Ares
!0"" !1"

where "0 and Ks are the membrane tension without tether
and the stretching modulus, respectively of order
104kBT /#m2 and 104kBT /#m4 in cells #13$. The area of the
reservoir Ares !Ares

0 without tether" is the amount of area
sequestered within the membrane invaginations. If mem-
brane area is delivered to the main membrane, i.e., by vesicle
fusion as during exocytosis, the “tether” area is negative.
One can see that the membrane tension " can be maintained
constant upon tether pulling only if the decrease of reservoir
area matches the increase of tether area.

The energy of one membrane domain includes the mem-

*Electronic address: pierre.sens@espci.fr

FIG. 1. !Color online" Sketch depicting the mechanical response
of a membrane to the pulling of a membrane tether. Pulling an area
AT out of the cell either increases the membrane tension " !the
length of the spring", or triggers membrane exchange with a reser-
voir !flattening of invaginated membrane domains".
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• Budded membrane micro domains as reservoirs 
that buffer membrane tension: theoretical study

F = N!!f",#"$bud# + $1 − !%f",#"0#& +' dA%"A# . $6%

Optimizing the energy for the fraction of invaginated do-
mains !F /!!=0 leads directly to the regulation of membrane
tension, when flat and budded domains coexist $0&!&1%.
Substituting in Eq. $6% the expression for the surface tension
Eq. $1% $with $bud'1%, we find that the tension is set to the
value %* of Eq. $3%, which depends on the characteristics of
the membrane reservoir $", #, and S%, but not on the tether
area. Regulation is achieved by adjusting the fraction of bud-
ded domains to

!* = !0 −
$%̄0 + Ks

¯ AT/S% − %̄*

Ks
¯ N

, Ks
¯ ( KsS

2, $7%

where !0 is the fraction of budded domains corresponding to
the tension at rest %0, and where a normalized stretching
coefficient Ks

¯ $)0.1"̄%, with dimension of energy, is intro-
duced for convenience.

If the reservoir is given time to equilibrate, regulation
starts for a level of perturbation corresponding to a tether
area AT

$1% $at which all domains are budded, !*=1%, and ends
at a tether area AT

$0% $at which all domains are flat, !*=0%.
The tension of the cell membrane is then set to the value %*,
for any perturbation within the range AT

$1%&AT&AT
$0%. If the

perturbation is very fast, one expect a large difference be-
tween the regulated tension upon tether pulling and tether
retraction, in agreement with Eq. $5%.

To obtain the full kinetic response of the membrane to
strain, we describe the transition as a classical Kramers’ pro-
cess "17#, where the transition time between two states is
exponential with the energy barrier (f that has to be over-
come in the process: )=)0 exp$(f /kBT%. Here, )0 is the char-
acteristic fluctuation time of the domain shape, assumed to
be the same for both domain flattening and budding. The
transition time is very much dependent upon the membrane
tension. Assuming that the transition of a single domain oc-
curs with negligible change of tension $this implies N*1%,
the transition is fully described by the energy f"$#= f",#"$#
+ %̄$, with % given by Eq. $1%. The kinetic evolution of the
fraction ! is given by

)0
d!

dt
= − ! e−$fmax−f"$bud#%/kBT + $1 − !%e−$fmax−f"0#%/kBT $8%

where the maximum of energy fmax corresponds to the least
favorable domain shape $max=1− "̄2 / $#̄+ %̄%2.

In order to mimic a tether pulling experiment, where the
tether is typically extracted at constant speed $)+m/s%, we
consider the reservoir response to a perturbation applied with
a given rate ȦT: AT=AT

$0%+ȦTt. The force of such a dynami-
cal perturbation is influenced by the viscous dissipation $e.g.,
around the cytoskeleton anchors% and by the kinetic response
of the reservoir. Here, we account only for the latter effect,
for which the rate of the dynamical perturbation basically
sets a time scale for the evolution of the membrane morphol-
ogy. This time scale in turn corresponds to a particular height
of the barrier of energy between the two domain shapes, and

thus to a membrane tension at which the transition can occur.
If the perturbation is applied slowly $ȦT)0,Ares%, the

reservoir has time to equilibrate $d! /dt=0%, and the fraction
!T

* of budded domain is found from Eq. $8% to be given by
!T

* / $1−!T
*%=e$f"0#−fbud%/$kBT%, with f"0#− fbud*2"̄− "%̄$!%+ #̄#.

The fraction !T is the equivalent of the equilibrium fraction
!* "Eq. $7%#, which takes thermal fluctuations into account
$!T

* *!* if "̄*kBT%. Thermal fluctuations smooth the transi-
tion between budded and flat domains by allowing states of
nonminimal energy to be populated. As a consequence, the
tension is not perfectly constant during the transition, and the
slope at mid plateau is of order !%* /!AT+plat

*4kBT / $SAres%.
If, on the other hand, the perturbation is applied very fast, the
shape transition requires small energy barriers, which means
high tension for bud flattening, and low tension for domain
budding, close to %$0% and %$1% of Eq. $5%, respectively.

The physical mechanism at the origin of tension regula-
tion and the membrane hysteretic response to tether extrac-
tion and retraction are shown in Fig. 3. To obtain an analyti-
cal expression of the plateau height with the perturbation
rate, we approximate that the tension is almost constant dur-
ing regulation $d%̄ /dt)0% so that the energy barrier is of

order (f / $kBT%) ln Ares / $ȦT)0%. The plateau tensions upon
increase and decrease of the perturbation are then respec-
tively given by %̄1→0= %̄$0%−2/-bud

3/2 ,"̄kBT ln and %̄0→1= %̄$1%

+,"̄kBT ln, with ln( ln"Ares / $2ȦT)0%#. As expected for ac-
tivated processes "18#, the dependence of the tension at tran-
sition on the rate of perturbation ȦT is logarithmic. The same
is true for the slope of the plateau, which can be estimated by
identifying the plateau inflection point. The condition

FIG. 3. $Color online% Sketch of the change in membrane mor-
phology upon tether extraction. At low strain $1% all membrane
domains are budded, and the membrane tension % increases linearly
with the membrane area AT. For large perturbation $3% all domains
are flat and a similar linear increase is observed. In between, $2%, the
membrane tension is maintained at a plateau value while flat and
budded domains coexist. The equilibrium reservoir response $%*,
dashed gray line% corresponds to a quasistatic perturbation. The dy-
namical responses at constant rate ȦT is shown upon extraction
"$red% right arrow# and retraction "$blue% left arrow# for various
rates. The hysteresis, which increases with the perturbation rate,
illustrates the kinetic nature of the domain shape transformation.
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Area

Tension

• At low strains, membrane tension increases linearly (i.e. elastically) with membrane area. 
• At high strain, all invaginations are open and tension increases also linearly.

• At intermediate strains, as tension increases, membrane invaginations unfold, which reduces tension. So there 
is a regime where tension remains quasi-constant.

• Quasi-static deformations are reversible. 
• Rapid deformations gives rise to hysteresis (stems from kinetic asymmetry in budded domain formation vs 

flattening)

Pulling rate

Quasi-static deformation

Membrane tension and membrane reservoir
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• Cell response to mechanical stress: membrane availability tuned by caveolae 
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fluorescence lifetime (Abankwa et al., 2008; Hill et al., 2008).
There was a significant increase in the fluorescence lifetime
upon hypo-osmotic shock, indicating the dissociation of Cavin1
from Cav1 (Figure 2G). We also performed Cav1 immuno-EM
on MLEC before and after hypo-osmotic shock (Figure 3A and
Figure S2A). We found a 10-fold increase in the number of gold
particles associated with Cav1 in noncaveolar membranes after
5 min of hypo-osmotic shock (Figure 3B). Upon returning to iso-
osmolarity, cells recovered the initial number of caveolae, and

Cav1 was mainly associated with caveola (Figures 3B and 3C).
Under iso-osmotic conditions, deep-etched EM showed
a majority of budded caveolae with characteristic tight striated
coats (Morone et al., 2006). After hypo-osmotic shock, several
flat structures with loose striated coats reminiscent of formerly
budded caveolae were observed. Upon iso-osmolarity recovery,
all caveolae were budded (Figure 3D and Figure S2B for
three-dimensional view). These findings clearly indicate that cells
respond to acute mechanical membrane stress by the rapid
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Figure 1. Mechanical Stress Induces Partial Disappearance of Caveolae
(A) YZ maximum-intensity projection of confocal stacks of Cav1-EGFP HeLa cells. Projection of four cells under iso-osmotic conditions (Iso), hypo-osmotic

conditions (Hypo, 5 min), and 3 min after returning to iso-osmolarity (Rec). Scale bar, 5 mm. Dashed lines mark out the initial cell boundary.

(B) Volume of Cav1-EGFP HeLa cells tracked from (and normalized to) iso-osmotic conditions through hypo-osmotic shock (onset: t = 0 min) and upon returning

to iso-osmolarity (t !29 min). Arrow indicates return to iso-osmolarity. Data were derived from multiple measurements (n = 5) in three independent experiments.

Error bars represent standard deviations (SD).

(C) TIRF images of Cav1-EGFP HeLa cells under iso-osmotic conditions (Iso) and after 4 min hypo-osmotic shock (Hypo). Dotted line marks out the cell footprint.

Scale bar, 5 mm.

(D) Change in the number of caveolae for single Cav1-EGFP HeLa cells after hypo-osmotic shock (Hypo) normalized to the number counted before hypo-osmotic

shock (Iso) (n = 18). Error bars represent SD (p = 4 3 10"11).

(E) Evolution of the loss of caveolae per cell with decreasing osmolarity. The sameCav1-EGFPHeLa cells were exposed to decreasing osmolarities during!1min

for each osmolarity. From correlation analysis, the loss of caveolae is positively correlatedwith the decrease in external osmolarity (r2 = 0.85). Error bars represent

SD (n = 3).

(F) TIRF images of a Cav1-EGFP HeLa cell on the stretching device at 0% (left) and 20% stretch (right). Dotted lines mark out cell boundaries before and after

stretch. Scale bar, 5 mm.

(G) Change in the number of caveolae for single Cav1-EGFPHeLa cells after stretching (15% ± 1%) normalized to the number counted before stretching. Data are

derived from multiple measurements (n = 7; p = 0.00033) in seven independent experiments. Error bars represent SD.

(H) Evolution of the number of caveolae for single Cav1-EGFP HeLa cells stretched to different lengths characterized by (L" L0)/L0 wherein L0 and L are the initial

and final lengths of the cell footprint in the stretching direction. Each point is measured on a single cell. The number of caveolae is found to be negatively

correlated to the extent of stretch (n = 7; r2 = 0.85) as measured in seven independent experiments.
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fluorescence lifetime (Abankwa et al., 2008; Hill et al., 2008).
There was a significant increase in the fluorescence lifetime
upon hypo-osmotic shock, indicating the dissociation of Cavin1
from Cav1 (Figure 2G). We also performed Cav1 immuno-EM
on MLEC before and after hypo-osmotic shock (Figure 3A and
Figure S2A). We found a 10-fold increase in the number of gold
particles associated with Cav1 in noncaveolar membranes after
5 min of hypo-osmotic shock (Figure 3B). Upon returning to iso-
osmolarity, cells recovered the initial number of caveolae, and

Cav1 was mainly associated with caveola (Figures 3B and 3C).
Under iso-osmotic conditions, deep-etched EM showed
a majority of budded caveolae with characteristic tight striated
coats (Morone et al., 2006). After hypo-osmotic shock, several
flat structures with loose striated coats reminiscent of formerly
budded caveolae were observed. Upon iso-osmolarity recovery,
all caveolae were budded (Figure 3D and Figure S2B for
three-dimensional view). These findings clearly indicate that cells
respond to acute mechanical membrane stress by the rapid
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Figure 1. Mechanical Stress Induces Partial Disappearance of Caveolae
(A) YZ maximum-intensity projection of confocal stacks of Cav1-EGFP HeLa cells. Projection of four cells under iso-osmotic conditions (Iso), hypo-osmotic

conditions (Hypo, 5 min), and 3 min after returning to iso-osmolarity (Rec). Scale bar, 5 mm. Dashed lines mark out the initial cell boundary.

(B) Volume of Cav1-EGFP HeLa cells tracked from (and normalized to) iso-osmotic conditions through hypo-osmotic shock (onset: t = 0 min) and upon returning

to iso-osmolarity (t !29 min). Arrow indicates return to iso-osmolarity. Data were derived from multiple measurements (n = 5) in three independent experiments.

Error bars represent standard deviations (SD).

(C) TIRF images of Cav1-EGFP HeLa cells under iso-osmotic conditions (Iso) and after 4 min hypo-osmotic shock (Hypo). Dotted line marks out the cell footprint.

Scale bar, 5 mm.

(D) Change in the number of caveolae for single Cav1-EGFP HeLa cells after hypo-osmotic shock (Hypo) normalized to the number counted before hypo-osmotic

shock (Iso) (n = 18). Error bars represent SD (p = 4 3 10"11).

(E) Evolution of the loss of caveolae per cell with decreasing osmolarity. The sameCav1-EGFPHeLa cells were exposed to decreasing osmolarities during!1min

for each osmolarity. From correlation analysis, the loss of caveolae is positively correlatedwith the decrease in external osmolarity (r2 = 0.85). Error bars represent

SD (n = 3).

(F) TIRF images of a Cav1-EGFP HeLa cell on the stretching device at 0% (left) and 20% stretch (right). Dotted lines mark out cell boundaries before and after

stretch. Scale bar, 5 mm.

(G) Change in the number of caveolae for single Cav1-EGFPHeLa cells after stretching (15% ± 1%) normalized to the number counted before stretching. Data are

derived from multiple measurements (n = 7; p = 0.00033) in seven independent experiments. Error bars represent SD.

(H) Evolution of the number of caveolae for single Cav1-EGFP HeLa cells stretched to different lengths characterized by (L" L0)/L0 wherein L0 and L are the initial

and final lengths of the cell footprint in the stretching direction. Each point is measured on a single cell. The number of caveolae is found to be negatively

correlated to the extent of stretch (n = 7; r2 = 0.85) as measured in seven independent experiments.
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• Cell hypotonic swelling and 
stretching reduce caveolae at 
the plasma membrane

• Flattening of caveolae

flattening of a fraction of the caveola. We alsomeasured the level
of Cav1-EGFP diffusing freely at the membrane using fluores-
cence recovery after photobleaching (FRAP). At steady state,
the fraction of freely diffusing Cav1 in the plasma membrane
was low (10%; Figure 3E), as reported (Pelkmans et al., 2004;
Hill et al., 2008). However, we measured a higher mobile fraction
(30%) in cells exposed to hypo-osmotic shock for at least 10min.
This increase is likely to reflect the release of Cav1 from flattened
caveolae.

Caveolae Are Selectively Required for Buffering
Membrane Tension
Caveola flattening is likely to release the amount of membrane
stored within the caveolar invagination and thereby to provide
the additional membrane required to maintain membrane

tension homeostasis duringmechanical stress (Sens and Turner,
2006). We tested this hypothesis with the tether pulling
technique (Dai and Sheetz, 1995), which measures the cell
membrane tension. Optically trapped beads adhering to the
plasma membrane served as handles to extract membrane
tethers (Figure 4A, Figure S3A and Movie S3). The restoring
tether force f, which was derived from the bead displacement,
is an indicator of the effective membrane tension (Sheetz,
2001). Its value is proportional to the square root of the effective
tension ~s, which corresponds to the sum of the lipid bilayer
tension s and the cytoskeleton-to-membrane adhesion energy
W0. The latter term represents !75% of ~s (Dai and Sheetz,
1999) and arises from all molecular interactions between
membrane and cytoskeleton. The presence of exogenous
proteins is thus likely to have an intricate influence on W0, as
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Figure 2. Caveolae Morphology and Cav1-
Cavin1 Interaction Are Lost upon Hypo-
Osmotic Shock
(A) Ultrathin cryosections of WT MLEC before (Iso)

and 5 min after (Hypo) switch to hypo-osmotic

medium examined by EM. Arrows mark out

caveolae. Scale bar, 150 nm.

(B) Quantification of caveolae detected per mm

of plasma membrane on ultrathin cryosections

of WT MLEC before (Iso) and 5 min after switch

to hypo-osmotic medium (Hypo) reveals a signifi-

cant decrease (p = 0.047) in the number of

caveolae after hypo-osmotic shock. Total mem-

brane used for quantification was 76 and 67 mm

for iso- and hypo-osmotic conditions, respec-

tively, imaged from different sections of multiple

randomly selected cells (>10). Data represent

mean ± SD.

(C) Time evolution of caveolae number (± SD)

detected by TIRF in control (Ctrl) and dynasore-

treated cells (Dyn) normalized to the caveolae

number before addition of dynasore (t = "5 min).

Dynasore was added at t = 0, and hypo-osmotic

shockwas applied at t!45min (30mOsm, shaded

region). Error bars represent SD; n = 4.

(D) Change in number of caveolae for single cells

in control (Ctrl) and in dynasore-treated cells

(Dyn) after hypo-osmotic shock normalized to the

number before shock (Iso) (n = 9). Error bars

represent SD (p = 1 3 10"4).

(E) TIRF images of HeLa cells expressing Cavin1-

mCherry and Cav1-EGFP before (Iso) and 5 min

after switch to hypo-osmotic conditions (Hypo).

Scale bar, 10 mm.

(F) Change in number of Cav1 and Cavin-1 struc-

tures per cell before and after hypo-osmotic shock

of 5 min. Error bars represent SD (n = 3).

(G) HeLa cells transiently expressing Cavin1-EGFP

with or without Cav3-mRFP were exposed to

iso-osmotic (Iso) or hypo-osmotic (Hypo) media

for 15 min and analyzed by FLIM. Data represent

mean EGFP fluorescence lifetime ± standard

errors (SE). n = 40–70 cells; *p < 4 3 10"12.
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shown later. Tether force measurements do not enable a priori to
separate s and W0. Therefore, we used the tether pulling tech-
nique as a differential assay to probe the relative changes in

tether forces under conditions that keep W0 unaltered. In partic-
ular, osmotic shocks have been assumed to mostly affect s with
minor changes on adhesion (Dai et al., 1998). By quantifying the
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Figure 3. Caveolae Flatten Out and Disassemble upon Hypo-Osmotic Shock and Reassemble upon Recovering Iso-Osmolarity
(A) Immuno-EM images of ultrathin cryosections with gold-tagged Cav1 antibody of WT MLEC under iso-osmotic (Iso), hypo-osmotic (Hypo, 5 min), and

recovered iso-osmotic (Rec, 5 min) conditions. Scale bar, 150 nm. See also Figure S2A.

(B) Percentage of gold particles found in caveolae and endosomal structures close to the plasma membrane versus those found in noncaveolar membranes

(*p = 43 10!3; **p = 43 10!2; ***p = 13 10!3). Total membrane used for quantification was 23, 24, and 35 mm, respectively, for iso-osmotic, hypo-osmotic, and

recovered iso-osmotic conditions, imaged from different sections of multiple cells. Error bars represent SE.

(C) Comparison between the number of caveolae per mm of membrane before hypo-osmotic shock (Iso) and after return to iso-osmotic medium (Rec) analyzed

from ultrathin cryosections of WTMLEC using 60 mm of membrane imaged from different sections (n = 8) of multiple cells. Data represent mean ± SE (p = 13 10!2).

(D) Deep-etched EM images of MLECs under iso-osmotic (Iso), hypo-osmotic (Hypo, 5 min), and recovered iso-osmotic (Rec, 5 min) conditions. Scale bar,

200 nm. Left insets depict representative images of clathrin-coated pits. Right images depict representative images of caveolae. Scale bars (insets), 100 nm. See

also Figure S2B.

(E) Fluorescence recovery after photobleaching (FRAP) of Cav1-EGFP in HeLa cells in iso-osmotic (Iso; n = 8), hypo-osmotic (Hypo; n = 8), and recovered iso-

osmotic conditions (Rec; n = 8). Lines show fit for the curves to standard recovery equation. Hypo-osmotic shock results in a statistically higher fluorescence

recovery (p = 2 3 10!4) than in iso-osmotic conditions. Data represent mean ± SE.
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separate s and W0. Therefore, we used the tether pulling tech-
nique as a differential assay to probe the relative changes in

tether forces under conditions that keep W0 unaltered. In partic-
ular, osmotic shocks have been assumed to mostly affect s with
minor changes on adhesion (Dai et al., 1998). By quantifying the
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Figure 3. Caveolae Flatten Out and Disassemble upon Hypo-Osmotic Shock and Reassemble upon Recovering Iso-Osmolarity
(A) Immuno-EM images of ultrathin cryosections with gold-tagged Cav1 antibody of WT MLEC under iso-osmotic (Iso), hypo-osmotic (Hypo, 5 min), and

recovered iso-osmotic (Rec, 5 min) conditions. Scale bar, 150 nm. See also Figure S2A.

(B) Percentage of gold particles found in caveolae and endosomal structures close to the plasma membrane versus those found in noncaveolar membranes

(*p = 43 10!3; **p = 43 10!2; ***p = 13 10!3). Total membrane used for quantification was 23, 24, and 35 mm, respectively, for iso-osmotic, hypo-osmotic, and

recovered iso-osmotic conditions, imaged from different sections of multiple cells. Error bars represent SE.

(C) Comparison between the number of caveolae per mm of membrane before hypo-osmotic shock (Iso) and after return to iso-osmotic medium (Rec) analyzed

from ultrathin cryosections of WTMLEC using 60 mm of membrane imaged from different sections (n = 8) of multiple cells. Data represent mean ± SE (p = 13 10!2).

(D) Deep-etched EM images of MLECs under iso-osmotic (Iso), hypo-osmotic (Hypo, 5 min), and recovered iso-osmotic (Rec, 5 min) conditions. Scale bar,

200 nm. Left insets depict representative images of clathrin-coated pits. Right images depict representative images of caveolae. Scale bars (insets), 100 nm. See

also Figure S2B.

(E) Fluorescence recovery after photobleaching (FRAP) of Cav1-EGFP in HeLa cells in iso-osmotic (Iso; n = 8), hypo-osmotic (Hypo; n = 8), and recovered iso-

osmotic conditions (Rec; n = 8). Lines show fit for the curves to standard recovery equation. Hypo-osmotic shock results in a statistically higher fluorescence

recovery (p = 2 3 10!4) than in iso-osmotic conditions. Data represent mean ± SE.
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• A plasma membrane reservoir buffers membrane tension: a mechanism

Membrane tension and membrane reservoir
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• Cell response to mechanical stress: membrane availability tuned by caveolae 

actin bundles architecture, we found that the cortical actin cyto-
skeleton was unaltered within the first 5 min of osmotic shock
(Figures S3D–S3F). At these timescales, variations in f thus
directly mirror changes in s. We measured the tether force f0 in
isotonic conditions and recorded the variations of the tether
force f while MLEC were exposed to hypo-osmotic shock. Fig-
ure 4A shows representative temporal traces of the relative
tether force changes, (f-f0)/f0, obtained in WT and Cav1!/!

MLEC. We found that, upon hypo-osmotic shock (150 mOsm),
f remained almost identical to f0 in WT MLEC. In contrast, the
tether force increased by 200% in Cav1!/! MLEC. Our data
imply that the membrane tension increase is buffered in WT
MLEC by the presence of caveolae. Importantly, the expression
of functional caveolae by transfection of Cav1-EGFP in Cav1!/!

MLEC restored membrane tension buffering. Therefore, the lack
of membrane tension buffering is due to the absence of caveolae
and not to other cellular structures that may have been altered in
Cav1!/! MLEC (Figure 4A). M-b-cyclodextrin, which flattens
caveolae through cholesterol depletion (Rothberg et al., 1992),
led also to membrane tension increase upon hypo-osmotic
shock inWTMLEC (Figure 4A), confirming that caveola flattening
is required for buffering the membrane tension surge. Finally, we
have calculated that the number of lost caveolae per cell
observed by TIRF and EM is in excellent agreement with the
amount of released area ("0.3%) required to buffer s (see
Supplemental Results).
We also tested whether clathrin-coated pits (CCP), another

type of plasma membrane invagination, could buffer membrane

A B

C D

Figure 4. Caveolae Buffer the Membrane
Tension Rise during Hypo-Osmotic Shock
(A) Representative force curves for tethers ex-

tracted from WT MLEC, Cav1!/! MLEC, Cav1!/!

MLEC transfected with Cav1-EGFP, and WT

MLEC treated with mbCD exposed to hypo-

osmotic shock (150 mOsm). Hypo-osmotic shock

is indicated by an arrow (break from 1.34 to

2.7 min).

(B) Relative change of the mean tether force after

hypo-osmotic shock (5 min) for WT (n = 9), and

Cav1!/! MLEC (n = 9; p = 0.01502), WT (n = 3) and

Cav1!/!MEFs (n = 4; p = 83 10!4), and HeLa cells

(n = 4). Data represent mean ± SE. See text for

details.

(C) Cav3 immunostaining in differentiated WT and

Cav3-P28L human myotubes. Scale bar, 5 mm.

(D) Relative change of the mean tether force after

hypo-osmotic shock (5 min) for WT (n = 11) and

P28L myotubes (n = 12; p = 5 3 10!8). Data

represent mean ± SE.

tension. Thus, we quantitatively analyzed
the fate of CCPs upon hypo-osmotic
shock in MLEC and HeLa cells. We
observed that the number of CCPs lost
at the membrane was, at most, one-tenth
of the number of lost caveolae, both
in WT and Cav1!/! MLEC (Figures
S4A–S4C). Accordingly, deep-etch EM
showed that the structure of CCPs was

not affected (Figure 3D). Additionally, under hypo-osmotic
shock, membrane tension was buffered to the same extent
whether clathrin was expressed or knocked down in WT MLEC
(Figures S4D and S4E). In contrast, Cav1!/! MLEC having
CCPs could not buffer the membrane tension surge. These
results rule out a contribution of CCPs in membrane tension
regulation and establish caveolae as the primary stress-respon-
sive membrane structure.
Finally, we obtained similar results in Cav1-EGFP HeLa and in

embryonic fibroblasts (MEF) lacking or expressing Cav1 (Fig-
ure 4B). We could further extend the physiological significance
of these findings by measuring the stress reactivity of human
muscle cells. Several human muscular dystrophies have been
associated with mutations in Cav3, the muscular isoform of
caveolin (Woodman et al., 2004), and more recently with muta-
tions in Cavin1 (Hayashi et al., 2009). Most Cav3 mutations
prevent caveolae assembly at the plasmamembrane by seques-
tration of Cav3 in the Golgi apparatus. We studied differentiated
human myotubes bearing the P28L Cav3 mutation described in
familial hyperCKaemia (FHCK), a hereditary form of muscular
dystrophy (Woodman et al., 2004). Muscle fibers that were iso-
lated from these patients show a strong decrease of Cav3
expression and reduced Cav3 staining at the cell surface (Merlini
et al., 2002). Accordingly, we found that Cav3 immunostaining
was restricted to the Golgi apparatus in P28L Cav3 myotubes,
whereas WT Cav3 was mainly found at the plasma membrane
(Figure 4C). Under hypo-osmotic shock, membrane tension
was increased in P28L Cav3 myotubes and buffered in WT
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• Use of membrane tethers to 
measure membrane tension

• Homeostasis of membrane 
tension requires caveolae

• Independent of Actin and ATP

hypotonic shock

Cav3 myotubes (Figure 4D). P28L myotubes and Cav1!/! MLEC
also showed an increased tendency to membrane rupture under
hypo-osmotic shock (Figure S5). This may explain the high blood
level of creatine kinase found in these patients in the absence of
a functional caveolar reservoir during the repeated extension-
relaxation cycles.

Membrane Tension Surge Buffering by Caveola
Flattening Occurs in an ATP- and Actin-Independent
Process
Although the actin cytoskeleton was unaffected by hypo-
osmotic shocks at early times, we still investigated its potential
role in caveola flattening. Under hypo-osmotic shock (30
mOsm), none of the actin-perturbing drugs prevented the loss
of caveolae from the membrane (Figure 5A). This was further
confirmed by cell ATP depletion before hypo-osmotic shock.

ATP depletion abolished the mobility of the internal pool of cav-
eolae, confirming the inhibition of active cellular processes
(Movie S4 and Movie S5). However, a similar loss of caveolae
occurred in ATP-depleted cells (Figure 5A). Likewise, upon cell
stretching, caveolae still disappeared in ATP-depleted and cyto-
chalasin D (CD)-treated cells (Figures 5B and Figure S6A).
Furthermore, membrane tension measurements under hypo-
osmotic shock (150 mOsm) showed that the tether force of
Cav1!/! MLEC still increased by 200% in cells treated with CD
or depleted in ATP (Figures 5C and Figure S6B). In contrast, no
significant tether force variation was measured for WT MLEC,
indicating that the buffering is not dependent on ATP and actin
dynamics. Importantly, the invaginated shape of caveola was
unaffected by CD or ATP depletion (Figure S7). Finally, we could
unambiguously establish that membrane tension buffering is an
intrinsic mechanical property of caveolae by using plasma
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Figure 5. Membrane Tension Surge Buff-
ering by Caveolae Flattening Occurs in an
ATP- and Actin-Independent Process
(A) Normalized number of caveolae per cell after

hypo-osmotic shock (Hypo). Reference is the

number before hypo-osmotic shock (Iso) for

control cells (Ctrl; n = 18). Reference is the number

after the drug treatment and before hypo-osmotic

shock for cytochalasin D (CD; n = 10, p = 2 3

10!5), latrunculin A (Lat; n = 21, p = 7 3 10!11),

jasplakinolide (Jas, n = 11, p = 6 3 10!8) treated

cells, and ATP-depleted cells (no ATP; n = 10, p =

2 3 10!5). Data represent mean ± SD.

(B) Change in number of caveolae for single HeLa

Cav1-EGFP cells after stretching (15% ± 1%).

Same normalization as in (A) for control cells (n = 7;

p=3310!4), and forcells treatedwithcytochalasin

D (CD; n = 5; p = 0.01) and ATP-depleted cells (no

ATP; n = 5; p = 0.04). Data represent mean ± SD.

(C) Relative change of the tether force after hypo-

osmotic shock (5 min) for WT and Cav1!/! MLEC

for control (Ctrl; n = 9 for WT and n = 5 forCav1!/!;

p = 0.015), cytochalasin D treated (CD; n = 9 for

WT and n = 10 forCav1!/!; p = 33 10!5), and ATP

depleted (no ATP; n = 6 for WT n = 5 for Cav1!/!;

p = 2 3 10!4) cells. Data represent mean ± SE.

(D) Confocal image of a WT MLEC transfected

with Cav1-EGFP (green) and Cavin1-mCherry

(red) after incubation for 6 hr in PMS buffer. Scale

bar, 10 mm.

(E) (Top) Confocal image of a PMS positive for

Cavin1-mCherry (red) and Cav1-EGFP (green)

after micropipette aspiration (white lines) and

formation of a membrane tether with an optically

trapped bead (white disk). Scale bar, 10 mm.

(Bottom) Line scans of cavin1-mCherry (red) and

Cav1-EGFP (green) normalized intensity along the

circumference of the PMS shown above for two

aspiration pressures. Arrows indicate regions of

colocalization.

(F) Relative change of the tether force as a func-

tion of the micropipette aspiration pressure in

PMS obtained from Cav1-GFP + Cavin1-mCherry

MLEC (black squares) and from Cav1!/! MLEC

(Cav1!/!, red circles). Data were obtained in eight

independent experiments and represent the mean

value of 60 s measurements ± SD.
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The well-conserved scaffolding domain of caveolin (CSD) has
been involved in both the assembly of caveolae and the interac-
tion with several signaling effectors in vitro (Parton et al., 2006;
Parton and Simons, 2007). Because several of these effectors
have been associated with mechanotransduction (Vogel and
Sheetz, 2006), stress-induced disassembly of caveolae may
generate mechanosensitive signals mediating the short- and
long-term cell response to mechanical challenges. It is tempting
to speculate that the mechanical release of free Cav1 oligomers
could favor the interaction between signaling effectors and CSD,
which is otherwise hidden in the caveolar structure (Kirkham
et al., 2008; Parton et al., 2006). This mechanosensitive signaling
would be terminated through the reassembly of free Cav1 oligo-
mers into caveolae when the mechanical stress is relaxed.
Endocytosis, which is favored for the retrieval of the excess of
membrane during tension relaxation, may also contribute to
signaling termination through the internalization of free Cav1
and its degradation in the endolysosomal pathway. The recently
characterized Cavin1 protein, which was first described as
a transcription factor (Jansa et al., 2001), may also contribute
to mechanosignaling regulation through the release from flat-
tened caveola. Indeed, the redistribution of Cav1 to noncaveolar
portions of the plasma membrane, the increased mobility of
Cav1, and the decreased association of Cav1 and Cavin1 upon
hypo-osmotic treatment are all consistent with the effect of
Cavin1 knockdown on these parameters (Hill et al., 2008), sug-
gesting that dissociation of the Cav1-cavin module may be
crucial in the caveolar response.

Our study establishes a new physiological mechanism by
which cells can respond immediately to sudden variations in
membrane tension induced by acute mechanical stress (Fig-
ure 7). The different proposed roles of caveolae should therefore
be reconsidered through this unique ability to respond to
mechanical stress, especially in situations in which cells experi-
ence physiological or pathological membrane strains such as
osmotic swelling, shear stress, or mechanical stretching.

EXPERIMENTAL PROCEDURES

A list of chemicals and materials can be found in the Extended Experimental

Procedures.

Cell Culture and Treatments
MLEC (Murata et al., 2007) were maintained in EGM-2/20% FBS medium.

They were transfected with AMAXA HUVEC nucleofector kit and used for

experiments after 24–72 hr. HeLa cells stably transfected with Cav1-EGFP

(Pinaud et al., 2009) and MEFs were maintained in DMEM/10% FBS. HeLa

cells were transfected with FuGENE or Lipofectamine 2000 and used after

16 hr. Human muscle cells were maintained in X medium (64% DMEM, 16%

199 Medium, 20% FBS, 2.5 ng/ml HGF, 50 mg/ml gentamycin + 10!7 M dexa-

methasone). For differentiation, cells were grown on collagen type I coated

surface for 7–10 days in DMEM supplemented with 50 mg/ml gentamycin,

10 mg/ml of bovine insulin, and 100 mg/ml of human apotransferrin. For dyna-

sore treatment, cells were washed thrice with PBS2+ (Phosphate Buffer

Saline + 1.5 mM Ca2+ + 1.5 mM Mg2+) and overlaid with 80 mM dynasore in

PBS2+. Cytochalasin D (CD), Latrunculin A (Lat), and Jasplakinolide (Jas)

were used for 15 min at 37"C at 5 mg/ml, 1 mM, or 1 mM, respectively in normal

medium. ATP depletion was performed by incubating the cells for 30 min at

37"C in PBS2+ with 10 mM deoxy-D-glucose and 10 mM NaN3. For disrupting

the Golgi apparatus, cells were pretreated for 50 min with 10 mg/ml BFA. Cells

were incubated for 50 min in PBS2+ supplemented with 5 mMmbCD to extract

cholesterol. Hypo-osmotic shock was performed on pretreated cells by using

growth medium diluted appropriately in deionized water (1:9 dilution for

30 mOsm hypo-osmotic shock and 1:1 for 150 mOsm hypo-osmotic shock).

The concentration of all drugs was maintained during the hypo-osmotic shock

as well as during recovery.

Membrane Tether Extraction and Force Measurements
Plasma membrane tethers were pulled out from cells by a concanavalin

A-coated bead trapped in optical tweezers (Cuvelier et al., 2005). After extrac-

tion, the tether was held at a constant length between 5 and 150 mm, and tether

forces were measured from the detected position of the bead after calibration

of the optical trap. Samples were maintained at 37"C throughout.

PMS Formation and Micropipette Aspiration
Plasmamembrane spheres (PMS) were generated by a protocol adapted from

Lingwood et al. (2008). Cells were grown on glass coverslips and were incu-

bated for 6–8 hr in PBS2+ supplemented with 10 mM MG132. Individual PMS

were selected formicropipette aspiration experiments as described previously

for lipid vesicles (Sorre et al., 2009). In brief, PMSwere held with amicropipette

(diameter #3 mm) under slight aspiration. By partially entering the pipette, the

membrane is strained. Tether forces were measured as explained above, and

the aspiration of the PMS was gradually increased.

Fluorescence Imaging and Analysis
TIRF microscopy was performed using a 1003, 1.45 NA objective and an

EMCCD camera (Hamamatsu Photonics, Japan) in a Zeiss Axiovert 200micro-

scope. Confocal imaging was performed on a Nikon A1R microscope with

a 1003, 1.4 NA objective at 1 airy unit pinhole aperture. TIRF-FRAP experi-

ments (5 3 5 mm bleaching region) were performed on a Nikon Eclipse 2000

microscope equipped with an EMCCD camera (Roper Scientific, Tucson,

AZ). Cells were maintained at 37"C during imaging. Confocal images of PMS

were taken in a Z section of width 0.4 mm around the equatorial plane. Image

Figure 7. Cells Respond to Acute Mechanical Stresses by Rapid
Disassembly and Reassembly of Caveolae
In resting conditions, caveolae present at the plasma membrane are mostly

budded. Magnification shows oligomerized Cav1 and Cavin1 in the caveolar

structure. Upon acute mechanical stress (hypo-osmotic shock or stretching),

caveolae flatten out in the plasma membrane to provide additional membrane

and buffer membrane tension. Magnification shows disassembly and diffusion

of Cav1 in the plasma membrane and loss of interaction between Cav1 and

Cavin1. Return to resting conditions allows the reassembly of the caveolar

structure together with Cavin1 interaction. This cycle represents the primary

cell response to an acute mechanical stress.
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Figure 1. Plasma membrane area and plasma membrane reservoir. Schematic representation and experimental observations of plasma membrane superstructures
regulating membrane area and tension. (a) Microvilli and spikes, as observed during rapid cell spreading [5]. (b) Membrane ruffles: flat sheets of membrane
sustained by the cytoskeleton with high surface to volume ratio. Scanning electron micrographs of a fibroblast stimulated with growth factors. The cell harbores
large ruffles. Reproduced, with permission, from [58]. (c) Membrane blebs, as observed in dying cells or amoeboid migration. This confocal image shows myosin
(green) recruited to foci at membrane blebs (red). Reproduced, with permission, from [59]. (d) Vacuole-like dilatations, as observed forming on the basal membrane
of spreading cells after isotonic stimulation following hypotonic stretch [5]. (e) Caveolae, as observed on thin section and rapid-freeze, deep-etch views of a
fibroblast. Reproduced, with permission, from [60]. (f) The clathrin-independent carrier (CLIC) and glycosylphosphatidylinositol-anchored protein enriched in
early endosomal compartments (GEEC) pathways, which represent high membrane area capacities, as observed with Bin/amphiphysin/Rvs (BAR) and Rho
GTPase-activating protein (GAP) domain-containing protein GTPase regulator associated with focal adhesion kinase-1 (GRAF1). Reproduced, with permission,
from [61].
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Figure 1. Plasma membrane area and plasma membrane reservoir. Schematic representation and experimental observations of plasma membrane superstructures
regulating membrane area and tension. (a) Microvilli and spikes, as observed during rapid cell spreading [5]. (b) Membrane ruffles: flat sheets of membrane
sustained by the cytoskeleton with high surface to volume ratio. Scanning electron micrographs of a fibroblast stimulated with growth factors. The cell harbores
large ruffles. Reproduced, with permission, from [58]. (c) Membrane blebs, as observed in dying cells or amoeboid migration. This confocal image shows myosin
(green) recruited to foci at membrane blebs (red). Reproduced, with permission, from [59]. (d) Vacuole-like dilatations, as observed forming on the basal membrane
of spreading cells after isotonic stimulation following hypotonic stretch [5]. (e) Caveolae, as observed on thin section and rapid-freeze, deep-etch views of a
fibroblast. Reproduced, with permission, from [60]. (f) The clathrin-independent carrier (CLIC) and glycosylphosphatidylinositol-anchored protein enriched in
early endosomal compartments (GEEC) pathways, which represent high membrane area capacities, as observed with Bin/amphiphysin/Rvs (BAR) and Rho
GTPase-activating protein (GAP) domain-containing protein GTPase regulator associated with focal adhesion kinase-1 (GRAF1). Reproduced, with permission,
from [61].
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situations, fusion occurs independent of protein. In the cell,
proteins such as soluble NSF attachment protein receptors
(SNAREs) and calcium signaling are required for efficient
fusion [38,39]. Is the tension-sensitive pathway calcium
independent in mammalian cells? Does the membrane
tension only affect bilayer fusion? Several models could
be envisioned.

Clathrin-mediated endocytic recycling pathways
(Figure 3) are unlikely to play a major role in plasma
membrane area and tension regulation, mainly because
of their small vesicle size (100–200 nm) and extremely rich
protein content. The endocytic recycling pathways that
emerge as important regulators of membrane area turn-
over come from the clathrin-independent pathways form-
ing clathrin-independent carriers (CLICs) and GPI-
anchored protein enriched in early endosomal compart-
ments (GEECs) [8,40–43], which recycle rapidly (less than
2 min [41,42]) to the cell surface (Figure 3).

CLIC/GEEC pathways: fundamental regulators of
membrane dynamics
The clathrin-independent endocytic pathways are major
contributors to membrane dynamics (Figure 3). Quantita-
tive ultrastructural measurements indicate that the CLIC
pathway could account for up to 90% of the volume internal-
ized by fibroblasts over short (15 s) timescales [41,42]. Un-
like clathrin-mediated endocytic vesicles, which have a
distinct spherical coated structure of about 100 nm in diam-
eter, clathrin-independent endocytic pathways are diverse
in shape. Caveolae, for instance, can combine together into
rosette-like structures observable on electron microscopy as
tree-like structures with several caveolae linked together by
membrane tubules [19,25]. These structures can be deeply
invaginated into the cell without breaking continuity with
the plasma membrane. In general, the morphology of inter-
nal clathrin-independent endosomes is poorly understood,
rendering specific identification difficult.
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Figure 3. Endocytosis: focus on the clathrin-independent carrier (CLIC)/glycosylphosphatidylinositol-anchored protein enriched in early endosomal compartments (GEEC)
pathways. Schematic representation of the different endocytic pathways described in mammalian cells with their respective ligands and important molecular players. This
representation is inspired by [62]. The CLIC/GEEC pathways are emphasized in the bottom part of the figure in a polarized migrating cell. Endocytosis recycling occurs
mainly at the back of the cell leading edge [41] and probably also to some extent at the retracting trailing edge. Abbreviations: MHC1, major histocompatibility complex 1;
Arf6, ADP ribosylation factor 6; CtxB, cholera toxin B; IgER, immunoglobulin E receptor; dynamin, GTPase at the neck of the burgeoning vesicle (helps endocytosis but not
always required); GSL, glycosphingolipid; SV40, simian virus-40; EV1, echovirus; Ab, antibody; EGFR, epidermal growth factor receptor; TfR, transferrin receptor; GPCR, G
protein-coupled receptor; LDLR, low-density lipoprotein receptor; LRP, low-density lipoprotein receptor-related protein; Vamp7, vesicle-associated membrane protein 7.

Review Trends in Cell Biology October 2012, Vol. 22, No. 10

532

• A diversity of membrane reservoirs

Gauthier N., Masters T. and Sheetz M. Trends in Cell Biol, 22:527. 2012 



Thomas LECUIT   2017-2018

Membrane Tension: Conclusions

• Membrane is a composite material comprising a lipid bilayer 
coupled dynamically to an actin rich cortex. 

• The effective membrane tension reflects contributions of in-plane 
tension and adhesion between the cortex and the membrane

• The membrane is an inelastic fluid so membrane tension can, in 
some conditions, propagate mechanical information nearly 
instantly across a cell

• Coupling between membrane tension and actin turnover can 
determine cell shape and cell motility (keratocytes). 

• Membrane availability and possibility to change surface can tune 
membrane tension: but this is a slow process

• In general coupling between the membrane and actin cortex is the 
main contributor of effective membrane tension (but not always: 
keratocytes…)

• Dynamic coupling between actin and membrane tunes effective 
viscosity associated with membrane flows.
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Figure 1. Probing the cell membrane. Representation of a moving cell, showing the acto-myosin organization in the most important
structures in a moving cell: cell cortex, blebs, lamellipodia and filopodia. The main techniques for probing cell membrane and cortex
properties are shown: (a) micropipette aspiration, with an inset concerning the Laplace law used to analyze the experiment, (b) tether
pulling, with the equation relating the tension of the bilayer (σ ) to its bending stiffness (κ) and the tether force (f ) as measured by an optical
trap and (c) interferometry, which measures spontaneous fluctuations of the cell membrane with high spatio-temporal resolution using an
optical trap. Zooms on the cortex and on the base of the tether show the actin network interspersed with myosin minifilaments and bound to
the membrane via links such as ezrin.

membrane that is no longer connected to the actin cytoskeleton
(figure 1) [8, 9]. The free membrane expands outward, and
subsequently the acto-myosin cytoskeleton reforms at the
bleb membrane. The protrusion thus produced can be used
by the cell to pull itself forward, particularly in confined
environments [10]. Lamellipodia (polymerization-based) and
blebs (contraction-based) can co-exist, or combine to give
hybrid modes such as the lobopodia [11].

The close association of the actin cytoskeleton and the
cell membrane means that the membrane could affect the
cytoskeleton for purely mechanical reasons, unrelated to the
role of the membrane in biochemical signaling cascades.
There have been several excellent reviews concerning this
subject[12–14], and our goal here is to provide the latest update
on evolutions in the field over the past few years.

2. Introduction to membrane mechanics

2.1. Energy of membrane deformation

One of the main mechanical characteristics of a membrane
is its bending stiffness κ . The bending stiffness resists the
generation of local membrane curvature, and is a constitutive
parameter that depends on the local composition of the
membrane. The membrane bending energy (per unit area)
can be described by the following expression, dependent on
the bending stiffness and the square of the local membrane
curvature (C): Ebend = (κ/2)C2. Membrane bending stiffness
is generally a few times the thermal energy, around 20 kBT

with kBT ≈ 4 × 10−21 J or 4 pN nm at 24 ◦C, as discussed in
section 2.3.2. Moderate membrane bending therefore occurs

2

Membrane vs Cortical Tension

• Cell tension = Membrane tension + Cortical tension

J. Phys.: Condens. Matter 27 (2015) 273103 Topical Review

spontaneously at room temperature due to thermal fluctuations,
but the creation of thin tubular extensions, associated with a
large change in membrane curvature, requires the generation
of active stresses.

Another main mechanical characteristic of a membrane is
its tension σ , henceforth called the in-plane tension. The in-
plane tension of the membrane resists an increase in membrane
area, and is a measurement of how taut the membrane is.
Anything that increases the apparent surface area of the lipid
bilayer, for example cell adhesion to the substrate or hypo-
osmotic shock treatment, will increase membrane tension,
while de-adhesion or hyper-osmotic shock will lower tension.
Indeed, a membrane with an apparent area of A0, as seen
for instance by an optical microscope, has in reality a larger
(true) area, which is proportional to the number of lipids.
In liposomes, since the number of lipids does not change
during membrane stretching, the tension ratio between a
vesicle having an apparent area A0 and the same vesicle
stretched to an apparent area A0 + "A is of entropic origin,
and comes from the reduction of membrane fluctuations
upon stretching. It is therefore a function of the membrane
bending rigidity and the temperature according to: σ/σ0 =
e
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where κ is the membrane bending stiffness discussed
above [15]. This expression cannot be directly used for cells,
because the cell membrane is not at thermal equilibrium and
is subjected, amongst other things, to cytoskeletal forces.
Furthermore the number of lipids can change due to membrane
exchange processes like exo and endocytosis. Nevertheless,
this expression illustrates that variations of the apparent area
of a cell are likely correlated with variations of its membrane
tension on short time-scales, before cellular processes of active
tension adjustment come into play.

The interplay between membrane bending rigidity and
membrane tension in defining membrane shape and energy
can be seen by studying thin membrane tubules such as those
formed by the local application of an external force pulling
on the membrane. Neglecting membrane deformation at both
ends of the tubule and assuming that it is a perfect cylinder
of radius rt and length Lt , the deformation energy of the
tubular membrane takes into account the cost of bending the
membrane and working against membrane tension: Et =
(πLtκ/rt )+2πrtLtσ . If the tubule is empty, its optimal radius
is when the tube energy is minimized: (∂Et/∂rt ) = 0 =
−

#
πLtκ/r2

t
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+ 2πLtσ , leading to rt =

√
κ/2σ . Inserting the

optimal radius back into the tube energy, and differentiating
with respect to the tubule length gives the force: ft =
(∂Et/∂rLt ) = π

√
2κσ + π

√
2κσ = 2π

√
2κσ . This

expression illustrates that the force necessary to create a thin
membrane tubule depends on both the membrane tension and
its stiffness.

However with κ = 20 kBT and an average
cellular membrane tension value of about 100 pN µm−1 (see
section 2.3.2), rt is small, about 20 nm. Cellular protrusions
such as filopodia are filled with actin, and the membrane radius
of curvature is typically much larger than rt , meaning that the
cost of curving the membrane is less important. For larger
cellular structures such as lamellipodia, the curvature does
not change much as the cell crawls forward, and therefore

membrane curvature is likewise not important for leading edge
dynamics. However actin assembling beneath the membrane
to push it forward in both kinds of cellular structures will still
have to work against the membrane tension. It is therefore
key to measure the membrane tension in order to understand
lamellipodia and filopodia dynamics.

2.2. Cell tension is a combination of membrane tension and
cortical tension

The caveat is that the membrane often interacts tightly with the
actin cytoskeleton, and thus distinguishing the contribution of
each component to the overall tension of the cellular interface
is not straightforward. The experimental difficulty of probing
just the membrane has sometimes lead to a confusion between
the ideas of membrane tension, cortical tension and cell
tension, terms that specify different parameters but are often
mistakenly used interchangeably. In-plane membrane tension
reflects only the properties of the lipid bilayer, independent
of how the bilayer interacts with the underlying cytoskeleton.
Cortical tension on the other hand is a measure only of the
isolated acto-myosin network, without the membrane. Cell
tension is the combination of membrane tension and cortical
tension, and is the most experimentally accessible parameter.

To understand why membrane and cortical tensions add up
to counteract large-scale cellular deformation (σcell = σmem +
σcor, zoom on the cortex in figure 1), we must consider that the
cortex and the membrane are connected by molecular linkers.
These linkers are put under tension when the membrane moves
away from the cortex. The force per unit area of the cortex-
membrane connection is proportional to the force per linker
times the linker density flinkρlink. The pressure difference "P
between the exterior and the interior of the cell acts essentially
on the membrane since the cortex is a permeable structure that
can sustain little osmotic or hydrostatic pressure. Therefore,
a force balance (per unit area) on the membrane implies
"P = σmemC + flinkρlink, where C is the local curvature.
However the linkers are themselves put under tension by
the cortical tension σcor created by acto-myosin contraction,
implying flinkρlink = σcorC. Combining these two relations
leads to the generalized Laplace law "P = (σmem + σcor)C,
which shows that the membrane and cortical tension contribute
additively to the overall cell tension [16]. This relation explains
perhaps why it has been observed that membrane tension in
resting neutrophils increases upon myosin inhibition [17]. All
other things being equal, a decrease in σcor in the preceding
equation means that σmem must increase in compensation. One
can imagine that when the cellular contents are no longer
compressed by the active acto-myosin cortex, they expand,
flattening out membrane folds and increasing tension.

2.3. Experimental techniques for probing the cell membrane
and measuring membrane tension

2.3.1. Micropipette aspiration One way of probing membrane
properties is by micropipette aspiration (figure 1 and [18]).
For this the surface of a liposome or cell is sucked into
a ∼5 µm-diameter micropipette to make a hemispheric
protrusion, and the tension is calculated, knowing the amount
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spontaneously at room temperature due to thermal fluctuations,
but the creation of thin tubular extensions, associated with a
large change in membrane curvature, requires the generation
of active stresses.

Another main mechanical characteristic of a membrane is
its tension σ , henceforth called the in-plane tension. The in-
plane tension of the membrane resists an increase in membrane
area, and is a measurement of how taut the membrane is.
Anything that increases the apparent surface area of the lipid
bilayer, for example cell adhesion to the substrate or hypo-
osmotic shock treatment, will increase membrane tension,
while de-adhesion or hyper-osmotic shock will lower tension.
Indeed, a membrane with an apparent area of A0, as seen
for instance by an optical microscope, has in reality a larger
(true) area, which is proportional to the number of lipids.
In liposomes, since the number of lipids does not change
during membrane stretching, the tension ratio between a
vesicle having an apparent area A0 and the same vesicle
stretched to an apparent area A0 + "A is of entropic origin,
and comes from the reduction of membrane fluctuations
upon stretching. It is therefore a function of the membrane
bending rigidity and the temperature according to: σ/σ0 =
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where κ is the membrane bending stiffness discussed
above [15]. This expression cannot be directly used for cells,
because the cell membrane is not at thermal equilibrium and
is subjected, amongst other things, to cytoskeletal forces.
Furthermore the number of lipids can change due to membrane
exchange processes like exo and endocytosis. Nevertheless,
this expression illustrates that variations of the apparent area
of a cell are likely correlated with variations of its membrane
tension on short time-scales, before cellular processes of active
tension adjustment come into play.

The interplay between membrane bending rigidity and
membrane tension in defining membrane shape and energy
can be seen by studying thin membrane tubules such as those
formed by the local application of an external force pulling
on the membrane. Neglecting membrane deformation at both
ends of the tubule and assuming that it is a perfect cylinder
of radius rt and length Lt , the deformation energy of the
tubular membrane takes into account the cost of bending the
membrane and working against membrane tension: Et =
(πLtκ/rt )+2πrtLtσ . If the tubule is empty, its optimal radius
is when the tube energy is minimized: (∂Et/∂rt ) = 0 =
−
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+ 2πLtσ , leading to rt =
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optimal radius back into the tube energy, and differentiating
with respect to the tubule length gives the force: ft =
(∂Et/∂rLt ) = π
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2κσ . This

expression illustrates that the force necessary to create a thin
membrane tubule depends on both the membrane tension and
its stiffness.

However with κ = 20 kBT and an average
cellular membrane tension value of about 100 pN µm−1 (see
section 2.3.2), rt is small, about 20 nm. Cellular protrusions
such as filopodia are filled with actin, and the membrane radius
of curvature is typically much larger than rt , meaning that the
cost of curving the membrane is less important. For larger
cellular structures such as lamellipodia, the curvature does
not change much as the cell crawls forward, and therefore

membrane curvature is likewise not important for leading edge
dynamics. However actin assembling beneath the membrane
to push it forward in both kinds of cellular structures will still
have to work against the membrane tension. It is therefore
key to measure the membrane tension in order to understand
lamellipodia and filopodia dynamics.

2.2. Cell tension is a combination of membrane tension and
cortical tension

The caveat is that the membrane often interacts tightly with the
actin cytoskeleton, and thus distinguishing the contribution of
each component to the overall tension of the cellular interface
is not straightforward. The experimental difficulty of probing
just the membrane has sometimes lead to a confusion between
the ideas of membrane tension, cortical tension and cell
tension, terms that specify different parameters but are often
mistakenly used interchangeably. In-plane membrane tension
reflects only the properties of the lipid bilayer, independent
of how the bilayer interacts with the underlying cytoskeleton.
Cortical tension on the other hand is a measure only of the
isolated acto-myosin network, without the membrane. Cell
tension is the combination of membrane tension and cortical
tension, and is the most experimentally accessible parameter.

To understand why membrane and cortical tensions add up
to counteract large-scale cellular deformation (σcell = σmem +
σcor, zoom on the cortex in figure 1), we must consider that the
cortex and the membrane are connected by molecular linkers.
These linkers are put under tension when the membrane moves
away from the cortex. The force per unit area of the cortex-
membrane connection is proportional to the force per linker
times the linker density flinkρlink. The pressure difference "P
between the exterior and the interior of the cell acts essentially
on the membrane since the cortex is a permeable structure that
can sustain little osmotic or hydrostatic pressure. Therefore,
a force balance (per unit area) on the membrane implies
"P = σmemC + flinkρlink, where C is the local curvature.
However the linkers are themselves put under tension by
the cortical tension σcor created by acto-myosin contraction,
implying flinkρlink = σcorC. Combining these two relations
leads to the generalized Laplace law "P = (σmem + σcor)C,
which shows that the membrane and cortical tension contribute
additively to the overall cell tension [16]. This relation explains
perhaps why it has been observed that membrane tension in
resting neutrophils increases upon myosin inhibition [17]. All
other things being equal, a decrease in σcor in the preceding
equation means that σmem must increase in compensation. One
can imagine that when the cellular contents are no longer
compressed by the active acto-myosin cortex, they expand,
flattening out membrane folds and increasing tension.

2.3. Experimental techniques for probing the cell membrane
and measuring membrane tension

2.3.1. Micropipette aspiration One way of probing membrane
properties is by micropipette aspiration (figure 1 and [18]).
For this the surface of a liposome or cell is sucked into
a ∼5 µm-diameter micropipette to make a hemispheric
protrusion, and the tension is calculated, knowing the amount
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spontaneously at room temperature due to thermal fluctuations,
but the creation of thin tubular extensions, associated with a
large change in membrane curvature, requires the generation
of active stresses.

Another main mechanical characteristic of a membrane is
its tension σ , henceforth called the in-plane tension. The in-
plane tension of the membrane resists an increase in membrane
area, and is a measurement of how taut the membrane is.
Anything that increases the apparent surface area of the lipid
bilayer, for example cell adhesion to the substrate or hypo-
osmotic shock treatment, will increase membrane tension,
while de-adhesion or hyper-osmotic shock will lower tension.
Indeed, a membrane with an apparent area of A0, as seen
for instance by an optical microscope, has in reality a larger
(true) area, which is proportional to the number of lipids.
In liposomes, since the number of lipids does not change
during membrane stretching, the tension ratio between a
vesicle having an apparent area A0 and the same vesicle
stretched to an apparent area A0 + "A is of entropic origin,
and comes from the reduction of membrane fluctuations
upon stretching. It is therefore a function of the membrane
bending rigidity and the temperature according to: σ/σ0 =
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where κ is the membrane bending stiffness discussed
above [15]. This expression cannot be directly used for cells,
because the cell membrane is not at thermal equilibrium and
is subjected, amongst other things, to cytoskeletal forces.
Furthermore the number of lipids can change due to membrane
exchange processes like exo and endocytosis. Nevertheless,
this expression illustrates that variations of the apparent area
of a cell are likely correlated with variations of its membrane
tension on short time-scales, before cellular processes of active
tension adjustment come into play.

The interplay between membrane bending rigidity and
membrane tension in defining membrane shape and energy
can be seen by studying thin membrane tubules such as those
formed by the local application of an external force pulling
on the membrane. Neglecting membrane deformation at both
ends of the tubule and assuming that it is a perfect cylinder
of radius rt and length Lt , the deformation energy of the
tubular membrane takes into account the cost of bending the
membrane and working against membrane tension: Et =
(πLtκ/rt )+2πrtLtσ . If the tubule is empty, its optimal radius
is when the tube energy is minimized: (∂Et/∂rt ) = 0 =
−
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+ 2πLtσ , leading to rt =
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optimal radius back into the tube energy, and differentiating
with respect to the tubule length gives the force: ft =
(∂Et/∂rLt ) = π

√
2κσ + π
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2κσ . This

expression illustrates that the force necessary to create a thin
membrane tubule depends on both the membrane tension and
its stiffness.

However with κ = 20 kBT and an average
cellular membrane tension value of about 100 pN µm−1 (see
section 2.3.2), rt is small, about 20 nm. Cellular protrusions
such as filopodia are filled with actin, and the membrane radius
of curvature is typically much larger than rt , meaning that the
cost of curving the membrane is less important. For larger
cellular structures such as lamellipodia, the curvature does
not change much as the cell crawls forward, and therefore

membrane curvature is likewise not important for leading edge
dynamics. However actin assembling beneath the membrane
to push it forward in both kinds of cellular structures will still
have to work against the membrane tension. It is therefore
key to measure the membrane tension in order to understand
lamellipodia and filopodia dynamics.

2.2. Cell tension is a combination of membrane tension and
cortical tension

The caveat is that the membrane often interacts tightly with the
actin cytoskeleton, and thus distinguishing the contribution of
each component to the overall tension of the cellular interface
is not straightforward. The experimental difficulty of probing
just the membrane has sometimes lead to a confusion between
the ideas of membrane tension, cortical tension and cell
tension, terms that specify different parameters but are often
mistakenly used interchangeably. In-plane membrane tension
reflects only the properties of the lipid bilayer, independent
of how the bilayer interacts with the underlying cytoskeleton.
Cortical tension on the other hand is a measure only of the
isolated acto-myosin network, without the membrane. Cell
tension is the combination of membrane tension and cortical
tension, and is the most experimentally accessible parameter.

To understand why membrane and cortical tensions add up
to counteract large-scale cellular deformation (σcell = σmem +
σcor, zoom on the cortex in figure 1), we must consider that the
cortex and the membrane are connected by molecular linkers.
These linkers are put under tension when the membrane moves
away from the cortex. The force per unit area of the cortex-
membrane connection is proportional to the force per linker
times the linker density flinkρlink. The pressure difference "P
between the exterior and the interior of the cell acts essentially
on the membrane since the cortex is a permeable structure that
can sustain little osmotic or hydrostatic pressure. Therefore,
a force balance (per unit area) on the membrane implies
"P = σmemC + flinkρlink, where C is the local curvature.
However the linkers are themselves put under tension by
the cortical tension σcor created by acto-myosin contraction,
implying flinkρlink = σcorC. Combining these two relations
leads to the generalized Laplace law "P = (σmem + σcor)C,
which shows that the membrane and cortical tension contribute
additively to the overall cell tension [16]. This relation explains
perhaps why it has been observed that membrane tension in
resting neutrophils increases upon myosin inhibition [17]. All
other things being equal, a decrease in σcor in the preceding
equation means that σmem must increase in compensation. One
can imagine that when the cellular contents are no longer
compressed by the active acto-myosin cortex, they expand,
flattening out membrane folds and increasing tension.

2.3. Experimental techniques for probing the cell membrane
and measuring membrane tension

2.3.1. Micropipette aspiration One way of probing membrane
properties is by micropipette aspiration (figure 1 and [18]).
For this the surface of a liposome or cell is sucked into
a ∼5 µm-diameter micropipette to make a hemispheric
protrusion, and the tension is calculated, knowing the amount
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spontaneously at room temperature due to thermal fluctuations,
but the creation of thin tubular extensions, associated with a
large change in membrane curvature, requires the generation
of active stresses.

Another main mechanical characteristic of a membrane is
its tension σ , henceforth called the in-plane tension. The in-
plane tension of the membrane resists an increase in membrane
area, and is a measurement of how taut the membrane is.
Anything that increases the apparent surface area of the lipid
bilayer, for example cell adhesion to the substrate or hypo-
osmotic shock treatment, will increase membrane tension,
while de-adhesion or hyper-osmotic shock will lower tension.
Indeed, a membrane with an apparent area of A0, as seen
for instance by an optical microscope, has in reality a larger
(true) area, which is proportional to the number of lipids.
In liposomes, since the number of lipids does not change
during membrane stretching, the tension ratio between a
vesicle having an apparent area A0 and the same vesicle
stretched to an apparent area A0 + "A is of entropic origin,
and comes from the reduction of membrane fluctuations
upon stretching. It is therefore a function of the membrane
bending rigidity and the temperature according to: σ/σ0 =
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where κ is the membrane bending stiffness discussed
above [15]. This expression cannot be directly used for cells,
because the cell membrane is not at thermal equilibrium and
is subjected, amongst other things, to cytoskeletal forces.
Furthermore the number of lipids can change due to membrane
exchange processes like exo and endocytosis. Nevertheless,
this expression illustrates that variations of the apparent area
of a cell are likely correlated with variations of its membrane
tension on short time-scales, before cellular processes of active
tension adjustment come into play.

The interplay between membrane bending rigidity and
membrane tension in defining membrane shape and energy
can be seen by studying thin membrane tubules such as those
formed by the local application of an external force pulling
on the membrane. Neglecting membrane deformation at both
ends of the tubule and assuming that it is a perfect cylinder
of radius rt and length Lt , the deformation energy of the
tubular membrane takes into account the cost of bending the
membrane and working against membrane tension: Et =
(πLtκ/rt )+2πrtLtσ . If the tubule is empty, its optimal radius
is when the tube energy is minimized: (∂Et/∂rt ) = 0 =
−
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+ 2πLtσ , leading to rt =
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κ/2σ . Inserting the

optimal radius back into the tube energy, and differentiating
with respect to the tubule length gives the force: ft =
(∂Et/∂rLt ) = π

√
2κσ + π

√
2κσ = 2π
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2κσ . This

expression illustrates that the force necessary to create a thin
membrane tubule depends on both the membrane tension and
its stiffness.

However with κ = 20 kBT and an average
cellular membrane tension value of about 100 pN µm−1 (see
section 2.3.2), rt is small, about 20 nm. Cellular protrusions
such as filopodia are filled with actin, and the membrane radius
of curvature is typically much larger than rt , meaning that the
cost of curving the membrane is less important. For larger
cellular structures such as lamellipodia, the curvature does
not change much as the cell crawls forward, and therefore

membrane curvature is likewise not important for leading edge
dynamics. However actin assembling beneath the membrane
to push it forward in both kinds of cellular structures will still
have to work against the membrane tension. It is therefore
key to measure the membrane tension in order to understand
lamellipodia and filopodia dynamics.

2.2. Cell tension is a combination of membrane tension and
cortical tension

The caveat is that the membrane often interacts tightly with the
actin cytoskeleton, and thus distinguishing the contribution of
each component to the overall tension of the cellular interface
is not straightforward. The experimental difficulty of probing
just the membrane has sometimes lead to a confusion between
the ideas of membrane tension, cortical tension and cell
tension, terms that specify different parameters but are often
mistakenly used interchangeably. In-plane membrane tension
reflects only the properties of the lipid bilayer, independent
of how the bilayer interacts with the underlying cytoskeleton.
Cortical tension on the other hand is a measure only of the
isolated acto-myosin network, without the membrane. Cell
tension is the combination of membrane tension and cortical
tension, and is the most experimentally accessible parameter.

To understand why membrane and cortical tensions add up
to counteract large-scale cellular deformation (σcell = σmem +
σcor, zoom on the cortex in figure 1), we must consider that the
cortex and the membrane are connected by molecular linkers.
These linkers are put under tension when the membrane moves
away from the cortex. The force per unit area of the cortex-
membrane connection is proportional to the force per linker
times the linker density flinkρlink. The pressure difference "P
between the exterior and the interior of the cell acts essentially
on the membrane since the cortex is a permeable structure that
can sustain little osmotic or hydrostatic pressure. Therefore,
a force balance (per unit area) on the membrane implies
"P = σmemC + flinkρlink, where C is the local curvature.
However the linkers are themselves put under tension by
the cortical tension σcor created by acto-myosin contraction,
implying flinkρlink = σcorC. Combining these two relations
leads to the generalized Laplace law "P = (σmem + σcor)C,
which shows that the membrane and cortical tension contribute
additively to the overall cell tension [16]. This relation explains
perhaps why it has been observed that membrane tension in
resting neutrophils increases upon myosin inhibition [17]. All
other things being equal, a decrease in σcor in the preceding
equation means that σmem must increase in compensation. One
can imagine that when the cellular contents are no longer
compressed by the active acto-myosin cortex, they expand,
flattening out membrane folds and increasing tension.

2.3. Experimental techniques for probing the cell membrane
and measuring membrane tension

2.3.1. Micropipette aspiration One way of probing membrane
properties is by micropipette aspiration (figure 1 and [18]).
For this the surface of a liposome or cell is sucked into
a ∼5 µm-diameter micropipette to make a hemispheric
protrusion, and the tension is calculated, knowing the amount
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spontaneously at room temperature due to thermal fluctuations,
but the creation of thin tubular extensions, associated with a
large change in membrane curvature, requires the generation
of active stresses.

Another main mechanical characteristic of a membrane is
its tension σ , henceforth called the in-plane tension. The in-
plane tension of the membrane resists an increase in membrane
area, and is a measurement of how taut the membrane is.
Anything that increases the apparent surface area of the lipid
bilayer, for example cell adhesion to the substrate or hypo-
osmotic shock treatment, will increase membrane tension,
while de-adhesion or hyper-osmotic shock will lower tension.
Indeed, a membrane with an apparent area of A0, as seen
for instance by an optical microscope, has in reality a larger
(true) area, which is proportional to the number of lipids.
In liposomes, since the number of lipids does not change
during membrane stretching, the tension ratio between a
vesicle having an apparent area A0 and the same vesicle
stretched to an apparent area A0 + "A is of entropic origin,
and comes from the reduction of membrane fluctuations
upon stretching. It is therefore a function of the membrane
bending rigidity and the temperature according to: σ/σ0 =
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where κ is the membrane bending stiffness discussed
above [15]. This expression cannot be directly used for cells,
because the cell membrane is not at thermal equilibrium and
is subjected, amongst other things, to cytoskeletal forces.
Furthermore the number of lipids can change due to membrane
exchange processes like exo and endocytosis. Nevertheless,
this expression illustrates that variations of the apparent area
of a cell are likely correlated with variations of its membrane
tension on short time-scales, before cellular processes of active
tension adjustment come into play.

The interplay between membrane bending rigidity and
membrane tension in defining membrane shape and energy
can be seen by studying thin membrane tubules such as those
formed by the local application of an external force pulling
on the membrane. Neglecting membrane deformation at both
ends of the tubule and assuming that it is a perfect cylinder
of radius rt and length Lt , the deformation energy of the
tubular membrane takes into account the cost of bending the
membrane and working against membrane tension: Et =
(πLtκ/rt )+2πrtLtσ . If the tubule is empty, its optimal radius
is when the tube energy is minimized: (∂Et/∂rt ) = 0 =
−
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+ 2πLtσ , leading to rt =
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optimal radius back into the tube energy, and differentiating
with respect to the tubule length gives the force: ft =
(∂Et/∂rLt ) = π
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2κσ + π

√
2κσ = 2π

√
2κσ . This

expression illustrates that the force necessary to create a thin
membrane tubule depends on both the membrane tension and
its stiffness.

However with κ = 20 kBT and an average
cellular membrane tension value of about 100 pN µm−1 (see
section 2.3.2), rt is small, about 20 nm. Cellular protrusions
such as filopodia are filled with actin, and the membrane radius
of curvature is typically much larger than rt , meaning that the
cost of curving the membrane is less important. For larger
cellular structures such as lamellipodia, the curvature does
not change much as the cell crawls forward, and therefore

membrane curvature is likewise not important for leading edge
dynamics. However actin assembling beneath the membrane
to push it forward in both kinds of cellular structures will still
have to work against the membrane tension. It is therefore
key to measure the membrane tension in order to understand
lamellipodia and filopodia dynamics.

2.2. Cell tension is a combination of membrane tension and
cortical tension

The caveat is that the membrane often interacts tightly with the
actin cytoskeleton, and thus distinguishing the contribution of
each component to the overall tension of the cellular interface
is not straightforward. The experimental difficulty of probing
just the membrane has sometimes lead to a confusion between
the ideas of membrane tension, cortical tension and cell
tension, terms that specify different parameters but are often
mistakenly used interchangeably. In-plane membrane tension
reflects only the properties of the lipid bilayer, independent
of how the bilayer interacts with the underlying cytoskeleton.
Cortical tension on the other hand is a measure only of the
isolated acto-myosin network, without the membrane. Cell
tension is the combination of membrane tension and cortical
tension, and is the most experimentally accessible parameter.

To understand why membrane and cortical tensions add up
to counteract large-scale cellular deformation (σcell = σmem +
σcor, zoom on the cortex in figure 1), we must consider that the
cortex and the membrane are connected by molecular linkers.
These linkers are put under tension when the membrane moves
away from the cortex. The force per unit area of the cortex-
membrane connection is proportional to the force per linker
times the linker density flinkρlink. The pressure difference "P
between the exterior and the interior of the cell acts essentially
on the membrane since the cortex is a permeable structure that
can sustain little osmotic or hydrostatic pressure. Therefore,
a force balance (per unit area) on the membrane implies
"P = σmemC + flinkρlink, where C is the local curvature.
However the linkers are themselves put under tension by
the cortical tension σcor created by acto-myosin contraction,
implying flinkρlink = σcorC. Combining these two relations
leads to the generalized Laplace law "P = (σmem + σcor)C,
which shows that the membrane and cortical tension contribute
additively to the overall cell tension [16]. This relation explains
perhaps why it has been observed that membrane tension in
resting neutrophils increases upon myosin inhibition [17]. All
other things being equal, a decrease in σcor in the preceding
equation means that σmem must increase in compensation. One
can imagine that when the cellular contents are no longer
compressed by the active acto-myosin cortex, they expand,
flattening out membrane folds and increasing tension.

2.3. Experimental techniques for probing the cell membrane
and measuring membrane tension

2.3.1. Micropipette aspiration One way of probing membrane
properties is by micropipette aspiration (figure 1 and [18]).
For this the surface of a liposome or cell is sucked into
a ∼5 µm-diameter micropipette to make a hemispheric
protrusion, and the tension is calculated, knowing the amount
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